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ABSTRACT 
olymer-stabilized phospholipid nanodiscs are nanoscale, discoidal assemblies containing a 
central core of lipid bilayer stabilized in aqueous solution by an amphipathic copolymer belt. 
Recently, nanodiscs have been applied to the extraction of membrane proteins directly from cellular 
membranes. However, the rapid adoption of nanodisc technology for biomolecular studies has outpaced 
the communities understanding of the fundamental properties of nanodisc-forming polymers which 
influence nanodisc self-assembly, as well as the inherent properties of the nanodiscs themselves.  
In this study, the thermodynamics of nanodisc self-assembly have been probed in order to gain 
insights into the structural properties of existing and novel polymers which affect the self-assembly 
process. Subsequently, their application to solubilisation of biological membranes has been investigated, 
overcoming limitations of the current technology. Following these studies, investigations into the 
interaction of nanodiscs with pre-existing membranes at interfaces were performed, revealing how lipid 
exchange kinetics vary between nanodisc types. Furthermore, polymer-stabilised nanodiscs were 
observed to adsorb to lipid bilayers, enabling future surface-based studies of nanodisc-encapsulated 
membrane proteins. Finally, polymer-stabilized nanodiscs were shown to provide a soluble membrane 
surface for investigation of protein-lipid interactions. This has revealed a membrane-induced 
fibrilization of the bacterial lipoprotein YraP, providing clues as to its currently unknown function. 
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INTRODUCTION 
 
 THE IMPORTANCE OF BIOLOGICAL MEMBRANES 
ithin biology, membranes represent arguably the most fundamental and important 
interface, fulfilling both structural and functional roles in the cell. They are responsible 
for defining the boundary of the cell, as well as compartmentalization of cellular processes within 
organelles.1 In addition, membranes represent the interface through which signals must be mediated to 
elicit a response,2 whilst themselves being directly involved in cellular signaling.3 Membranes are 
directly involved in microbial infection,4,5 and antimicrobial resistance.6,7 Viruses must cross membranes 
in order to initially infect the host cell, while daughter virions must once again cross the membrane to 
propagate. 8–11 Drugs and therapies which target intracellular components must enter the cell through 
the membrane – either by hijacking an existing mechanism, or being encapsulated in a membrane-
permeable delivery system.12–14 Drugs that do not require entry to the cell for function will frequently 
interact with the extracellular face of the membrane to interact with signaling cascades to alter 
metabolism.15,16 Given the highly diverse roles that the membrane can assume, it is unsurprising that 
biological membrane research is a heavily studied field of paramount importance. 
 COMPOSITION, STRUCTURE AND PROPERTIES OF BIOLOGICAL MEMBRANES 
Biological membranes have diverse structures and architectures throughout nature, with variations 
between different organisms and cell types. However, all membranes share a common property in that 
they contain amphiphilic molecules, which have both hydrophobic ‘tail’ groups and hydrophilic ‘head’ 
groups. In the simplest case, a  surfactant monolayer will self-assemble at the air-liquid interface. Here, 
W 
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hydrophilic head groups will interact with the aqueous solvent, while the hydrophobic head groups 
protrude from solution. In biological systems, membranes take the form of a bilayer whereby 
hydrophobic tail groups are excluded from solution by flanking layers of hydrophilic head groups. In 
the following section, an overview of common classes of surfactants found in biological membranes 
will be introduced, before briefly discussing the variety of biological membrane architectures. Finally, 
the factors affecting the physical-chemical properties of membranes will be discussed. 
1.2.1 Chemical constituents of biological membranes 
Amongst the most common surfactants found in biological membranes are phospholipids. 
Phospholipids contain a core structure of a phosphodiacylglycerol (Figure 1.1a). The fatty acid tail 
groups which are esterified to the core glycerol consist of an aliphatic hydrocarbon chain with lengths 
between C12 and C24. The two fatty acid chains of the tail groups can be identical although are frequently 
asymmetric with differing degrees of unsaturation. The hydrophilic headgroup comprises the phosphate 
group which is covalently bound to  a range of groups (Figure 1.1b). The most abundant eukaryotic 
phospholipid head group is the zwitterionic phosphatidylcholine (PC), which can be responsible for 
more than 50% of phospholipids found in the membrane. Other headgroups include the zwitterionic 
phosphatidylethanolamine (PE) and anionic phosphatidyl-L-serine (PS) and phosphatidylglycerol (PG). 
In addition to these common lipid headgroups, monosaccharide phosphatidylinositol (PI) lipids are 
frequently employed in eukaryotic membranes where phosphorylation of the inositol ring at different 
positions elicits specific cellular signaling responses. Cardiolipin (CL) is a phospholipid unique to 
bacterial and mitochondrial membranes. CL contains two phosphodiacylglycerol groups which are 
covalently linked by ether bonds to an additional glycerol. When exposed to osmotic stress, bacteria will 
increase the proportion of CL in their membranes in order to bolster membrane rigidity.17 
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Figure 1.1. a. Chemical structures of backbones of common biological surfactants. b. Chemical 
structures of phospholipid headgroups found within biological membranes.  
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In addition to phospholipids, eukaryotic membranes also contain sphingolipids. Sphingolipids are 
characterized by their sphingosine backbone (Figure 1.1a), which can be acylated via an amide bond to 
a fatty acid chain to produce ceramides. Similarly to phospholipids, sphingolipids can have O-linked PC 
and PE headgroups, collectively known as sphingomyelins. Both phospholipids and sphingolipids can 
have one or more sugar residues bound to the lipid headgroups via the glycerol or sphingosine backbone 
to forming glycoglycerolipids and glycosphingolipids, respectively. To add further complexity to the 
composition of eukaryotic membranes, as much as 50 % of the membrane is composed of sterols.18 
Sterols are defined by a common aliphatic, poly-cyclic structure (Figure 1.1a). Like phospholipids and 
sphingolipids, sterols also have polar headgroup modifications and ‘tail’ modifications, although these 
are typically shorter than the fatty acid esters found on phospholipids and sphingolipids. Furthermore, 
the sterol backbone can exhibit different degrees of unsaturation. While proteobacteria contain no 
sphingolipids or sterols, they contain a unique class of lipid, lipopolysaccharide (LPS, Figure 1.1a). LPS 
is defined by a common ‘lipid A’ structure, where a disaccharide contains N- and O-linked, branched 
fatty acid chains.19 The structure of lipid A varies amongst species with respect to chain length and the 
number of fatty acid chains and frequently has long, repeating oligosaccharide chains conjugated to the 
lipid A headgroup.19 
1.2.2 Structures of biological membranes 
Given the diversity of chemical species present in membranes across different phylum, species and 
even cell type, it is unsurprising that the structural architecture of membranes follows a similar pattern 
of diversity. As the diversity across all membranes throughout the multitude of phylogenetic branches 
is beyond the scope of this thesis, here the discussion will be limited to standard eukaryotic and bacterial 
membranes. 
1.2.2.1 The eukaryotic plasma membrane 
Eukaryotes, by definition, contain subcellular organelles compartmentalized by membranes, 
although here the discussion will be limited to the plasma membrane, that which encapsulates the cell. 
Figure 1.2a shows a schematic of the eukaryotic plasma membrane. The precise composition varies 
CHAPTER 1 
 
5 
 
amongst cell type and species, although common features can be identified. The plasma membrane has 
a bilayer structure and is composed of phospholipids, sphingolipids, sterols and glycolipids.20 The 
plasma membrane displays a high degree of lipid asymmetry. For example, the inner, cytoplasmic leaflet 
is composed predominantly of PE, PS and PI lipids, while the outer leaflet is rich in PC and 
sphingomyelins.21 Additionally, glycolipids are exclusively present in the outer leaflet 22 where they 
provide recognition sites for immunological signalling.23 Abolishment of lipid asymmetry, either 
aberrant or deliberate, is associated with a range of disease states and cellular signaling events.21 
1.2.2.2 Bacterial membranes 
Compared to the eukaryotic plasma membrane, bacterial membranes display markedly different 
architectures and lipid composition. Gram-positive bacteria have an asymmetric single bilayer, with PI 
and PE present in the inner leaflet, PG lipids in the outer leaflet24 and cardiolipin in both leaflets.25 A 
unique outer-leaflet lipid to gram-positive bacteria is lipoteichoic acid, a diacylglycerol glycolipid with 
extended poly(phosphoglycerol) chains extending through a 40 – 80 nm thick peptidoglycan cell wall 
(Figure 1.3b).25,26 In contrast, Gram-negative bacteria contain two membranes separated by the 
periplasm which contains a thin peptidoglycan layer (Figure 1.3c). The inner membrane is 
predominantly composed of PG, PE and CL phospholipids distributed across both leaflets, although 
some species have recently been found to contain PI and PC lipids.27 The outer membrane, however, is 
highly asymmetric containing an inner leaflet of phospholipids and an outer leaflet of LPS,28,29 coating 
the outside of the bacterium with oligosaccharide chains crosslinked by divalent cations to serve as a 
protective barrier against osmotic stresses and antimicrobial agents.30 
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Figure 1.2. Schematics of biological membranes. a. A typical eukaryotic membrane. Phospholipids are 
depicted as orange, sterols as red, sphingolipids as green and glycosyl modifications to lipids are shown 
in yellow. b. A schematic of a Gram-positive membrane. The cell membrane is composed predominantly 
of phospholipids, shown in orange, with a thick cell wall formed of peptidoglycan, shown in purple. c. 
A schematic of the Gram-negative cell envelope. The inner membrane is composed of phospholipids, 
shown in orange, where a thin peptidoglycan layer resides in the periplasm, shown in purple. The outer 
membrane contains an inner leaflet composed of phospholipids, orange, and an outer leaflet of LPS, 
shown in yellow.  
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1.2.3 Physicochemical properties of membranes 
The complexity of membrane composition and architectures serves to control the physicochemical 
properties of the membrane. In discussing the influence of membrane composition on the membrane 
properties, we will start with the simplest model; that of a phospholipid monolayer at the air-water 
interface.  
1.2.3.1 Isothermal phase behaviour of Langmuir monolayers 
A lipid monolayer, or Langmuir monolayer, will spontaneously self-assemble when lipids are spread 
on the surface of an aqueous subphase. This is entropically driven by the hydrophobic effect such that 
the surface tension of the aqueous subphase is minimized, as described by the Gibbs adsorption 
isotherm,31 
𝛤 = −
1
𝑅𝑇
∙
𝑑𝛾
𝑑(ln(𝐶))
 
Where Γ represents the surface excess (the difference in the interfacial concentration compared that to 
a cross section through bulk solution, with units of µmol m-2), γ represents the surface tension, C 
represents the total concentration of surfactant, and R and T are the universal gas constant and 
temperature, respectively. 
If a known quantity of lipids at the air-liquid interface are contained within a defined area by 
impermeable barriers using a Langmuir trough, the surface pressure can be monitored as a function of 
area by means of the Wilhelmy plate where surface pressure, π, is defined as the difference between the 
surface tension of the subphase without surfactant, γsolvent, and that with surfactant present, γsolution, as 
given by,31 
𝜋 = 𝛾𝑠𝑜𝑙𝑣𝑒𝑛𝑡 − 𝛾𝑠𝑜𝑙𝑢𝑡𝑖𝑜𝑛 
Therefore, surface pressure-area (π-A) isotherms are a direct measure of interactions between surfactant 
molecules at the interface. Through these measurements, distinct regions can be identified which 
correspond to discreet lipid phases (Figure 1.3). Where the area per molecule is large enough so that 
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lipids are effectively non-interacting, they behave as an ideal gas exhibiting 2D diffusion, where there 
are no changes in surface tension of the subphase upon compression. 32,33 This is known as the gaseous 
(G) phase. Compression of the monolayer leads to Van der Waals and electrostatic interactions between 
interfacial lipids as they behave as a liquid, and they pass through a transition to the liquid-expanded 
phase (LE). Here, interactions are still weak and so the tails still display a high degree of disorder. 
Further compression leads to a phase transition where a plateau is observed in the π-A isotherm as phase 
separation occurs between LE and liquid-condensed (LC) phases in coexistence at equilibrium with each 
other.32,33 This can be seen as a quasi-crystalline ordering through X-ray diffraction measurements as 
lipids become packed together and tails become aligned with a uniform tilt.34 As the monolayer is 
compressed further still, it passes through a phase transition from the coexistence region to the LC phase 
and then to the condensed phase (C), where the interactions between lipids resembles that of a solid 
material. Here, lipids are packed together so tightly that the tails are perpendicular to the interface34 and 
the most force is required to compress the monolayer.32,33 Compression beyond C-phase leads to 
collapse, where the monolayer buckles, folds into sections of bilayer protruding into the subphase and 
can bud into vesicular bilayers.35 While challenging to measure directly, it has been estimated that the 
lateral pressure acting on biological bilayers is approximately 30 mN m-2,36 placing them within the LC 
phase for most mixed Langmuir monolayers studied.  
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Figure 1.3. A typical surface pressure-area isotherm for a Langmuir monolayer of phospholipids at the 
air-water interface. Regions of the isotherm corresponding to each phase are labelled along with 
schematic representations of lipid phases.  
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1.2.3.2 Thermotropic phase behaviour of lipid bilayers 
Most of the understanding of the phase behaviour of lipid bilayers comes from thermotropic phase 
transitions (Figure 1.4). At low temperatures, membranes exist in a gel phase. In this phase, the lipids 
are closely packed together exhibiting ordered packing of the tails perpendicular to the plane of the 
bilayer, limiting their lateral diffusion through the membrane.37 Depending on the ratio of the headgroup 
and tail volumes, this can either be the Lß or the Lßʹ phase, distinguished by the tilt of the tails. For 
example, PE lipids have a small headgroup, therefore will pack as a hexagonal array of cylinders with 
the tails perpendicular to the plane of the membrane (Lß phase) . PC lipids, however, have a larger 
headgroup and will therefore exhibit a tilted orientation (Lßʹ phase) for optimal packing.38  As 
temperature increases, membranes in the Lßʹ phase pass through a pre-transition, TP, to the ripple phase, 
Pßʹ.  This is characterized by an observable out of plane, static oscillation with alternating regions tending 
more towards either gel or fluid phase. Increasing temperature further, the membrane will cross the gel-
to-liquid phase transition temperature, Tm, and the membrane will enter the fluid phase, Lα.37 For 
membranes in the Lß phase, this transition proceeds directly to Lα without passing through Pßʹ.39 When 
in the liquid phase, the lateral diffusion of lipid molecules is greatly increased and tails show the least 
amount of ordering. This can increase the permeability of the membrane to hydrophilic solutes,40 
increases membrane fusion events,41 and also accelerates the rate of lipids transitioning between bilayer 
leaflets in a process known as ‘flip-flop’.42 
The plasticity of cells requires membranes to be in this fluid phase and as such the cell will alter the 
lipid composition of the membranes to maintain an optimum fluidity 43–45. Bilayers containing a higher 
proportion of long-chain, unsaturated lipids will have a higher Tm than those containing greater quantities 
of short chain, unsaturated lipids due to the increased Van der Waals contacts possible between lipids in 
the bilayer requiring more thermal energy to overcome. The incorporation of sterols in the membrane 
also has a pronounced influence of the bilayer phase. Intercalation of sterols amongst lipid tails leads to 
the formation of the liquid-ordered (LO) phase which can be reached from either the gel or fluid phase 
to form a coexistence of LO with either Lα or Lß/ Lßʹ.46 Within this phase, the bilayer has properties 
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between that of the Lα and Lß phases, displaying more order than in Lα but retaining a high lateral 
mobility.47,48 This property means sterols are often employed as a fluidity ‘buffer’ to ensure the 
membrane maintains at optimum fluidity.49 However, the complex lipid composition of biological 
membranes can lead to phase separation, with high Tm lipids and cholesterol-rich LO phase regions 
clustering  in gel-like ‘islands’ amongst a fluid ‘ocean’. These regions are known as lipid rafts.50 The 
biological significance of lipid rafts remains controversial, although recent evidence points toward 
important roles in signaling and viral infection51 with evidence from molecular dynamics simulations 
suggesting roles in membrane permeability.52 
 
Figure 1.4. Schematic of thermotropic phases and phase transitions experienced by phospholipid 
bilayers.  
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1.2.3.3 Membrane polymorphism and curvature 
As alluded to above, the relative volumes of the lipid head and tail groups influence the membrane 
properties, not only in terms of thermotropic phase behaviour, but also by defining membrane curvature 
and polymorphism (Figure 1.5). Curvature of an aqueous suspension of an individual lipid moiety can 
be estimated by the critical packing parameter, σ, given by 
𝜎 =
𝑣𝑚
𝑎ℎ ∙ 𝑙𝑐
 
Where the packing is dependent on the ratio of the molecular volume, vm, to the product of the headgroup 
area, ah, and the tail length given fully extended acyl chains, lc.53  Where σ < 1/3, assemblies will be 
formed exhibiting positive curvature, ie, curving away from the aqueous phase. Where σ  ≈ 1, planar 
lamellar assemblies are formed and where σ  > 1, the membranes will exhibit negative curvature. Both 
the headgroup and tail properties therefore influence membrane curvature. Saturated PC and PS lipids 
can be approximated as cylindrical molecules so can pack within a planar lamellar assembly. Similarly, 
PE and phosphatidic acids are relatively small headgroups and can be approximated as ‘wedge’ shape, 
therefore membranes will display negative curvature and larger headgroups such as PI, approximated as 
a conical shape, enforce positive curvature.54 As the packing parameter depends on the overall molecular 
volume, unsaturated acyl chains will increase the molecular volume compared to an otherwise 
equivalent saturated variant. Therefore, unsaturated lipids can also encourage greater curvature and have 
been shown to facilitate membrane deformation.55  Cellular mechanisms can exploit the inherent 
curvature induced by enrichment in specific lipids where membrane curvature is required. For example, 
plant cells can form highly curved cylindrical protrusions of the plasma membrane which fuse with 
adjacent cells.56 These tubular protrusions are highly enriched in sterols and long-chain saturated 
sphingolipids which are proposed to stabilize the high degree of membrane curvature. However, as 
discussed above, biological membranes contain a complex lipid content. For a heterogeneous membrane 
to exhibit curvature then an asymmetry between bilayer leaflets is required, ie, lipids favouring positive 
curvature on one leaflet and lipids favouring negative curvature in the other. However, the fluidity 
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requirement of biological membranes results in flip-flop of lipids between leaflets, abolishing 
asymmetry such that the membrane would exhibit no net curvature.57 It is for this reason that cells must 
actively maintain lipid asymmetry to favour curvature, in addition to direct mechanical action on the 
membrane mediated by the final universal constituent of biomembranes: membrane proteins.57 
 
Figure 1.5. Schematic representation of lipid shapes as defined by the critical packing parameter, and 
the membrane curvature induced by the molecular shape of lipids within the membrane.  
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 MEMBRANE PROTEINS 
Thus far, we have limited the discussion of biological membranes to the lipid content. However, 
membranes also contain membrane proteins responsible for a host of structural, signaling and catalytic 
functions. In the following section membrane proteins will be introduced, categorized by their 
interaction with the membrane and structural properties, with examples given in each case. Following 
this, the challenges involved in membrane protein solubilization and isolation will be discussed whilst 
highlighting the poor nature of classical ‘head and tail’ detergents in mimicking the role of lipids within 
the membrane. 
1.3.1 Structural and functional diversity of membrane proteins 
Membrane proteins can be grouped into two broad categories based on their interaction with the 
membrane: transmembrane proteins that cross both leaflets of the bilayer (bitopic), peripheral membrane 
proteins that interact with a single leaflet (monotopic) or only with the membrane surface. While first 
proposed along with the ‘fluid-mosaic’ model of cellular membranes in 1972 by Singer and Nicholson,45 
this broad classification has largely held true to date.  
1.3.1.1 α-helical transmembrane proteins 
The transmembrane (TM) spanning component of integral membrane proteins is most frequently 
composed of a short, hydrophobic α-helix which is approximately 25 residues in length. α-helical 
membrane proteins can either contain a single TM helix, or can contain several TM helices connected 
by alternating cytoplasmic and extracellular hydrophilic loops in order to form a TM α-helical bundle. 
G-protein coupled receptors (GPCRs) are a common example which have a characteristic 7 TM helical 
bundle structure (Figure 1.6).58 In proteins containing a TM bundle, hydrophobic side chains are present 
along one face of the helix solubilizing the protein within hydrophobic core of the bilayer. Hydrophilic 
side chains tend to be found within the core of the TM bundle, stabilizing the interior of the TM region 
by partitioning of hydrophilic groups by the hydrophobic effect. In the case of GPCRs mentioned above, 
ionic locks are formed between adjacent helices within the bundle.59 This ionic interaction stabilizes 
CHAPTER 1 
 
15 
 
particular conformations of the bundle during receptor activation to enable G-protein coupling and 
initiation of intracellular signaling cascades. This is in contrast to globular soluble proteins where the 
tertiary structure is also stabilized by the hydrophobic effect, although by formation a hydrophobic core, 
with polar, peripheral side chains interacting with the aqueous solvent.60  
The structures and functions of α-helical membrane proteins are diverse. As well as cellular signaling 
receptors as mentioned above, selective ion channels, such as the KcsA potassium channel, frequently 
contain a tetrameric TM bundle, where each KcsA monomer contains 2 TM helices connected by a short 
monotopic helix, which arrange to form a gated aqueous pore through the membrane (Figure 1.6).61 
Similarly, voltage-gated sodium ion channels form a transmembrane tetrameric helical bundle through 
the membrane, although each monomer contains 6 TM helices (Figure 1.6).62 In both cases, ion 
specificity is provided by loops within the core of the bundle, and conductance is achieved by a voltage 
or pH induced re-arrangement of the TM bundle to provide an aqueous channel into the cytoplasm.61–63  
α-helical TM proteins can also use pH gradients across membranes to function in an enzymatic 
fashion. The F1/F0 ATP synthase (Figure 1.6) couples the energy released upon proton diffusion down a 
concentration gradient, the proton motive force (PMF), to ATP synthesis. The membrane spanning F0 
domain is a large multi-component complex containing the ‘a’ subunit, forming a transmembrane protein 
channel from 5 TM helices and a single amphipathic helix, the ‘b’ homodimer forming an extended 
helical coiled-coil and a ring of 8 – 15 ‘c’ subunits,64 each containing 2 TM helices.65 Flow of protons 
through F0 leads to a rotation of the c-ring which is coupled via a coiled-coil stalk (the γ subunit) to the 
soluble F1 ATPase domain, resulting in ATP syntheses. Crucially, the F1/F0 complex can function in 
reverse as an ATPase, with ATP hydrolysis causing rotation of the c-ring and generation of a proton 
motive force by the active pumping of protons against the pH gradient. 
As a final example, α-helical TM proteins can function as pumps for small molecules and proteins. 
The resistance-nodulation-cell division (RND) family of Gram-negative bacterial efflux pumps are 
responsible for PMF-dependent export of a host of antimicrobial agents and are a continued mechanism 
of antimicrobial resistance, presenting a global threat to human health.66,67 Of these multidrug efflux 
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pumps, the tripartite AcrAB-TolC system is among the best characterized (Figure 1.6).68–71 AcrB forms 
a homotrimer within the inner membrane of Gram-negative bacteria, where each monomer contains 12 
TM helices. The periplasmic domain of AcrB contains a large central pore where drugs to be exported 
are proposed to enter via solvent accessible channels from the periplasm or via binding sites within the 
TM bundle.68,69 The transient docking of AcrB to TolC mediated by the AcrA adapter protein70 allows a 
channel to form to the outside of the cell. Upon PMF-dependent conformational rearrangements of 
AcrB, drugs within the central cavity are actively pumped out of the bacterial cell.71 
1.3.1.2 β-barrel transmembrane proteins 
While the archetypal transmembrane protein was considered to be α-helical in structure, Gram-
negative bacteria, mitochondria and chloroplasts have been found to contain a high proportion of ‘ß-
barrel’ transmembrane proteins situated within the outer membrane (OM).72 In contrast to α-helices, ß-
strands require fewer residues to cross the membrane thanks to the extended backbone conformation, 
although the precise number varies depending on the tilt of the strand relative to the perpendicular vector 
through the membrane. The ß-barrel structure is formed as the backbone carbonyl and amide groups of 
each ß-strand will hydrogen bond with a neighbouring antiparallel strand to form a ß-sheet, and then 
wrap around to form a cylindrical arrangement so the maximum number of hydrogen bonds are formed 
between backbone residues. The extensive hydrogen bonding in ß-barrels confers a high level of 
stability.73,74 This stability is important given the subcellular location of ß-barrels. Being situated within 
the Gram-negative outer membrane means the bacterium can only control conditions on one face of the 
bilayer, so embedded proteins require high tolerance to a broad range of solution conditions.75  The 
stereochemistries of the side chains along each ß-strand means that each strand can be amphipathic, with 
one face containing hydrophobic residues, and the other face containing hydrophilic moieties.76 As with 
α-helical bundles, the final barrel structure is further stabilized by the hydrophobic effect with exclusion 
of hydrophilic residues to the interior of the barrel,  allowing hydrophobic residues to maintain solubility 
within the nonpolar bilayer core. 
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The hydrophilic interior of ß-barrels is utilized in their frequent roles as pores. OmpF is one of the 
most highly expressed outer membrane proteins (OMPs) in Gram-negative bacteria, containing a 16-
strand ß-barrel which self-associate into a functional trimer (Figure 1.6).77–80 The core of each barrel 
forms an aqueous channel through the OM, allowing bidirectional diffusion of small hydrophilic 
molecules in and out of the periplasm, including antibiotics such as ß-lactams and colicins.81 The TolC 
component of the AcrAB-TolC system discussed above contains an outer membrane ß-barrel, although 
here the barrel is formed from a homotrimer of TolC (Figure 1.6).70,71 Each monomer commits 4 adjacent 
antiparallel ß-strands to the barrel, where a large helical domain is formed within the periplasmic loops. 
Upon assembly of the TolC trimer and docking with AcrAB, a continuous pore of ~ 30 Å diameter is 
formed through the periplasm and the outer membrane allowing efflux of a broad range of antimicrobial 
drugs. 70,71 
Due to the segregation of the outer membrane from the sites of protein synthesis in the periplasm, 
Gram-negative bacteria contain an elegant OM biogenesis pathway enabling folding and insertion of 
nascent OMPs. Newly synthesized proteins destined for the OM are first secreted into the periplasm 
where unfolded OMPs are bound to periplasmic chaperones. Chaperone-bound OMPs are then delivered 
to the ß-barrel assembly machinery (Bam) complex at the OM.82 The Bam complex itself contains the 
16-strand ß-barrel protein BamA, where additional domains are present within periplasmic loops.83,84 
BamA is associated with 4 lipoproteins, BamB-E (Figure 1.6). While the mechanism of Bam-mediated 
OMP insertion remains unclear, studies of a related mitochondrial ß-barrel protein, the sorting and 
assembly machinery (Sam), have suggested that the nascent OMP is delivered into the core of the BamA 
barrel where folding occurs.85 As ß-strands form, they complex within the ß-barrel of BamA, expanding 
the total diameter of the barrel.83 The folded OMP then dissociates from the Bam complex whereby 
lateral diffusion through the OM is permitted.85 
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1.3.1.3 Peripheral membrane proteins 
The final category of membrane proteins are peripheral membrane proteins. These proteins will only 
interact with a single leaflet of the bilayer, though this is achieved by a variety of mechanisms. 
Monotopic α-helical proteins contain a short α-helix which embeds into the bilayer. A monotopic α-helix 
can be hydrophobic, where it will embed into an individual leaflet perpendicular to the bilayer, or can 
be amphipathic in nature, embedding into the bilayer parallel to the bilayer surface at the interface 
between the hydrophilic lipid head groups and the hydrophobic lipid acyl chains. Cytochrome P450 3A4 
(CYP3A4) is a membrane-anchored haem-containing enzyme that contains both hydrophobic and 
amphipathic monotopic helices. Membrane insertion of CYP3A4 has been proposed to lead to 
conformational rearrangement to change substrate access routes to the catalytic haem-containing site.86 
This suggests that monotopic helices may play roles extending beyond simply providing localization to 
the membrane. 
Another mechanism by which peripheral membrane proteins can become anchored in the membrane 
is by means of an acylation site. Here, post translational modification of sulfhydryl groups in cysteine 
residues with hydrophobic alkyl modifications such as palmitoyl and isoprenyl groups,87,88 N-terminal 
modification by the addition of myristoyl groups,89 or the C-terminal addition of 
glycosylphosphatidylinositol (GPI)90 function to target proteins to the membrane. A well characterized 
example of lipid-modified proteins are members of the Ras GTP-ase family. Ras proteins function in 
transferring signals between the plasma membrane and the Golgi membrane. While, permanently 
isoprenylated with a farnesyl group, this group is insufficiently hydrophobic to provide a stable 
membrane anchor for an otherwise globular, soluble protein. Membrane localization is achieved by 
means of palmitoylation upon transient interaction with the plasma membrane. In order to dissociate 
from the plasma membrane, Ras becomes depalmitoylated, allowing trafficking to the Golgi, where it 
again becomes palmitoylated, leading to a stable interaction with the Golgi membrane.91 
Many peripheral membranes can transiently interact with the membrane by means of charged 
residues forming binding sites for specific lipid head groups. The phospholipase A2 superfamily are a 
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category of peripheral membrane-activated enzymes responsible for cleavage of lipid acyl chains with 
roles in inflammation signaling. These enzymes show a transient membrane interaction where they bind 
membrane associated lipid substrates. Hydrophobic residues penetrate into the core of the bilayer 
interacting non-specifically with a portion of the lipid acyl chain. The headgroup specificity varies 
between PLA2 enzymes, but is mediated by either basic residues in enzymes binding anionic lipids, or 
aromatic residues in PLA2s binding zwitterionic lipids.92  
Finally, as mentioned above, peripheral membrane proteins play an important role in inducting 
membrane curvature. One such example are proteins containing the BAR (Bin/Amphimysin/Rvs) 
domain. The BAR domain is present in several proteins involved in sensing or inducing membrane 
curvature during the early stages of clathrin-mediated endocytosis, forming a functional dimer with a 
curved structure.93 The concave face of the BAR dimer contains a high density of basic, positively 
charged residues which enable binding to negatively charged lipids.94 Additionally, each BAR domain 
within the dimer contains an amphipathic helix which is proposed to lead to membrane binding.95 The 
incorporation of an amphipathic helix into the membrane itself will lead to a kink in the membrane plane 
at the point of insertion. Furthermore, the curved domain structure induces a highly curved membrane 
architecture, where BAR domains have been shown to form membrane tubules of ~ 30 nm radius.96  
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1.3.2 Challenges in membrane protein research and detergent-mediated 
solubilization 
Given the diverse cellular functions of membrane proteins, they are frequently targeted for structural 
and functional characterization. However, studies of membrane proteins are not without challenges. A 
metric by which to judge the difficulty in studying membrane proteins is the number of membrane 
protein depositions within the protein data bank (PDB). At the time of writing, the total number of 
protein coordinate entries within the PDB is 143840,97 of which only 2619 are membrane proteins, ie, 
1.8 % of the total number of protein entries.98 To make matters worse, when looking at the number of 
unique membrane protein depositions the total number of entries decreases to 817.  
The classical approach to studying proteins usually relies on isolation of the protein of interest. For 
membrane proteins, this poses a particular challenge. Membrane proteins are highly amphiphilic 
molecules, whereby the regions outside of the membrane are hydrophilic so as to be able to hydrogen 
bond with water molecules, and the membrane interacting region is hydrophobic to maintain stability 
within the hydrophobic core of the bilayer. To further complicate matters, there are often residues that 
form specific interactions with lipids or membrane components. It is becoming increasingly apparent 
that lipids play a key role in membrane protein stability and function.99–102 
In order to study membrane proteins in isolation, they need to be extracted from the membrane. This 
has predominantly been achieved with detergents: amphiphilic surfactants which, like lipids, contain 
polar and hydrophobic regions.103–105 However, rather than lipids which self-assemble into bilayers in 
biomembranes, detergents generally self-assemble into micelles when present in solution above a 
‘critical micelle concentration’ (CMC), defined as the surfactant concentration beyond which there is no 
further decrease in surface tension. It is this property which has led to their use in membrane protein 
extraction. The hydrophobic detergent tails replace that of the lipid annulus around the protein, the polar 
headgroups satisfy the hydrogen bonding requirements for solubility in aqueous solution, all whilst 
being maintained in a colloidal micellar structure. 
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As ideal as this sounds in principle, in practice, detergents encompass problems of their own. Despite 
being amphipathic, the ‘harsh’ nature of detergents will often not maintain membrane proteins in a native 
conformation leading to precipitation, aggregation or stabilization of a non-physiological structure. As 
alluded to above, membrane proteins will require specific interactions with lipid molecules to maintain 
stability. The micellar nature of the protein-detergent micelle can prevent this interaction. Detergent tails 
can approach the hydrophobic region of the protein parallel to the plane of the membrane in contrast to 
lipid tails which will largely sit perpendicular. This reduces the contact area between protein and 
amphiphile, and can also allow detergents to bury into the protein, disrupting secondary and tertiary 
structure. In addition, the lipid composition of the membrane is important for membrane protein stability 
and function.106,107 For example, eukaryotic membranes containing cholesterol can allow pi-pi stacking 
interactions between the protein and the cholesterol, and headgroups can form stabilizing non-covalent 
interactions with residues at the membrane periphery.108 Cholesterol and sphingolipid-rich lipid rafts act 
to modify the membrane fluidity and thickness within discreet microdomains which can favour 
incorporation of longer TM regions or post translational acyl groups, effectively targeting proteins to 
discrete regions of the membrane.109 Indeed, in the relatively few atomic resolution structures that have 
been determined of membrane proteins, many contain tightly bound lipids which have not been stripped 
by detergent.110–112 Molecular dynamics simulations have shown that even on the short time-scale of the 
simulation, detergents can render the protein near unrecognizable in structure.113 This highlights the poor 
nature of detergents as lipid replacements whilst emphasizing the intrinsic requirement that membrane 
proteins have for lipids. 
 ALTERNATIVE SOLUTIONS TO CLASSICAL SURFACTANTS 
1.4.1 Artificial bilayers 
The poor nature of detergents as lipid replacements has provided the motivation for the development 
of non-classical detergents and methods which aim to solubilize membrane proteins whilst providing a 
more native-like environment, or at least causing less structural or functional perturbations as a result of 
removal from the native bilayer. Arguably the simplest of these ‘membrane mimetic’ systems is the 
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artificial bilayer. Synthetic or naturally extracted phospholipids can be used to form bilayers, into which 
membrane proteins can be reconstituted upon removal of detergent. There are several permutations of 
the artificial bilayer. Proteoliposomes are a common solution, often used for measuring transport of a 
substrate across a membrane, such as with ATP-binding cassette (ABC) transporters.114 The advantage 
here is that the protein retains a near-native lipid environment whilst only having one side accessible to 
the bulk solvent, allowing different conditions within the interior of the liposome. Examples of the 
application of proteoliposomes include using the compartmentalization of the interior of the vesicle to 
create a PMF across the membrane. This strategy has been successfully used to study secretion by the 
bacterial holo-translocon.115 Similarly to proteoliposomes, membrane proteins can be reconstituted into 
black lipid membranes (BLMs). These are planar membranes which self-assemble across a small pore. 
Typical applications of BLMs have been to study ion channel activity by electrochemical assays 
whereby the movement of ions from one side of the BLM to the other by the channel of interest results 
in a measurable current.116 
A more recent use of artificial bilayers has been to create planar supported bilayers on a surface 117,118. 
Like proteoliposomes and BLM’s, supported bilayers allow the membrane protein of interest to exist in 
a native-like environment. Supported lipid bilayers (SLBs) are commonly used for binding assays using 
surface-sensitive techniques such as surface plasmon resonance (SPR) for drug discovery 
applications.119–121 SLBs have also been used to measure ion channel activity.122 Thus far, the 
applications of artificial planar bilayers have been primarily limited to functional studies, with high 
resolution structural information proving difficult to obtain due to the intrinsic polydispersity of these 
systems. However, there have been recent advances made using supported bilayers to obtain structural 
information on embedded membrane proteins using neutron reflectometry.123 One such example is the 
measurement of domain shifts in the Tam complex, involved in outer membrane protein folding upon 
self-assembly of the complex in a lipid bilayer.124 Further supported membrane mimetic systems have 
been developed and structurally characterized. Using a combination of magnetic and isotopic contrast 
spin polarized neutron reflectometry, a model of the gram-negative bacterial inner and outer membrane 
has been reconstructed at the solid-liquid interface.125 Not only does this allow structural information to 
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be gained on the large-scale organization of the bacterial membrane, but has allowed the investigation 
of antibiotic interactions with model gram-negative envelopes to determine the influence of membrane 
phase on antibiotic efficacy.126  An exciting potential application could be to use these accurate mimetic 
systems to reconstitute membrane proteins and obtain large scale structural and functional data of 
purified components in a realistic asymmetric membrane environment.   
1.4.2 Bicelles 
While artificial bilayers provide a more native-like phospholipid environment for the protein being 
studied compared to detergent micelles, their large size, transient stability and inherent polydispersity 
makes them practically challenging. To address some of the issues with membrane protein reconstitution 
in proteoliposomes whilst maintaining membrane proteins within a phospholipid environment, short 
chain detergents have been developed to reconstitute the membrane protein within a ‘bicelle’.127  
Bicelles are self-assembled discoidal structures containing a central core of planar lipid bilayer, where 
the hydrophobic core of the bilayer is stabilized by a radial detergent micelle (Figure 1.7a). The choice 
of detergent is critical for bicelle self-assembly. The detergent forming the micellar rim of the bicelle 
should have a conical molecular shape with a packing parameter ensuring positive curvature of 
micelles.128 Most commonly, 1,2-dihexanoyl-sn-phosphatidylcholinie (DHPC) or CHAPSO detergents 
have been used in combination with 1,2-dimyristoyl-sn-phosphatidylcholine (DMPC) phospholipids for 
bicelle self-assembly (Figure 1.7b).129  
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Figure 1.7. a. A schematic representation of a bicelle formed from a planar phospholipid bilayer, shown 
in orange, which is stabilised by a radial short-chain detergent micelle, shown in green. b. Chemical 
structures of detergents (CHAPSO, DHPC) and phospholipids (DMPC) frequently used for the self-
assembly of bicelles. 
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Bicelles have been shown to substantially enhance the stability of membrane proteins compared to 
detergent micelles, likely due to the increased similarity to native membranes than provided in a pure 
detergent micelle. This has resulted in bicelles being applied in crystallographic studies of membrane 
proteins, where stability is an important factor. Bacteriorhodopsin, a 7TM archaeal proton pump, was 
the first membrane protein crystallized using bicelles, allowing the structure to be solved to 2.0 Å 
resolution.130 Since then, there has been a steady increase in the number of crystallographic membrane 
protein structures determined from bicelles.129,131 Notable examples include the human ß-adrenergic 
receptor, the first structure of a human GPCR,132 structural characterization of a voltage gated sodium 
ion channel allowing identification of sequential conformational states during a complete conductance 
cycle to be obtained,133,134 and the first structure of the transmembrane BamA subunit of the Bam 
complex.135 A recent proof-of-principal experiment has demonstrated the applicability of bicelles to 
microcrystal generation, where the de novo structure of bacteriorhodopsin was solved to 2.1 Å resolution 
using serial femtosecond crystallography (SFX).136 
The structure of the bicelle assemblies is heavily dependent on two parameters: the ratio of short-
chain detergent to phospholipid, and temperature. Discoidal bicelles are only formed below the Tm of 
the phospholipid, and within a narrow ratio of detergent:phospholipid.129 With increasing detergent 
concentration for a given quantity of phospholipids, or decreasing temperature, bicelles pass through 
various morphological phases, from vesicles with detergent-lined perforations, planar lamellar bilayers, 
elongated, tubular mixed micelles, and finally discoidal bicelles.137,138 The complex phase behaviour of 
bicelles can be utilized, with elongated and lamellar phases displaying magnetic alignment properties 
for structural studies by solid-state NMR spectroscopy, while small, fast tumbling discoidal bicelles 
have been used to elucidate structural details of TM helices within a bicelle by solution state NMR.  
Investigations into the structural properties of phospholipids within bicelles shows that the tail 
ordering rapidly decreases with increasing detergent concentration.139 In addition, a decrease in the 
apparent DMPC Tm was observed as DHPC concentration was increased beyond equimolar 
concentrations with DMPC.140 These results suggest that the bicelle experiences mixing between the 
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micellar rim and the bilayer core at high detergent concentrations, despite retaining a molar ratio 
consistent with a discoidal morphology. The effect of this mixing is an alteration to the physicochemical 
properties of the phospholipid bilayer within the bicelle. Therefore, whilst bicelles provide an improved 
membrane mimetic over pure detergent micelles, the short chain detergents used may still induce 
perturbations in membrane protein structure and function, either through direct protein-detergent 
interactions or by modifying the physicochemical properties of the phospholipid bilayer. 
1.4.3 Amphipols 
In a similar strategy to bicelles, amphipathic co-polymers have been developed, termed amphipols, 
which are able to stabilize the hydrophobic TM region of membrane proteins, whilst maintaining 
interactions with the aqueous solvent in a manner similar to classical detergents (Figure 1.8a).141 The 
archetypal amphipol, A8-35 is synthesized from poly(acrylic acid) where ~25 % of the acid groups are 
modified with N-octyl chains, ~40 % with N-isopropyl chains and the remainder remain as acid groups 
(Figure 1.8b). These modifications are statistically distributed along the length of the polymer chain.142 
Due to the amphipathic nature imparted on amphipols from their chemical modifications, their behaviour 
in solution shares similarities to classical detergents. For example, A8-35 has been shown to form 
micellar-like assemblies when above a critical assembly concentration in solution, similar to the CMC 
discussed for ‘head-and-tail’ detergents above.143 However, the polymeric nature of amphipols means 
that the cumulative interactions of hydrophobic acyl chains with hydrophobic TM regions of membrane 
proteins results in a thermodynamic equilibrium with much slower dissociation rates and higher binding 
affinities than would be obtained with classical detergents.142 This has the practical benefit that once the 
membrane protein-amphipol complex has assembled, the amphipol concentration in solution does not 
need to be maintained above a ‘CMC’ to prevent dissociation of the amphiphile from the membrane 
protein.144,145 However, inclusion of a small excess of amphipol in solution can prevent formation of 
soluble aggregates by disrupting protein-protein interactions between amphipol-solubilized membrane 
proteins.144–146 While the amphipol-protein interaction is stable, it can be disrupted in the presence of 
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competing surfactants.147 The practical significance of this is that membrane proteins can be easily 
transferred between amphipols and detergent micelles, or reconstituted into lipid bilayers.147,148 
The stabilization of membrane proteins by amphipols in aqueous solution by wrapping of the 
amphipol chain around the hydrophobic TM region of the membrane protein results in a similar lateral 
pressure as provided by the membrane fluidity in the native membrane environment.149 This has been 
shown to lead to stabilization of the membrane protein structure by minimizing conformational 
perturbations and fluctuations.150,151 However, the conformational restraint imparted on the protein has 
been seen to inhibit function. This was observed with the Ca2+ ATPase from the sarcoplasmic reticulum, 
where a stabilization, but decreased dissociation of calcium ions occurred due to the restricted 
conformational changes possible within the amphipols.152 While high resolution structures have been 
obtained of membrane proteins solubilized in detergents by both cryo-transmission electron microscopy 
and macromolecular crystallography, the increased stability and decreased conformational fluctuations 
observed with amphipols make them ideal. Examples include a 3.4 Å resolution structure obtained by 
cryo-TEM of A8-35 stabilized TRPV1,153 and a 4.5 Å resolution structure of the human γ secretase.154 
In addition, bacteriorhodopsin has been crystallized by reconstitution into a monoolein lipidic cubic 
phase (LCP) from amphipols, demonstrating the applicability of amphipols for crystallographic 
studies.155 Furthermore, perdeuterated amphipols have been synthesized to improve compatibility with 
NMR and small-angle neutron scattering (SANS) studies, allowing proton correlations between the 
amphipol and membrane protein, or scattering from the amphipol to be masked, respectively.156 Aside 
from structural studies, amphipols are compatible with a wide range of applications, such as biophysical 
characterization using UV spectroscopy and analytical ultracentrifugation,157 surface adsorption for 
ligand binding studies,158,159 and amphipol-assisted membrane protein refolding.160 
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Figure 1.8. a. Schematic representation of membrane protein reconstitution into amphipols upon 
removal of detergent micelles. b. The chemical structure of amphipol A8-35. 
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However, despite the success of amphipols in stabilizing membrane proteins in aqueous solution, 
they are not without their limitations. Aside from the conformational restrictions imparted on stabilized 
membrane proteins discussed above, the chemical environment experienced by an amphipol stabilized 
membrane protein is more akin to that in detergent micelles rather than a lipid bilayer. The octylamine 
chains responsible for interaction with the hydrophobic TM region of the MP is substantially shorter 
than most acyl chains in biological lipids. Furthermore, the requirement of many membrane proteins for 
specific headgroups for activity or stability is not satisfied by amphipols, although lipids have been 
identified in complex with amphipol-membrane protein particles which could mitigate this limitation to 
a certain extent.161 
1.4.4 Membrane scaffold protein nanodiscs 
A similar strategy developed in parallel to amphipols has been the use of nanodiscs. Nanodiscs use 
the amphipathic ‘membrane scaffold protein’ (MSP) to form a belt around a discoidal segment of lipid 
bilayer.162 The first MSPs to be designed to form nanodiscs were derived from an amphipathic helical 
segment of the human ApoA1 lipoprotein.163 The amphipathic helical nature of ApoA1 allows nanodisc 
self-assembly upon incubation with phospholipids where the hydrophobic residues on one face of the 
helix interact with phospholipid tails, and hydrophilic residues on the opposite face interact with the 
aqueous solvent (Figure 1.9a). The nanodisc structure has been confirmed by NMR spectroscopy, 
electron microscopy, small-angle neutron and X-ray scattering and molecular dynamics simulations, 
finding bilayer thicknesses consistent with that expected for vesicular membranes.164–167 By modifying 
the amino acid sequence of ApoA1 by helical truncations, duplications or deletions to produce a range 
of MSPs,164 it has been shown that the size of the resultant nanodisc can be predicted according to the 
following relationship: 
𝑀 =
2(𝜋𝑟 + √𝜋𝑁𝑆)
𝐿
 
where M is the number of residues within the MSP belt, r is the mean radius of the helices within the 
MSP, N is the number of lipids per nanodisc, S is the mean surface area per lipid and L is the helical 
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pitch per MSP residue.168 Therefore, modified MSPs have been shown to form highly monodisperse 
nanodiscs between 8 to 16 nm diameter, consistent with this relationship.164,169 Once nanodiscs have 
been formed, no excess MSPs are required in solution to maintain intact particles, and in contrast to 
amphipols, without the formation of soluble aggregates.168 
Reconstitution of a detergent solubilized membrane protein within an MSP-nanodisc (Figure 1.9b) 
will both maintain solubility of the membrane protein upon subsequent removal of detergent, whilst 
keeping the protein within in a phospholipid bilayer 162,170. In addition, the Tm of MSP-stabilized bilayers 
was similar to that expected for vesicles, though broadened and slightly shifted due to decreased 
cooperativity and interaction with the MSP belt 171. This suggests a native-like membrane environment 
is experienced by a protein encapsulated within a nanodisc. This is in contrast to amphipols where the 
membrane protein is stabilized predominantly by amphipol-protein interactions. Additionally, no short-
chain detergents are present, as is the case with bicelles. As with all the membrane mimetics discussed 
so far, MSP-nanodiscs have been shown to impart a greater degree of stability to the encapsulated 
membrane protein compared to detergent alternatives 172.  
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Figure 1.9. a. The structure of MSP1D1-ΔH5 in the absence of phospholipid166 depicted as a grey 
ribbon. The semi-transparent molecular surface is coloured according to hydrophobicity, where red 
represents the most hydrophobic residues and blue the least hydrophobic, in terms of partitioning into 
lipid bilayers.173 b. Schematic of membrane protein reconstitution into MSP-nanodiscs. Incubation of 
detergent-solubilized membrane proteins with MSP and phospholipid vesicles and subsequent removal 
of detergent micelles leads to spontaneous assembly of MSP-nanodiscs containing the membrane protein 
within a phospholipid bilayer. 
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There have been a range of tags grafted to the MSP protein to allow for adsorption of MSP-nanodiscs 
to solid-phase substrates for application in antibody generation and binding studies using surface-
sensitive techniques. Biotinylated MSPs have been generated allowing membrane proteins encapsulated 
in MSP-nanodiscs to specifically adsorb to streptavidin resin. This has been applied to selecting 
conformationally specific synthetic antibody fragments from a phage-display library,174 which can in 
turn be used as ‘crystallization chaperones’ allowing stabilization of a specific conformational state 
whilst also providing an increased solvent accessible surface area for crystal contact formation.175 N-
terminal poly(histidine) tags can also be used to capture nanodiscs to immobilized metals on SPR chips 
allowing identification of binding affinities and specificities in a semi-high-throughput fashion. 176,177 In 
addition to specific binding to interfaces via affinity tags, MSP-nanodiscs have been shown to 
spontaneously align beneath a phospholipid monolayer at the air-water interface,178 and to silicon 
substrates at the solid-liquid interface.179 In both cases, a high coverage of nanodiscs were achieved at 
the surface where the nanodiscs were adsorbed such that the plane of the bilayer was parallel with the 
interface. This has allowed for structural investigation of the large scale conformational changes 
occurring in cytochrome P450 reductase encapsulated in MSP-nanodiscs upon introduction of 
NADPH.180 
As with bicelles and amphipols, membrane proteins solubilized within MSP-stabilized nanodiscs 
have been successfully applied to structural studies. There has been a large body of work utilizing NMR 
for structural elucidation of MSP nanodisc encapsulated membrane proteins,181 using both magic angle 
spinning solid state NMR182 and solution state NMR183 allowing, for example, the determination of the 
structure of OmpX to atomic resolution.184 Several membrane protein structures within MSP-nanodiscs 
have now been determined to near-atomic resolution using cryoTEM.185–188 Importantly, the presence of 
the bilayer and MSP belt did not skew alignment of the particles for 2D class averaging in any of these 
studies. The density of the bilayer can clearly be resolved in the electron density maps, even allowing 
identification of PI lipids within the ligand binding site of the non-selective cation channel TRPV1.186 
In addition, MSP nanodisc encapsulated bacteriorhodopsin has successfully been transferred to 
monoolein LCP for in meso crystallogenesis. This procedure was able produce diffracting crystals, 
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allowing structure determination to 1.9 Å, which is the highest resolution achieved to date using 
nanodiscs.189  
In addition to their application to TM proteins, MSP nanodiscs provide an ideal platform for 
investigating lipid-protein interactions of peripheral membrane proteins by providing a soluble 
membrane surface of controlled chemical composition and well defined size.190 Examples include 
determination of the effects of membrane charge as a regulating factor for integrin activation by the talin 
adapter protein,191 determination of membrane properties and binding modes which modulate the 
fibrilization of α-synuclein on MSP-nanodisc encapsulated membrane surfaces by NMR 
spectroscopy,192 and determining effects of oncogenic mutations on the orientation of KRAS4b on the 
membrane using NMR spectroscopy and bilayer interferometry.193 
However, as with the solutions discussed thus far, MSP-nanodiscs also have certain drawbacks. The 
most limiting factor of MSP-nanodiscs is the proteinaceous nature of the MSP belt. For spectroscopic 
applications such as far-UV circular dichroism, intrinsic fluorescence or Fourier transform infra-red 
(FTIR) spectroscopy, a significant contribution of the measured absorbance/fluorescence will be due to 
the MSP belt. While theoretically it is possible to subtract spectra obtained for MSP-nanodiscs 
containing only lipids, the uncertainty in determining precise concentrations makes this challenging if 
quantitative results are to be obtained. Additionally, the formation a discoidal structure relies heavily on 
the precise ratio of MSP:lipid. Under- or over-lipidation can lead to the formation of non-planar MSP-
lipid assemblies.194 The volume of the bilayer occupied by the encapsulated membrane protein will also 
need to be considered.168 While possible to experimentally determine optimal self-assembly conditions, 
initial estimates can be challenging for targets with no known structural information. 
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 POLY(STYRENE-CO-MALEIC ACID) LIPID PARTICLES: SMALPS 
Despite great strides being made in the developing alternative methods to classical detergents that 
maintain stability of the reconstituted, or solubilized, membrane protein in a more native-like 
environment, all the methods discussed so far suffer from a common limitation: the membrane protein 
in question must first be solubilized from the native membrane using classical detergents. While the 
solutions discussed thus far provide superior activity and stability once reconstituted, detergent 
extraction still presents a bottleneck due to potentially irreversible detergent-induced structural and 
functional perturbations. To address these issues, the past 9 years have seen the development of 
amphipathic poly(styrene-co-maleic acid) (SMA) copolymers (Figure 1.10a). When the maleic acid 
groups are deprotonated, above a pH of ~ 6.5, SMA is water-soluble and is able to assemble with 
phospholipid vesicles into nanodiscs: nanoscale, discoidal segments of phospholipid bilayer wrapped 
by an SMA polymer belt, presenting a hybrid approach between amphipols and MSP-nanodiscs. These 
SMA-stabilized nanodiscs have been termed SMA lipid particles (SMALPs).  
While it has been demonstrated that membrane proteins can be reconstituted into SMALPs from 
detergent micelles, similarly to amphipol and MSP-nanodiscs,195 they have the advantage that SMA is 
able to solubilize membrane proteins directly from native membranes.196 Once formed SMALPs, unlike 
detergents, do not require an excess of SMA in solution after solubilization to maintain the nanodisc 
structure 197–200. As SMA is able to extract membrane proteins directly from the native bilayer, they will 
keep the native lipid annulus intact throughout the solubilization and subsequent purification process 
201. This has enabled analysis of the local lipid environment of the Sec translocon to determine the 
necessity for anionic lipids for function of the complex 202. Furthermore,  SMALPs have been shown to 
maintain the stability and activity of membrane proteins better than detergent alternatives 201,203.  
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Figure 1.10. a. The chemical structure of the SMA copolymer. b. Schematic representation of a cross 
section through a DMPC-SMALP nanodisc. Dimensions are labelled as determined by SANS. c. A 
rendered model of a DMPC-SMALP. The zoomed region shows a schematic representation of the 
intercalation of styrene moieties within the phospholipid tails. 
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In addition to functional studies, SMALPs have been successfully employed in structural studies of 
membrane proteins. Examples include structural characterization using circular dichroism spectroscopy 
and analytical ultracentrifugation196 and high-resolution structural determination of the AcrB trimer and 
the alternative complex III by cryo-EM.204,205 High resolution solid state NMR spectra have been 
obtained for SMALP-CzcD, a bacterial cation diffusion facilitator allowing assignment of 2D and 3D 
spectra.206 This demonstrates the potential for SMALP solubilized proteins to be used for high resolution 
structural determination by solid state NMR. Furthermore, SMALP-solubilized bacteriorhodopsin has 
been successfully crystallized in meso by reconstitution into a LCP allowing structural determination to 
2.0 Å resolution.207 This structure shows no differences to a crystal structure obtained from a detergent 
solubilized preparation, but could be solved to a slightly higher resolution. 
1.5.1 Structural properties of SMALP nanodiscs 
The initial report of SMA-mediated solubilization of phospholipid vesicles demonstrated the 
formation of what appeared to be discoidal assemblies by negative-stain TEM. Despite the artefacts that 
can be introduced to lipidic samples, the nanodisc structure has since been validated. SANS 
measurements of SMALP nanodiscs containing DMPC confirmed the presence of discoidal 
assemblies.208 The model used to fit the data assumed a central cylindrical core comprised of anhydrous 
phospholipid tails, with a radial rim of hydrated SMA, and additional cylinders on either face of the core 
representing hydrated PC headgroups (Figure 1.10b). Dimensions of the central bilayer core are in close 
agreement with the thickness of DMPC bilayers obtained by X-ray diffraction. The overall diameter of 
SMALPs was found to be 9.4 nm with a 7.4 nm diameter phospholipid core.208 However, both SANS 
and TEM measurements suggest SMALP nanodiscs exhibit increased polydispersity compared to MSP-
nanodiscs.208 Given the apparent diameter of the phospholipid core, and taking the area per molecule for 
DMPC in a fluid phase bilayer as 60 Å2,209 would allow for a maximum of 71 DMPC molecules per 
bilayer leaflet encapsulated by the polymer. However, when taking into account optimal lipid packing, 
this is likely to be an overestimation. 
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The phospholipid bilayer within SMALPs is stabilized by embedding of the hydrophobic phenyl 
group of the styrene moiety into the hydrophobic acyl chains of the lipid bilayer, while the charged acid 
groups allow solubility to be maintained in aqueous solution. Polarized attenuated total reflectance 
(ATR) FTIR spectroscopy has suggested that the phenyl rings intercalate between the phospholipid tails, 
with the plane of the aromatic ring perpendicular to the plane of the bilayer (Figure 1.10c), possibly 
introducing structural distortions to the lipids in direct contact with the styrene moieties.208 SANS data 
suggests that the SMA belt does not penetrate into the bilayer core, likely due to the statistical 
arrangement of styrene and maleic acid moieties along the chain preventing extended hydrophobic 
poly(styrene) stretches embedding into the bilayer. 208 In the same study, it was shown that the maleic 
acid groups of SMA show an absorbance shift in polarised ATR-FTIR spectra.208 Furthermore, by using 
1H-1H Nuclear Overhauser Effect Spectroscopy (NOESY), interactions were observed between SMA 
and PC headgroups.208 These data suggest that styrene intercalates along the entire length of the lipid 
acyl chains and maleic acid groups interact both with the aqueous solvent and the hydrophilic 
headgroups.  
While it has not been possible to directly observe the conformation of SMA when interacting with 
lipids encapsulated within a nanodisc, the available data does allow speculation. When taking the 
number averaged molecular weight (Mn) of the SMA copolymer used in this study, as 7500 g/mol we 
can calculate a median degree of polymerization as 73 monomer units (taking into account the 2:1 ratio 
of styrene to maleic anhydride monomers). For a carbon-carbon bond length of 1.54 Å, this would mean 
the maximum extended length the polymer would be 226 Å. The circumference of the lipid core from 
SANS data can be calculated as 232 Å. This would potentially allow for an individual SMA polymer to 
wrap once around the lipid core, analogous to a polymeric ‘belt’. The statistical distribution of monomer 
units along the polymer chain, however, would lead to hydrophobic patches, which for a ‘belt’ polymer 
conformation would lead to solvent exposed non-polar regions of the polymer belt, leading to nanodisc 
aggregation. Furthermore, the high polydispersity of SMA would mean a large proportion of chains 
would be too short to adequately encapsulate a lipid core. A more likely polymer conformation would 
be to adopt a snake-like conformation to fully shield the hydrophobic lipid acyl chains and phenyl rings 
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from styrene moieties in the hydrophobic core, whilst positioning acid groups to interact with the 
aqueous solvent. This would require several polymer chains to interact with each nanodisc. This is 
supported by the apparent thickness of the SMA polymer rim, as determined by SANS, which is thicker 
than would be observed for an extended belt conformation. Additionally, as seen with polarized ATR-
FTIR and 1H-1H NOESY data, SMA interacts with the lipids across the entire length of the acyl chain 
whilst also interacting with the headgroups.208 This further supports a snake-like conformation over an 
extended belt conformation, where steric hinderance of multiple polymers, each wrapped as an extended 
belt around the lipid circumference would likely prevent interactions along the entire length of the lipid 
acyl chain. 
1.5.2 Mechanism of SMALP self-assembly 
With the adoption of SMALPs as a powerful membrane and membrane-protein solubilization 
strategy comes a requirement to understand the nanodisc self-assembly process. Initial studies 
demonstrated that SMA is able to solubilize phospholipids with greatest kinetic efficiency when above 
the lipid Tm, irrespective of lipid chain length or the presence of different lipid headgroups or tails, 
providing the distribution of lipid moieties are homogenous throughout the membrane.210,211 
Furthermore, by injecting SMA beneath a phospholipid monolayer, an increase in surface pressure was 
observed, suggesting adsorption of SMA to the air-water interface, either directly from the surface-
activity of SMA, or through interaction with the interfacial lipids.210 A greater increase in surface 
pressure was observed with lower initial surface pressures of the monolayer. These data suggest that a 
low lipid packing density and membrane fluidity within the Lα phase is required for solubilization by 
SMA. 
These observations lead to the proposal of a three-step model describing the solubilization of 
vesicular membranes by SMA (Figure 1.11).210 Initially, SMA will adsorb to the surface of the bilayer, 
driven by the thermodynamically favourable burying of styrene moieties within the acyl core, which is 
sufficient to overcome electrostatic repulsion between anionic lipid headgroups and maleic acid 
moieties. Notably, SMA adsorption to lipid monolayers was observed to be disrupted upon decreased 
CHAPTER 1 
 
40 
 
ionic strength, preventing counterions masking lipid/polymer charges, leading to increased electrostatic 
repulsion and therefore a weaker net thermodynamic driving force for membrane insertion provided by 
the hydrophobic effect.210 Once adsorbed, SMA inserts into the core of the bilayer, hence the requirement 
for a low lipid packing density and high fluidity for efficient solubilization. Finally, disruption of the 
bilayer by SMA insertion is proposed to lead to nanodisc formation. Recent coarse-grained molecular 
dynamics simulations have provided evidence in support of this model, where a rapid binding of SMA 
to the headgroup-tail interface was observed followed by a slower insertion of the remainder of the 
polymer.212 Membrane disruption was shown to occur due to increased internal pressure in the bilayer 
from polymer insertion and the presence of charged, hydrophilic acid groups within the otherwise 
hydrophobic core. This resulted in out-of-plane buckling of the bilayer and subsequent pore formation, 
leading to nanodisc self-assembly. 
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Figure 1.11. Schematic representation of the mechanism of SMALP self-assembly. Initially SMA 
polymers adsorb to the surface of the bilayer before embedding into the phospholipid tail core of the 
bilayer. This leads to structural perturbations to the bilayer structure which leads to the formation of 
SMALP nanodiscs. 
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1.5.3 Thermodynamics of SMALP self-assembly 
Given the evidence supporting the three-step self-assembly model, it is interesting to consider the 
underlying thermodynamics driving nanodisc self-assembly. Despite not containing the classic ‘head-
and-tail’ detergent structure, SMA can still be considered detergent-like, due to the alternating regions 
of hydrophobic and hydrophilic groups. Treating SMA as a detergent allows the pseudophase model to 
be applied to provide a thermodynamic description of nanodisc self-assembly.213  
The pseudophase model describes the transition of lipid and surfactants between bilayer and micellar 
phases. At a given concentration of lipid, cL, with no surfactant present, all lipids will exist in a bilayer 
phase. Increasing the concentration of surfactant, cs, leads to a transition from the bilayer range to the 
coexistence range,  which contains a mixture of lipids and surfactant in the bilayer and micellar phases 
in equilibrium. The phase transition boundary between these two phases is the saturation (SAT) 
boundary, where all bilayers are embedded with the maximum quantity of surfactant before transitioning 
to the micellar phase. Increasing cL further leads to a second phase transition from the coexistence range 
to the micellar range, where the solubilization (SOL) boundary defines the minimum amount of 
surfactant required for a given concentration of lipid to be entirely in the micellar phase. This scheme 
allows the construction of a phase diagram where the phase SAT and SOL phase boundaries are 
described by linear equations in the form of: 
𝑐𝑠
𝑆𝐴𝑇 = 𝑐𝑠
𝑎𝑞,0 + 𝑅𝑠
𝑏,𝑆𝐴𝑇𝑐𝐿 
𝑐𝑠
𝑆𝑂𝐿 = 𝑐𝑠
𝑎𝑞,0 + 𝑅𝑠
𝑚,𝑆𝑂𝐿𝑐𝐿 
Where 𝑐𝑠
𝑆𝐴𝑇 and 𝑐𝑠
𝑆𝑂𝐿 describe the surfactant concentrations at the SAT and SOL boundaries, 
respectively. 𝑅𝑠
𝑏,𝑆𝐴𝑇
  and 𝑅𝑠
𝑚,𝑆𝑂𝐿
  describe the molar ratios of surfactant to lipid at each phase boundary. 
𝑐𝑠
𝑎𝑞,0
 describes the concentration of monomeric surfactant in solution in equilibrium with the bilayer 
and micellar phases: 
𝑐𝑠
𝑎𝑞,0 = 𝐶𝑀𝐶 ∙
𝑅𝑠
𝑚,𝑆𝑂𝐿
𝑅𝑠
𝑏,𝑆𝐴𝑇  
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The above molar ratios are identically equal to the ratio of mole fractions of surfactant to lipid at the 
saturating or solubilizing breakpoint: 
𝑅𝑠
𝑏,𝑆𝐴𝑇 =
𝑐𝑠
𝑆𝐴𝑇
𝑐𝐿
𝑆𝐴𝑇 ≡
𝜒𝑠
𝑏,𝑆𝐴𝑇
𝜒𝐿
𝑏,𝑆𝐴𝑇 
𝑅𝑠
𝑚,𝑆𝑂𝐿 =
𝑐𝑠
𝑆𝑂𝐿
𝑐𝐿
𝑆𝑂𝐿 ≡
𝜒𝑠
𝑏,𝑆𝑂𝐿
𝜒𝐿
𝑏,𝑆𝑂𝐿 
Rearrangement of this identity allows calculation of mole fractions of the surfactant in the bilayer 
and micellar phases at the saturating and solubilizing break points: 
𝜒𝑠
𝑏,𝑆𝐴𝑇 =
𝑅𝑠
𝑏,𝑆𝐴𝑇
1 + 𝑅𝑠
𝑏,𝑆𝐴𝑇 
𝜒𝑠
𝑚,𝑆𝑂𝐿 =
𝑅𝑠
𝑚,𝑆𝑂𝐿
1 + 𝑅𝑠
𝑚,𝑆𝑂𝐿 
This in turn allows the calculation of the equilibrium molar partition coefficients describing the ratios 
of surfactant, 𝐾𝑠
𝑏→𝑚, or lipid, 𝐾𝐿
𝑏→𝑚, between the micellar and bilayer phases at equilibrium: 
𝐾𝑠
𝑏→𝑚 =
𝜒𝑠
𝑚,𝑆𝑂𝐿
𝜒𝑠
𝑏,𝑆𝐴𝑇  
𝐾𝐿
𝑏→𝑚 =
1 − 𝜒𝑠
𝑚,𝑆𝑂𝐿
1 − 𝜒𝑠
𝑏,𝑆𝐴𝑇  
As micelle self-assembly is spontaneous, the micellar phase is favoured over the bilayer phase, 
therefore 𝐾𝑆
𝑏→𝑚 > 1 and 𝐾𝐿
𝑏→𝑚 < 1. From these equilibrium partition coefficients, the molar Gibbs 
energy changes associated with the micelle to bilayer transition can be calculated for the surfactant, 
∆𝐺𝑠
𝑏→𝑚, and the lipid, ∆𝐺𝐿
𝑏→𝑚: 
∆𝐺𝑠
𝑏→𝑚 = −𝑅𝑇𝑙𝑛(𝐾𝑠
𝑏→𝑚) 
∆𝐺𝐿
𝑏→𝑚 = −𝑅𝑇𝑙𝑛(𝐾𝐿
𝑏→𝑚) 
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Where the universal gas constant, R = 8.314 J∙mol-1∙K-1, T is the temperature in Kelvin, and the Gibbs 
energy change is defined as the sum of the enthalpic and entropic changes at a given temperature: 
∆𝐺 = ∆𝐻 − 𝑇∆𝑆 
For a thermodynamically favourable process ∆𝐺 < 0 while for a thermodynamically unfavourable 
process, ∆𝐺 > 0. 
The pseudophase model has been shown to adequately describe the solubilization of phospholipid 
vesicles by SMA, treating the nanodisc phase as the micellar phase. By titrating large unilamellar 
vesicles of 1-palmitoyl-2-oleyol-sn-phosphatidylcholine (POPC) 213 or DMPC 214 with SMA, it has been 
shown that independently of the lipids acyl chain length or degree of unsaturation, SMALP self-
assembly is driven by a negative Gibbs energy of the polymer interacting with phospholipids. 
Phospholipids show a small positive Gibbs energy change upon solubilization into nanodiscs, indicating 
a less favourable free-energy environment experienced within nanodiscs compared to that experienced 
in vesicles. However, the negative energy change associated with SMA is enough to negate the 
unfavorability of lipid incorporation. As SMA concentration is increased above 𝑐𝑠
𝑆𝑂𝐿, the diameter of 
SMALPs decreases from ~ 50 to ~ 10 nm, as the increased polymer partitions amongst the available 
phospholipid to maximize the SMA-lipid interactions. However, the phospholipid composition of the 
membrane does influence the favourability of SMALP self-assembly. Tail unsaturation results in larger 
negative ∆𝐺𝑠
𝑏→𝑚 values, as does the increased proportion of PE to PC headgroups.214 This supports 
kinetic studies discussed above in suggesting reduced lipid packing order results in more efficient 
solubilization. In comparison to kinetic studies, where SMA-mediated solubilization of gel-phase 
membranes resulted in slower solubilization into nanodiscs, the Gibbs energy of transitions for both 
lipids and polymer were more favourable when below the Tm of the lipids.  
1.5.4 Membrane properties within SMALP nanodiscs 
In assessing how close of a mimic an SMA-encapsulated lipid membrane is compared to a native 
membrane, a useful parameter is whether membranes within SMALPs retain the phase transition 
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temperatures as experienced in vesicular preparations. In differential scanning calorimetry 
measurements, DMPC SMALPs show a slight decrease in the Tm from 24 to 23℃, although show a 
substantial broadening.208 This has been proposed to be a result of decreased cooperativity within the 
restricted number of lipids within the bilayer and interactions between SMA and DMPC. Interestingly, 
31P-NMR measurements have shown when solubilizing Lßʹ phase membranes, phosphorous in DMPC 
headgroups experience a downstream chemical shift more akin to that experienced in Lα membranes.214 
This is suggestive of an SMA-induced phase transition, possibly to an LO-like phase as a result of styrene 
intercalation. 
Vesicular membranes have been long known to undergo membrane fusion events and lipid exchange 
between membranes. The first evidence that lipid exchange occurs in SMALPs was observed when 
investigating SMALP adsorption to lipid monolayers at the air-water or silicon-water interfaces using 
neutron reflectometry.215 While changes in scattering intensity were observed, these could not be 
modelled by an increased interfacial thickness as would be expected for SMALP adsorption. Rather, the 
changes in scattering intensity could be accounted for by changing the isotopic contrast of the originally 
deuterated lipid monolayers to incorporate hydrogenous lipids from the nanodiscs. Subsequent studies 
have characterized lipid exchange in more detail and shown lipid exchange occurs between nanodiscs 
in solution much faster than for either vesicular membranes or MSP-nanodiscs.216 It has also been 
observed that the rate of lipid exchange varies as a function of ionic strength in solution, where increased 
Coulombic shielding at higher ionic strengths leads to an increase in the rate of exchange.217 The kinetics 
of lipid exchange between SMALPs can be described by a combination of a first-order rate constant 
describing monomeric lipid diffusion in aqueous solution between SMALPs and a second-order rate 
constant describing the rate of collisions between SMALPs, the latter of which is dominant with 
increasing SMALP concentration.216 
1.5.5 Influence of SMA chemistry on SMALP properties 
To date, there has been a broad range of SMA copolymers which have been used in the solubilization 
of synthetic and biological membranes. The majority of these have been commercially available 
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statistical copolymers synthesized by a radical polymerization of styrene and maleic anhydride (MAnh), 
forming poly(styrene-co-maleic anhydride) (SMAnh). SMAnh is then hydrolyzed under basic 
conditions resulting in conversion of anhydride groups to acid groups, yielding functional SMA. The 
continually stirring tank reactor (CSTR) method of SMAnh synthesis continually adds monomeric 
precursors whilst continually removing products. This results in a statistical arrangement of styrene and 
maleic anhydride along the length of the chain which is, in theory, equal to the ratio of monomeric 
precursors introduced to the reaction. Due to the increased reactivity of styrene radicals relative to MAnh 
radicals, a styrene end group can react with either another styrene or a maleic anhydride, however a 
MAnh end group can only react with styrene monomers. This results in a limited number of permitted 
monomeric triads in the resultant polymer, irrespective of the monomer ratio. An additional effect of the 
CSTR radical polymerization method is the broad polydispersity index (PDI) of the resultant polymer 
formulations, where PDI is defined as the ratio of the weight-averaged molecular weight, Mw, to the 
number averaged molecular weight, Mn: 
𝑃𝐷𝐼 =
𝑀𝑤
𝑀𝑛
 
SMA synthesis conditions therefore result in three variable factors which may influence the 
membrane solubilization properties: monomer ratio, chain length and polydispersity. While the effect of 
PDI is undoubtably important, limited control is available over the PDI of CSTR-synthesized polymers.  
The majority of studies using SMA to date have utilized SMA polymers containing either a 2:1 or 
3:1 ratio of styrene:maleic acid (SMA(2:1) or SMA(3:1), respectively). By increasing the styrene to 
maleic acid ratio, the hydrophobicity of the polymer is also increased. Not unsurprisingly, this has shown 
to lead to a more favourable ∆𝐺𝑠
𝑏→𝑚 for SMA(3:1) than SMA(2:1) in SMALP self-assembly.218 This is 
likely due to the increased influence of the hydrophobic effect in driving SMALP formation. However, 
in assessing the properties of the membrane encapsulated within the SMALP,  ∆𝐺𝐿
𝑏→𝑚 is more relevant 
in describing the thermodynamic perturbations experienced by the lipids during SMALP self-assembly. 
Here, a smaller thermodynamic penalty is experienced by lipids during SMALP self-assembly using 
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SMA(2:1) than SMA(3:1). Combined with reports that the lipid Tm is shifted to a lesser extent in 
SMA(2:1) nanodiscs than with more hydrophobic polymers, this suggests that the most native-like 
bilayer environment is provided by SMA(2:1) nanodiscs.219 In terms of kinetic efficiency, SMA(2:1) is 
the most efficient solubilize of phospholipid vesicles when compared to the more hydrophobic 
SMA(3:1) and SMA(4:1) polymers.220 Interestingly, the more hydrophilic SMA(1.4:1) is only able to 
solubilize vesicles at low pH, when the polymer is only partially charged.220 This suggests that effective 
solubilization requires a balance between hydrophobicity and charged groups. The emergence of 
SMA(2:1) as the most efficient and least detrimental nanodisc-forming polymer has been corroborated 
in their application to the solubilization of biological membranes and proteins, where SMA(2:1) was the 
most efficient in the solubilization of E. coli membranes.221 
The length of the SMA polymer chains also has a substantial influence on solubilization 
characteristics. It was observed that polymers where Mw ≥ 30 kDa were ineffective in solubilizing E. 
coli membranes and extracting membrane proteins, regardless of the monomer ratio.221 Given the broad 
PDI of commercially available polymers, a recent study has investigated the efficacy of different length 
polymers within commercial formulations. By fractionating polymers of different lengths by their 
relative solubility within acetone and hexane, it was shown that all SMA(2:1) polymers between 1.1 and 
4.6 kDa, and all SMA(3:1) polymers between 1.6 and 6.5 kDa were able to solubilize DMPC vesicles 
into nanodiscs. Interestingly, while the kinetic efficiency of solubilization and the rate of lipid exchange 
between nanodiscs is greatest for shorter polymers, longer polymers induce a smaller shift in the Tm of 
the encapsulated bilayer compared to nanodiscs formed with shorter chain polymers.  
1.5.6 Limitations of SMALP nanodiscs 
As with other membrane mimetic systems discussed above, SMALPs also have inherent limitations. 
Due to SMA requiring at least partial ionisation of the maleic acid groups for aqueous solubility, 
decreased pH below the lowest pKa of maleic acid (~ 6.0) leads to precipitation of both free SMA and 
SMALPs as the acid groups become protonated and the polymers aggregate into large globular 
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structures.222 This results in SMALPs, with or without encapsulated proteins, being limited to basic 
solution conditions.  
Secondly, coordination of divalent cations by the anionic acid groups of SMA has been proposed to 
lead to ionic cross-linking between polymer chains. This results in precipitation of both SMA and 
SMALPs. SMALPs have been shown to tolerate low concentrations (< 2 mM) of divalent cations in 
solution, and an increased ionic strength can increase tolerance to divalent cations to a limited extent. 
Nonetheless, this is particularly limiting for many functional studies of SMALP encapsulated membrane 
proteins where divalent cations are an essential cofactor. 
A limitation to solubilization of larger proteins and complexes is the restricted diameter of the lipid 
bilayer encapsulated within SMALPs. Based on structural parameters of DMPC SMALP nanodiscs 
obtained by SANS, it has been estimated that a limit of ~ 40 TM helices can be accommodated by the 
lipid bilayer. In support of this initial estimate, cryo-EM reconstructions of AcrB (containing a total of 
36 TM helices) encapsulated within a SMALP have resolved a narrow belt of density surrounding the 
trimeric TM bundle, proposed to represent SMA with limited density resolved to accommodate lipids. 
While it has been shown that the diameter of SMALPs can be modified by varying the polymer:lipid 
ratio, only small changes in diameter have been experimentally observed. 
1.5.7 Modifications to SMA and new nanodisc-forming polymers 
With the limitations described above, there has been a recent development of modified or new 
polymers which are functional in nanodisc self-assembly in an attempt to circumvent specific 
limitations.  
With evidence that different length polymers within a commercial SMA formulation can display 
different characteristics in the resultant polymers, SMA polymers have been synthesized using reversible 
addition-fragmentation chain transfer (RAFT) polymerization. RAFT polymerization utilizes a radical 
initiator to activate the monomers that can then polymerize as in conventional radical polymerization. 
By including a RAFT-agent, typically a trithiocarbonate, a growing, active chain can react with the 
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RAFT agent, yielding a non-polymerizing ‘dormant’ polymer. This releases a radical leaving group from 
the RAFT-agent, which can re-initiate further radical polymerizations. As chains grow via radical 
polymerization, RAFT agents can be transferred between active and dormant polymers. Given the 
correct conditions, the rate of addition or fragmentation of chains from the RAFT agent is higher than 
the rate of radical monomer polymerization. This process results in an even growth experienced by all 
chains, until ‘dead’ chains are formed by bimolecular radical termination, at which point the 
polymerization ceases.223 The benefit of RAFT polymerization is in the control offered over the 
polymers molecular weight and the narrow PDI of the resulting polymers.224 
In an attempt to overcome the functional diversity of polydisperse commercial SMA polymers, SMA 
polymers have been synthesized by RAFT-polymerization (termed RAFT-SMA, Figure 1.12). In 
contrast to CSTR-synthesized SMAnh, RAFT-SMAnh containing an excess of styrene monomers 
contains an initial alternating block of styrene and maleic anhydride groups which tends towards longer 
poly(styrene) stretches as monomeric maleic anhydride is depleted as polymerization progresses. Should 
the polymerization be permitted to progress to completion, this will result in an extended poly(styrene) 
tail.224 Initial evidence suggests that RAFT-SMAs containing monomer ratios of 2:1, 3:1 and 4:1 are 
capable of solubilizing lipids into particles of different sizes.225 Subsequent studies have shown that the 
solubilization efficiency of RAFT-SMAs have a dependence on both the polymer length, the monomer 
ratio and the presence or absence of a poly(styrene) tail.224 This suggests that polymer architecture and 
chain topology can have a significant, and potentially exploitable, influence on SMALP formation. 
However, there is currently limited evidence of the efficacy of RAFT-SMAs in the solubilization of 
biological membranes. 
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Figure 1.12. Chemical structures of SMA and some other nanodisc-forming polymers. 
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In addition to de novo synthesis of SMA polymers, several studies have reported modification of 
existing SMA polymers. In order to add customized functionality to SMALPs, SMAnh(2:1) polymers 
have been modified to contain cysteamine-modified maleic anhydride. This is then cleaved to the acid 
form under mildly alkaline conditions to yield SMA containing exposed reactive sulfhydryl groups, 
termed SMA-SH (Figure 1.12).226 Compared to un-modified SMA(2:1), SMA-SH is capable of 
solubilizing phospholipids with comparable kinetic efficiency to form nanodiscs of a similar size 
distribution.226 The exposed sulfhydryl group allows conjugation to a range of functional groups, 
including fluorophores and biotin, which can in turn bind to streptavidin-conjugated substrates.226,227 
In a similar modification strategy to SMA-SH, modification of a low molecular weight (Mn = 1.6 
kDa) SMA(1.3:1) has yielded a range of polymers which have improved pH compatibility and improved 
tolerance to divalent cations (Figure 1.12). Functionalization of SMA(1.3:1) with ethanolamine yields 
SMA-EA.228 Similarly, modification with ethylenediamine yields the SMA-ED, which is zwitterionic 
except at neutral pH. SMA-ED can then be dehydrated to yield SMAd-A which is positively charged at 
acidic pH.229 The final polymer in this series was formed by modification of SMA(1.3:1) with (2-
aminoethyl)trimethylammonium, yielding a polymer with a permanent positive charge thanks to the 
presence of a quaternary ammonium, termed SMA-QA.230 While all these polymers are functional in 
lipid nanodisc formation, by modifying the polymer:lipid ratio, it has been demonstrated that SMA-EA 
can solubilize a range of lipids to form nanodiscs of 10 nm to 50 nm diameter (termed macro-
nanodiscs).228,231 While this effect has also been observed for both SMA(3:1)213 and SMA(2:1),218 the 
range of obtainable diameters is much narrower than for nanodiscs formed with SMA-EA. The pH range 
over which each polymer is effective is dependent on the pH at which they retain net charge. While both 
SMA-ED and SMAd-A are functional at acidic pH, SMA-ED will precipitate between pH 4 and pH 7,  
and SMAd-A will precipitate above pH 6.229 Due to the permanent positive charge present on SMA-QA 
being independent of pH, SMA-QA is functional across all pH values tested.230 While none of these low-
Mn modified SMA(1.3:1) polymers have been shown to extract proteins directly from native 
membranes, SMA-QA has been shown to retain activity of a reconstituted cytochrome P450 which is 
inactivated in SMA(1.3:1) and SMA-EA. This has been proposed to be a result of the electrostatic 
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repulsion between positively charged SMA-QA and cytochrome P450 preventing non-specific polymer-
protein interactions.232 
Finally, there has been a limited number of non-SMA polymers which have recently been shown to 
be functional in nanodisc formation. The first of these is poly(diisobutylene-alt-maleic acid) (DIBMA, 
Figure 1.12).233 In contrast to SMA, DIBMA contains aliphatic diisobutylene in place of aromatic 
styrene groups, which are strictly alternating with maleic acid groups. This has the advantage that 
DIBMA has a much lower absorbance in the UV region overlapping with that from aromatic residues in 
proteins than SMA, enabling spectroscopic techniques such as UV-CD spectroscopy to be performed on 
encapsulated proteins without high absorbance arising from the polymer belt.233 DIBMA is capable of 
solubilizing phospholipids of different chain lengths into nanodiscs.234 From a thermodynamic 
perspective, DIBMA is milder than SMA(3:1) with less positive ∆𝐺𝐿
𝑏→𝑚 and more negative ∆𝐺𝑠
𝑏→𝑚, 
whilst better preserving the thermotropic properties of encapsulated membranes.233 Crucially, DIBMA 
has been shown to be capable of extracting membrane proteins directly from E. coli membranes with 
comparable efficiency.233 
More recently, a series of amphipathic poly(methacrylate) (PMA, Figure 1.12) based polymers have 
been synthesized which are functional in lipid nanodisc formation. Structurally, these polymers bear 
more resemblance to amphipols than SMA/ DIBMA.235 While PMAs have not been shown to be capable 
of extracting proteins from native membranes, the properties of polymers which lead to amphipol vs 
nanodisc behaviour remain unknown. Like DIBMA, PMA polymers lack aromatic styrene moieties so 
have been utilized in CD measurements where PMA-nanodiscs have been shown to inhibit amyloid 
fibrilisation.235 
 AIMS AND SCOPE OF THIS THESIS 
This study aims to better understand the properties of SMA polymers which can influence the self-
assembly of SMALP nanodiscs and their resultant properties, whilst developing new polymers and 
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methodologies to expand the application of polymer-stabilized phoshpholipid nanodiscs in membrane 
and membrane protein research. 
As discussed above, there is clearly a complicated interplay between the polymer hydrophobicity 
and monomer architecture which can modify SMALP self-assembly properties. To investigate the 
influence of polymer architecture on SMALP self-assembly, Chapter 2 investigates the thermodynamics 
of SMALP self-assembly by two related polymers, compares their structural properties, stability and 
application to the solubilization of biological membranes. The two polymers utilized in this study are 
the popular SMA2000, a CSTR-synthesized SMA(2:1) and a RAFT-SMA(2:1) of similar polymer 
length, but decreased polydispersity and better defined monomer topology. 
While the limitations of SMA in terms of pH stability and sensitivity to divalent cations have been 
addressed by modifications to SMA, as described above, none of these polymers are commercially 
available. Polymer synthesis will likely be inhibitory to many protein-focused laboratories. Furthermore, 
none of the low-Mn modified SMA polymers with enhanced pH stability have been shown to be capable 
of solubilizing membrane proteins directly from cell membranes. To this end, Chapter 3 investigates the 
application of a commercially available, positively charged poly(styrene-co-maleimide) (SMI) in 
nanodisc formation. The thermodynamics of self-assembly, structural properties of the resultant 
nanodiscs, stability and biological application of SMI are investigated.  
When introduced to planar phospholipid membranes at either the air-water or silicon-water 
interfaces, SMALPs show a drastically different behaviour to MSP-nanodiscs. While MSP-nanodiscs 
adsorb to the interface, SMALPs undergo a rapid lipid exchange. While the mechanism of lipid exchange 
between SMALPs in solution is now well understood, this is still unknown for lipid exchange between 
SMALPs and pre-existing planar membranes. Chapter 4 investigates this phenomenon by measuring the 
kinetics of lipid exchange and the structural properties of membranes at the air-water and silicon-water 
interfaces before and after nanodisc interaction. Furthermore, in assessing whether the kinetics and 
extent of lipid-exchange at interfaces is polymer dependent, the interaction between planar membranes 
and nanodiscs formed with SMA2000, RAFT-SMA and SMI are characterized. 
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Finally, one application where SMALPs have not yet been utilized is in the characterization of lipid-
protein interactions between peripheral membrane proteins and membranes. While MSP nanodiscs have 
been successfully utilized in the investigation of peripheral membrane protein-membrane interactions, 
to the best of our knowledge, SMALPs have not been used for this purpose. Therefore, Chapter 5 
investigates the potential of SMALPs in providing a soluble membrane surface for structural 
characterization of peripheral membrane protein-lipid interactions. As a test-case, the E. coli peripheral 
membrane protein, YraP is utilized. While well structurally characterized, the function of YraP is 
unknown. Therefore, by using SMALPs as a membrane surface, the interaction of YraP with membranes 
in solution is structurally characterized in order to provide hints as to YraP function. 
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 ABSTRACT 
Polymer stabilized nanodiscs are self-assembled structures composed of a polymer belt that wraps 
around a segment of lipid bilayer, and as such are capable of encapsulating membrane proteins directly 
from the cell membrane. To date, most studies on these nanodiscs have used poly(styrene-co-maleic 
acid) (SMA) with the term SMA-lipid particles (SMALPs) coined to describe them. In this study, we 
have determined the physical and thermodynamic properties of such nanodiscs made with two different 
SMA copolymers. These include a widely used and commercially available statistical poly(styrene-co-
maleic acid) copolymer (coSMA) and a RAFT-synthesized copolymer with narrow molecular weight 
distribution and alternating styrene and maleic acid groups with a polystyrene tail, (altSMA).  We define 
phase diagrams for each polymer, and show that, regardless of polymer topological structure, self-
assembly is driven by the free energy change associated with the polymers. We also show that nanodisc 
size is polymer dependent, but can be modified by varying polymer concentration. The thermal stability 
of each nanodisc type is similar and both can effectively solubilize proteins from the E. coli membrane. 
These data show the potential for the development of different SMA polymers with controllable 
properties to produce nanodiscs that can be optimized for specific applications and will enable more 
optimized and widespread use of the SMA-based nanodiscs in membrane protein research. 
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 INTRODUCTION 
ith the ever increasing interest in biological membrane research, there is a need for 
appropriate model systems to study these large, multi-component, dynamic systems 
without perturbing the very properties that make biological membranes so essential and fascinating. 
Membrane proteins represent around 30% of the proteome 1–3 and constitute > 70% of therapeutic targets 
4. While knowledge of membrane proteins has been increasing 5–7, there is still a limited amount of 
structural and functional information available compared to soluble proteins, largely due to their inherent 
insolubility and instability in aqueous media. One traditional strategy in membrane research is the use 
of detergents to aid solubilization.  They replace the lipid annulus around the hydrophobic core to 
solubilize the protein inside a detergent micelle, whilst keeping it relatively stable so that structural and 
functional information can be obtained 8,9. The principal problem with these methods is that detergents 
are a poor replacement for lipids 10. Recent work has shown that the lipid annulus can have specific 
interactions with the membrane protein and has roles in stability and function of many transmembrane 
proteins11,12. While a detergent is amphipathic like a phospholipid, it lacks the specific chemical moieties 
which interact with the protein of interest. 
Attempts to overcome these problems led to the development of membrane mimetic systems such as 
amphipols, bicelles and nanodiscs (for more information, see 13). Nanodiscs are self-assembled 
structures comprising a planar ‘disc’ shaped segment of phospholipid bilayer which is stabilized by a 
surrounding protein or polymer belt. The first nanodiscs were formed by the amphipathic membrane 
scaffold protein (MSP) which wraps around the hydrophobic lipid tails to stabilize the nanodisc structure 
14. These MSP-nanodiscs have proven effective in membrane protein solubilization 15 and have been 
amenable to structural studies using a range of techniques 16–22. However, while the protein is kept in a 
stable environment, the production of MSP-nanodiscs requires the protein first to be extracted within a 
detergent micelle and then reconstituted into a nanodisc.  
Polymer-stabilized nanodiscs, commonly termed (SMA) lipid particles (SMALPs) use the 
amphipathic poly(styrene-co-maleic acid) SMA copolymer (Figure 2.1a) to wrap around the lipid tails 
W 
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to stabilize the lipids within a nanodisc structure. The SMA copolymer has statistically arranged styrene 
and maleic acid groups which are thought to self-assemble into nanodisc structures by intercalating the 
planar styrene rings into the lipid tails (perpendicular to the plane of the bilayer, analogous to the 
incorporation of cholesterol into a lipid bilayer) with the maleic acid groups allowing solubilization 
through hydrogen bonding and ionic interactions with the aqueous solvent 23. SMALPs have the 
advantage over MSP-nanodiscs that the protein can be extracted straight from the native membrane by 
SMA, without having to be reconstituted into a detergent micelle thus keeping the essential lipid annulus 
present 24–31. Since their discovery SMALPs have also proven to be effective in structural studies of 
membrane proteins utilizing techniques such as circular dichroism, analytical ultracentrifugation, 
electron microscopy, solid state NMR spectroscopy and X-ray crystallography 24,32–34. SMALPs have 
also been shown to maintain both the structural stability and function of the encapsulated membrane 
proteins far more effectively than detergent alternatives 26. Studies have also shown that the local 
environment within a SMALP is very similar in terms of physical properties to the native environment 
of the membrane proteins 35.  
Recent work investigating the thermodynamic properties of the statistical SMA(3:1) polymer (with 
a styrene:maleic acid ratio of 3:1) and its assembly into nanodiscs has shown that the phase behavior of 
the solubilization can be approximated by a pseudophase model 36 (Figure 2.1b). Traditionally, the 
pseudophase model has been used to characterize the solubilization of phospholipids by surfactants 36,37. 
When applied to SMA, the pseudophase model shows that upon increasing the concentration of SMA 
at a fixed concentration of lipid vesicles, three ranges can be identified: the bilayer range, the coexistence 
range and the micellar range (in the case of solubilization by SMA, the nanodisc range). The boundaries 
between these ranges are termed the saturation (SAT) and solubilization (SOL) boundaries. To allow 
comparison between SMA and classical surfactants, SAT and SOL boundaries can be expressed in terms 
of the molar ratio of surfactant to lipid at the phase boundary: RS
b,SAT and RS
m,SOL respectively 
(representing the gradient of the phase boundary line) 38. From these values the Gibbs free energy change 
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for the vesicle to nanodisc transition for lipids, ∆𝐺𝐿𝑖𝑝𝑖𝑑
𝑏→𝑚,0
, and for the solution to nanodisc transition for 
polymer, ∆𝐺𝑃𝑜𝑙𝑦𝑚𝑒𝑟
𝑏→𝑚,0
 can be calculated. 
Since the first use of an SMA polymer (SMA2000, with a 2:1 ratio of S:MA) in membrane protein 
isolation39, a number of other SMA polymers have been shown to be effective in membrane 
solubilization 40,36,41–43. These polymers have utilized different S:MA ratios and chain lengths. A recent 
side-by-side comparison of membrane protein solubilization by a number of these polymers has shown 
that their effectiveness varies significantly with the most effective remaining the original SMA2000 2:1 
ratio polymer 43. 
 
Figure 2.1. a. Structures of coSMA, where on average <i> = 2, corresponding to the 2:1 ratio of styrene 
to maleic acid, and altSMA. The altSMA has an overall 2:1 ratio of styrene to maleic acid, but comprises 
a block of alternating S – MA with  the excess styrene forming a polystyrene tail which is terminated 
by the DDMAT RAFT agent. b. A model phase diagram schematic for a generic surfactant solubilizing 
a lipid, which we have applied to SMA solubilizing lipids into nanodiscs. At low surfactant 
concentrations, all the lipid exists in the bilayer phase as vesicles (V).  
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In addition to effectiveness in membrane protein solubilization, thermodynamic studies of the 
solubilization of DMPC and POPC large unilamellar vesicles (LUVs) by an SMA(2:1) polymer have 
been reported 44. These results demonstrated that this SMA(2:1) (Tradename Xiran SZ30010) is more 
efficient in membrane solubilization than the SMA(3:1) and this efficiency increases with increasing 
pH. These data, in combination with other studies 45,46, have led to the emergence of SMA(2:1) polymers 
as the most effective solubilizer of membranes and membrane proteins. 
In this work we have therefore determined phase diagrams for the solubilization of DMPC vesicles 
using the acid forms of two SMA(2:1) polymers of differing chain length and chain topology, to 
investigate the effect of polymer structural properties on phospholipid solubilization. We compare the 
acid form of the commercially available and frequently utilized SMA2000 and a 2:1 SMA polymer 
synthesized using reversible addition-fragmentation chain transfer (RAFT) polymerization. RAFT-
synthesized SMA has recently been shown to form nanodiscs with tunable properties based on the high 
degree of control over the polymerization that RAFT offers 41. While SMA2000 is a statistical 
copolymer, RAFT-SMA has an alternating styrene-maleic acid block with the styrene excess forming a 
polystyrene tail terminating in the RAFT agent. This diblock approximation has however been shown 
to be an oversimplification of the RAFT-polymer structure. In reality, RAFT-synthesized SMA will 
display a gradient from alternating styrene-maleic acid towards polystyrene along the length of the 
polymer chain 47. The polymers herein will be referred to as coSMA (SMA2000, acid form) and altSMA 
(RAFT-SMA, acid form). In addition to topological differences, these polymers also exhibit differences 
in chain length distribution to each other and to the Xiran SZ30010 SMA(2:1) studied by others. Here 
we have characterized the self-assembly and properties of SMALPs formed by coSMA and altSMA and 
compared to those formed by Xiran SZ30010 (as studied by others) in order to understand the factors 
that define the function of these materials. 
Finally, we have confirmed that both polymers effectively solubilize membrane proteins directly 
from the E. coli cell membrane and assessed their performance in this regard relative to each other and 
to commonly used detergent alternatives. 
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 MATERIALS AND METHODS 
2.2.1 Materials 
Figure 2.1a shows the structure of SMA2000 at pH 8.0 (poly(styrene-co-maleic acid)), purchased 
from Cray Valley (UK) as poly(styrene-co-maleic anhydride) (coSMAnh). All buffer components, 
chloroform and 1,2-dimyristoyl-sn-glycero-3-phosphocholine (DMPC) were purchased from Sigma-
Aldrich (UK) at >98% purity and used without further purification. 
2.2.2 Methods 
2.2.2.1 Synthesis of altSMAnh 
altSMAnh with a styrene:maleic anhydride ratio of 2:1, and a molar mass of 6 kDa was synthesized 
using reversible addition-fragmentation chain-transfer (RAFT) polymerization as described by 
Harrisson and Wooley 48. altSMA was synthesized in one step by mixing initial reagents of styrene and 
maleic anhydride in a 2.34:1 ratio. Specifically, 1.0 g (9.6 mmol) styrene and 0.404 g maleic anhydride 
(4.1 mmol) were added in a molar ratio of 2.34:1 with 4.8 mg (0.03 mmol) azobisisobutyronitrile (AIBN) 
and 72.2 mg (0.20 mmol) 2-(dodecylthiocarbonothioylthio)-2-methylpropionic acid (DDMAT) were 
mixed in 4.4 mL 1,4-dioxane and degassed by three freeze-pump-thaw cycles. The flask was slightly 
over pressured with nitrogen and maintained at 60°C for 20 hours. The viscous solution obtained was 
diluted in a minimal volume of tetrahydrofuran (THF) and precipitated in diethyl ether before recovery 
by filtration. The redissolution and precipitation procedure was repeated three times and the resulting 
copolymer dried at 70°C for 16 hours. The molecular weight distribution was measured by size exclusion 
chromatography (Appendix A, Figure A.1) and styrene:maleic anhydride ratio determined  by NMR 
spectroscopy (Appendix A, Figure A.2). 
2.2.2.2 Nanodisc preparation 
coSMAnh and altSMAnh copolymers were hydrolyzed from the anhydride to the acid forms using a 
previously published  procedure 24. For a complete description, refer to the supporting information. 
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Nanodiscs were prepared essentially as previously described 35. In brief, DMPC was dissolved in 
chloroform and dried under nitrogen to create a multilamellar lipid film on the surface of the glass vial. 
Trace solvent was removed by placing overnight in a desiccator attached to a vacuum pump. DMPC 
was re-suspended in 50 mM sodium phosphate pH 8 containing 200 mM NaCl to the required 
concentration for titration and concentration dependent experiments. Suspensions were sonicated for 30 
minutes in a water bath at 35°C to form small unilamellar vesicles (SUVs - presence confirmed by 
dynamic light scattering). DMPC SUV suspensions were kept at room temperature and used within 3 
days. 
The molecular weight averaged molar mass (Mw) and number average molar mass (Mn) of the 
copolymers used in this study are shown in Table 2.1. We assume no changes of molecular weight on 
hydrolysis. Copolymer stock solutions were made in 50 mM sodium phosphate, 200 mM NaCl pH 8 to 
the required molar concentration required for titration experiments (calculated using the Mn value) or to 
3 % (w/v) if being used to make nanodiscs at excess copolymer concentration. 
Nanodiscs were made by mixing 10 mg/mL DMPC suspension and 3% (w/v) copolymer solutions 
(or as required for titration and concentration dependent experiments) in a 1:1 ratio at room temperature. 
Nanodiscs were left at 25°C  for at least 24 hours to equilibrate before use. For temperature stability 
experiments and freeze-thaw stability experiments, the resultant nanodiscs were purified using a 
Superdex S200 16/600 size exclusion chromatography column to remove large aggregates and excess 
polymer. Purified nanodiscs were concentrated using a 10 kDa MWCO spin concentrator to a copolymer 
concentration of 1.5 % (w/v) determined by constructing a calibration curve of UV-absorbance at 254 
nm for polymer solutions of known concentration. 
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Table 2.1. Thermodynamic values obtained for coSMA and altSMA compared to SMA(3:1) and 
SMA(2:1) (Xiran SZ30010) mediated phospholipid nanodisc self-assembly. 
 
coSMA 
(SMA2000) 
altSMA 
SMA(2:1) 
(Xiran 
SZ30010) 44 
SMA(3:1) 
(Xiran 
SL25010 S25) 
49 
Mw (kg·mol-1) 7.50 6.85 6.50 10.00 
Mn (kg·mol-1) 3.00 6.00 2.70 4.00 
𝑹𝑺
𝒃, 𝑺𝑨𝑻
 0.050 ± 0.003 0.024 ± 0.002 0.087 ± 0.006 0.078 ± 0.002 
𝑹𝑺
𝒎, 𝑺𝑶𝑳
 0.133 ± 0.004 0.137 ± 0.007 0.130 ± 0.004 0.144 ± 0.001 
∆𝑮𝑳𝒊𝒑𝒊𝒅
𝒃→𝒎,𝟎 (kJ·mol-1) +0.19 ± 0.06 +0.26 ± 0.08 +0.10 ± 0.02 +0.15  ±  0.05 
∆𝑮𝑷𝒐𝒍𝒚𝒎𝒆𝒓
𝒃→𝒎,𝟎  (kJ·mol-1) -2.23 ± 0.08 -4.11 ± 0.11 -0.91 ± 0.23 -1.36 ± 0.45 
 
2.2.2.3 31P NMR 
Lipid-polymer mixtures were prepared as described above with DMPC concentrations of 7.50, 5.00, 
2.50 and 1.25 mM. For coSMA and altSMA experiments, instead of phosphate buffer (which would 
compromise the 31P NMR signal from the lipids), 50 mM Tris pH 8.0, 200 mM NaCl was prepared in 
D2O. All 31P NMR experiments were performed using an Avance III 400MHz NMR spectrometer 
(Bruker, Coventry, UK). Spectra were acquired at 298 K at 161.98 MHz using 1H decoupling. 256 scans 
were performed per measurement with an acquisition time of 1.022 s over a sweep width of 32051 Hz. 
A pre-scan delay of 6.5 s, a relaxation delay of 5 s and a pulse width of 7.25 µs was required to observe 
sufficient signal on which to perform analysis. An external reference of 85% H3PO4 in 10% D2O was 
measured and set to 0 ppm to correct for any drift of the magnetic field between experiments. 
2.2.2.4 31P NMR data analysis 
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TopSpin software (Bruker, Coventry, UK) was used to perform peak integration. Absolute integrals 
were then normalized to the largest and smallest value across all experiments. Peak area data were fitted 
using least-squares non-linear regression 50. In order to determine the saturating and solubilizing 
concentrations of copolymer for a given lipid concentration, fits to the experimental data were performed 
simultaneously to the following scenario: 
𝐴(𝑐𝑆 ≤ 𝑐𝑆
𝑆𝐴𝑇) = 0 
𝐴(𝑐𝑆
𝑆𝐴𝑇 ≤ 𝑐𝑆 ≤ 𝑐𝑆
𝑆𝑂𝐿) = 𝑓𝑐𝐿 ∙
𝑐𝑆 − 𝑐𝑆
𝑆𝐴𝑇
𝑐𝑆𝑆𝑂𝐿 − 𝑐𝑆𝑆𝐴𝑇
 
𝐴(𝑐𝑆
𝑆𝑂𝐿 ≤ 𝑐𝑆) = 𝑓𝑐𝐿  
Where 𝐴 represents peak area and 𝑐𝑆 is the molar polymer concentration. 𝑐𝑆
𝑆𝐴𝑇 and 𝑐𝑆
𝑆𝑂𝐿 are the 
saturating and solubilizing concentrations of polymer for a given lipid concentration, 𝑐𝐿. 𝑓 is a scaling 
factor dependent on data acquisition parameters. 
Phase diagrams were constructed by plotting 𝑐𝑆
𝑆𝐴𝑇 and 𝑐𝑆
𝑆𝑂𝐿 as lipid concentration versus polymer 
concentration. Linear regression was performed to fit the following equations to the experimental data: 
𝑐𝑆
𝑆𝐴𝑇 = 𝑐𝑆 +  𝑅𝑆
𝑏,𝑆𝐴𝑇𝑐𝐿 
𝑐𝑆
𝑆𝑂𝐿 = 𝑐𝑆 +  𝑅𝑆
𝑚,𝑆𝑂𝐿𝑐𝐿 
Where 𝑅𝑆
𝑏,𝑆𝐴𝑇
 and 𝑅𝑆
𝑚,𝑆𝑂𝐿
 represent the molar ratios of polymer to lipid at the SAT and SOL phase 
boundaries respectively. This allows calculation of the partitioning coefficients: 
𝐾𝐿𝑖𝑝𝑖𝑑
𝑏→𝑚 =
1 + 𝑅𝑆
𝑏,𝑆𝐴𝑇
1 + 𝑅𝑆
𝑚,𝑆𝑂𝐿 
𝐾𝑃𝑜𝑙𝑦𝑚𝑒𝑟
𝑏→𝑚 = 𝐾𝐿𝑖𝑝𝑖𝑑
𝑏→𝑚 ∙
𝑅𝑆
𝑚,𝑆𝑂𝐿
𝑅𝑆
𝑏,𝑆𝐴𝑇  
for the lipid and polymer, respectively, between the vesicular bilayer phase (b) and the ‘micellar’ (m) 
nanodisc phase. From this, the Gibbs free energy for the transfer from vesicular bilayer to nanodisc 
phase can be calculated for both the lipid: 
∆𝐺𝐿𝑖𝑝𝑖𝑑
𝑏→𝑚,0 = −𝑅𝑇 ∙ 𝑙𝑛 (𝐾𝐿𝑖𝑝𝑖𝑑
𝑏→𝑚) 
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And the polymer: 
∆𝐺𝑃𝑜𝑙𝑦𝑚𝑒𝑟
𝑏→𝑚,0 = −𝑅𝑇 ∙ 𝑙𝑛 (𝐾𝑃𝑜𝑙𝑦𝑚𝑒𝑟
𝑏→𝑚 ) 
For a more complete theoretical description, see 36. 
2.2.2.5 Dynamic Light Scattering 
Dynamic light scattering (DLS) experiments were performed with a Zetasizer Nano S (Malvern 
Instruments, Worcestershire, UK) using a He-Ne laser at 633 nm with a detector angle of 178° relative 
to the incident beam. Samples were loaded into 45 µL quartz cuvettes with a 3 × 3 mm light path (Hellma 
Analytics, Müllheim, Germany). All measurements were performed after equilibrating the sample at 
25°C for 60 seconds and each sample measured 3 times with the attenuator position automatically 
optimized for size determination. Each measurement consists of 11 scans of 10 seconds. Samples 
prepared for the concentration dependence of polymer were left to equilibrate for at least 3 hours before 
the measurement. Freeze-thaw stability was performed by flash freezing the nanodisc solution in liquid 
N2 for 5 min and then thawing at room temperature before being loaded into the cuvette. Temperature 
stability was performed by increasing the temperature from 4 to 80°C in 1°C increments. Again, each 
sample was measured three times at each temperature after equilibrating at that temperature for 2 
minutes. 
2.2.2.6 Size exclusion chromatography with multi-angled light scattering 
SEC-MALS experiments were performed using a Superdex 200 increase 10/300 GL size exclusion 
column attached to an Äkta purification system (GE Healthcare Life Sciences, Buckinghamshire, UK). 
In line absorbance measurements at 280 and 254 nm were used to calibrate the delay volume between 
the column and the MALS detector. MALS measurements were performed using a Dawn Helios II 
(Wyatt Technologies, Suffolk, UK) equipped with a 633 nm He-Ne laser with static light scattering 
detectors positioned at 18 angles radially about the flow cell. The MALS detector at 110 ° has been 
replaced with a DLS detector in order to obtain information on the hydrodynamic radius of particles 
more accurately than using MALS alone. Samples were prepared as described above and centrifuged at 
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10,000 × g for 10 minutes to remove any contaminant particulate matter. 70 µL of each sample was 
loaded onto the column which was run with a flow rate of 0.7 mL/min. 
2.2.2.7 Solubilization of membrane proteins from E. coli BL21 (DE3) membranes 
Membranes were resuspended to 60 mg/mL in 50 mM Na2HPO4, 0.2 M NaCl, 10 % v/v glycerol pH 
8 and homogenized. Stocks of 4% (w/v) Triton X-100, 2 % (w/v) DDM, 2 % (w/v) β-OG, 16 mM 
coSMA and 16 mM altSMA were prepared in 50 mM Na2HPO4, 0.2 M NaCl, 10 % v/v glycerol pH 8. 
Membrane suspensions were mixed 1:1 with detergent or polymer samples and a control was performed 
where membranes were diluted to 30 mg/mL within the same buffer but no detergent or polymer was 
added. All samples were incubated for 2 hours (4°C for control and detergent samples, 20°C for polymer 
samples as per published protocols 24). Samples were centrifuged at 100,000  g for 45 minutes at 4°C. 
The supernatant was removed containing the soluble fraction and the insoluble pellet resuspended in an 
equal volume of the same buffer. Soluble and insoluble fractions were then precipitated by the addition 
of 25 % (w/v) trichloroacetic acid (TCA). After 10 minutes incubation at 4°C, samples were centrifuged 
at 14,000  g for 5 minutes to pellet precipitated protein. The protein pellet was washed three times by 
vortexing in 200 µL ice cold acetone and repeating the centrifugation step. The protein pellet was dried 
under vacuum for 10 minutes before resuspension in the starting volume of buffer. The samples were 
analysed by SDS polyacrylamide gel electrophoresis (PAGE) using precast Criterion XT graduated 4 – 
12 % acrylamide bis-tris gels (Bio-Rad Laboratorie Ltd., Hertfordshire, UK) using standard procedures 
and stained overnight using InstantBlue protein stain (Expedeon Ltd., Cambridgeshire, UK). 
 RESULTS AND DISCUSSION 
2.3.1 Thermodynamics of nanodisc self-assembly 
In order to consistently compare measurements of nanodiscs formed from different polymers and 
lipids using different techniques, a thorough initial characterization of the nanodiscs is required. Vargas 
et al. 36 showed that 31P NMR experiments could be used to  determine the phase diagram of SMA(3:1) 
solubilizing vesicles of 1-palmitoyl-2-oleoyl-sn-glycero-3-phosphocholine (POPC). Similar 
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experiments have also been performed by measuring the solubilization of DMPC vesicles by SMA(3:1) 
49 and SMA(2:1) (Xiran SZ30010) 44.  
We performed 31P NMR experiments at 298 K to examine the phase diagram of coSMA and altSMA 
mediated solubilization of fluid phase DMPC small unilamellar vesicles (SUVs). The 31P NMR peak 
from the phosphate group in DMPC did not broaden beyond detection as it does in the data published 
in reference 36 (Appendix A, Figure A.4). This is due to the use of SUVs rather than large unilamellar 
vesicles (LUVs) as in the previous study. 
Our data suggest the scenario proposed for the solubilization of POPC or DMPC LUVs by SMA(3:1) 
36,49 and SMA(2:1) (Xiran SZ30010) 44 can also explain the solubilization of DMPC SUVs by coSMA 
and altSMA. At polymer concentrations below csSAT, the 31P peak broadens beyond detection as the 
polymers embed in the vesicular bilayer. The initial decrease in peak area suggests that the 
rearrangement of SUVs into larger, slower tumbling structures, occurs through individual polymer 
chains crosslinking vesicles, or polymer chains adsorbing into the vesicular bilayer leading to a swelling 
of the vesicle. As csSAT is surpassed, the polymer molecules are able to initiate the bilayer to nanodisc 
phase transition. This leads to a sharp, linear increase in 31P NMR peak area as lipids become solubilized 
into small, fast tumbling nanodiscs. Above csSOL, there is sufficient polymer present to solubilize all 
lipids into nanodiscs, so further increases in peak areas are not observed. 
In all experiments, fitting of the 31P peak area yields csSAT and csSOL values, which are proportional to 
the DMPC concentration. Therefore, plotting these breakpoints as polymer concentration vs DMPC 
concentration allows us to obtain phase diagrams (Figure 2.2b, d). From these, we calculated the molar 
ratios of polymer to lipid at each of the phase boundaries (Table 2.1). coSMA has a noticeably larger 
𝑅𝑆
𝑏, 𝑆𝐴𝑇
 value (steeper gradient of blue lines in Figure 2.2b) compared to altSMA (Figure 2.2d), 
indicating that over twice the molar concentration is required to saturate a given quantity of DMPC. In 
contrast, coSMA and altSMA have almost identical 𝑅𝑆
𝑚, 𝑆𝑂𝐿
 values (the gradients of the red lines in 
Figures 2b & 2d). This means that, although altSMA is more effective at starting the solubilization of 
DMPC, both polymers ultimately require similar concentrations to achieve complete solubilization. It is 
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worth noting that all of the values derived for these polymers, including 𝑅𝑆
𝑚, 𝑆𝑂𝐿
, are lower than 
previously determined for SMA(3:1). This means that the statistical SMA(3:1) is less effective in 
nanodisc self-assembly than both SMA(2:1) polymers investigated. SMA(2:1) Xiran SZ30010 shows 
very similar molar ratios of polymer to lipid at the solubilization boundary to both coSMA and altSMA. 
This points at an overriding influence of chemical composition of the SMA copolymers compared to 
chain topology. 
Table 2.1 also shows the Gibbs free energy change for the vesicle to nanodisc transition. In all cases, 
the relatively large negative free energy change associated with this transition for each polymer indicates 
that the polymer:lipid complex is significantly thermodynamically favored. It also shows that altSMA 
exhibits a more negative free-energy change associated with the vesicle to nanodisc transition than 
coSMA. This is probably due to the topological differences between the polymers. We expect that the 
hydrophobic polystyrene tail present on altSMA experiences a larger driving force to bury itself in a 
hydrophobic environment than the statistical ordering of styrene and maleic acid moieties on coSMA.  
The RAFT agent used to make this polymer may also have an effect here, although we don’t have 
any data to quantify such an effect. Further, altSMA has a much narrower mass distribution than the 
commercial copolymers. Therefore, there are far fewer, less thermodynamically favourable small chains 
present which could account for the larger thermodynamic driving force compared to the commercial 
copolymers. 
The relatively small positive Gibbs energy change for DMPC undergoing the vesicle to nanodisc 
transition in all cases shows that from the lipids’ perspective there is little energetic cost in going from 
a vesicle into a SMALP and the major driving force for this process is the large gain from the polymer. 
Comparing this with SMA(3:1)  (where DMPC LUVs were solubilized at 30°C) suggests that while 
DMPC molecules are in a more favorable free-energy environment within SMA(3:1)-SMALPs, the 
SMA(3:1) polymer has a much smaller thermodynamic driving force for self-assembly into SMALPs.  
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Figure 2.2. 31P NMR Data for coSMA (a, b) and altSMA (c, d) solubilizing DMPC SUVs. a, c. 
Normalized 31P NMR peak area plotted as a function of polymer concentration with corresponding fits 
to the experimental data to obtain SAT and SOL break points. Each point is the mean of three separate 
measurements with error bars representing ± 1 standard error. b, d. Phase diagrams constructed using 
SAT and SOL breakpoints determined from a and c. The SAT boundary is shown as a blue line and the 
SOL boundary is shown as a red line. Points represent csSAT and csSOL breakpoints with error bars 
representing the standard error determined from the fitting procedure in a and c. Dashed lines represent 
the 95 % confidence bands associated with linear regression. 
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It is particularly notable that the magnitude of the free energy change for the two polymers studied 
here is significantly larger than that seen in previous studies, and particularly in comparison with Xiran 
SZ30010 (where again, DMPC LUVs were solubilized at 30°C) which has the same ratio of styrene to 
malic acid. When taking into account the molar mass distributions of the copolymers, Xiran SZ30010 
has the smallest Mn and Mw compared to coSMA, altSMA and SMA(3:1), and it is the least 
thermodynamically efficient polymer of those tested. This points to an interplay between the more 
efficient 2:1 styrene to maleic acid ratio, and the more thermodynamically effective longer copolymer 
chains and topologies for optimum phospholipid solubilization. This may explain why in comparisons 
of SMALP solubilisation effectiveness and downstream stability, coSMA is more effective than other 
related polymers 43. 
2.3.2 Controlling the size of nanodiscs formed by coSMA and altSMA 
Next, we undertook structural characterization of nanodiscs by dynamic light scattering to monitor 
Z-average diameters, associated polydispersity indices and volume weighted particle size distributions 
as a function of polymer concentration. Both coSMALP and altSMALP self-assembly show very similar 
trends across the measured polymer concentration range. Initially, where cs ≤ csSAT, both coSMA and 
altSMA show an increase in Z-average diameter and corresponding drop in polydispersity. This is in 
agreement with volume weighted particle size distribution (PSD) data (Appendix A, Figure A.5) which 
show a shift towards larger diameters upon the addition of 0.1 mM of polymer to a 7.5 mM DMPC SUV 
suspension. This occurs below csSAT, correlating to the previously discussed broadening of 31P NMR 
peak, so a possible explanation is incomplete polymer insertion leading to polymer chain crosslinking 
between vesicles and thereby forming an effectively larger species. Interestingly, coSMA induces 
aggregation of vesicles leading to a Z-average diameter > 100 nm, whereas altSMA induces aggregation 
< 80 nm. In both cases, as csSOL is approached the Z-average diameter shrinks as the vesicles become 
solubilized. AltSMA induces a much more gradual decrease in Z-average diameter compared to coSMA. 
However, both polymers lead to a gradual increase in polydispersity beyond csSAT. These data show that 
there are no well-defined structural changes occurring at each of the previously determined 
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thermodynamic breakpoints. A similar phenomenon was observed with SMA(3:1) solubilizing POPC 
vesicles 36. Under the conditions used, 31P NMR is sensitive only to small, fast-tumbling particles so 
exclusively monitors the formation of SMALPs, while DLS is able to track the net changes in particle 
diameter and is most sensitive to larger particles, which can mask the onset of SMALP formation where 
the majority of lipid is not present within a smaller nanodisc structure. 
Increasing cs beyond csSOL leads to a steady decrease in Z-average diameter (Figure 2.3a, c) and 
shifting of the PSD towards smaller diameters (Figure 2.3b, d) over the concentration range measured. 
From csSOL to 5 mM polymer concentration, coSMALPs decreased in diameter from 14.6 ± 0.3 to 10.0 
± 0.8 nm, a 31% decrease in size, while altSMALPs decreased in diameter from 30.3 ± 1.9 nm to 16.1 
± 0.3 nm, decreasing in diameter by 53%.  This trend has been observed with other SMA polymers 36,44, 
although occurs to a greater extent with altSMA to previously studied polymers. 
The increasing polydispersity index (PDI) above csSOL is related to the addition of excess polymer. 
Polymer can either remain free in solution or interact with existing nanodiscs, both of which would 
modify the PDI. altSMA should also be able to self-assemble into micelles in the absence of lipid due 
to the presence of the hydrophobic polystyrene tail which could again influence the PDI. We believe 
that the dominant factor in decreasing the Z-average diameter upon increasing polymer concentration is 
not the presence of particulate free polymer in solution, but the formation of an increased number of 
nanodiscs. This is because, for both polymers, as the polymer concentration is increased, we see a clear 
shift in the peak position without an associated broadening. This indicates a decrease in the disc diameter 
but only a small change in polydispersity. Furthermore, the negative Gibbs free energy change 
associated with the polymers during nanodisc self-assembly indicates that the polymers will 
preferentially interact with lipids over self-interaction. 
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Figure 2.3 a, c. DLS data showing the effect of coSMA (a), altSMA (c) concentration on Z-average 
diameter (dark line) and polydispersity Index (PDI -light line). SAT and SOL boundaries obtained from 
31P NMR are shown as dashed blue and red lines respectively. Points represent the mean and shaded 
regions indicate the standard error obtained from three separate experiments. b, d. Volume weighted 
particle size distribution (PSD) data showing the hydrodynamic diameter (Dh) for SMALPs formed at 
coSMA (b) and altSMA (d) concentrations above csSOL. Lines represent the mean PSD of three separate 
experiments. Error bars are not shown for clarity.  
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If this interpretation is correct, it means that we see the formation of a greater number of nanodiscs 
at polymer concentrations above csSOL. We believe lipid reorganization between nanodiscs is a dynamic 
process because lipid exchange has been observed elsewhere 51,52 and we have no reason to believe that 
is not the case here. Therefore for higher polymer concentrations we would expect the available lipids 
to be distributed among the polymer in such a way as to minimize the Gibbs free energy, and this would 
result in fewer lipids being present per nanodisc, explaining the observed decrease in size. This 
interpretation would also explain our assertion (mentioned earlier) that the chemical shift seen with 31P 
NMR data is partly due to interaction of a greater number of DMPC head-groups with the polymer belt 
beyond csSOL.  
Previous experiments have shown that one can vary the size of nanodiscs by changing the 
styrene:maleic acid ratio of the SMA polymer 41. The data presented here indicate polymers with the 
same styrene:maleic acid ratio are able to form nanodiscs with different size ranges; altSMALPs appear 
larger than coSMALPs at equivalent molar polymer concentrations beyond csSOL. However, these data 
do not confirm whether it is the chain topology which leads to the observed differences in diameter 
because changes in polymer chain length may also lead to this effect. coSMA has a broader chain length 
distribution and a far greater proportion of small chains compared to altSMA (Table 2.1). The larger 
proportion of shorter chains in coSMA could also lead to the observed difference in size distributions. 
However, a recent investigation of RAFT-synthesized SMA polymers found no significant change in 
SMALP diameter formed using polymers of the same monomer ratio but different chain lengths 41. This 
indicates that the observed size difference between coSMALPs and altSMALPs is due to differences in 
polymer topology rather than size distribution. When comparing SMALPs assembled using statistical 
2:1 and 3:1 SMA polymers, the nanodiscs are of a similar size. This is a different trend to that seen with 
RAFT-synthesized polymers where 3:1 polymers have been shown to have a decreased diameter when 
compared to 2:1 polymers 41. SMALP size is therefore likely driven by the relative proportion of 
poly(styrene) and poly(styrene-alt-maleic acid) blocks of the polymer chain. Nonetheless, these data 
provide evidence that the nanodisc size can be tuned by simply changing the polymer concentration 
above csSOL. 
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2.3.3 Molecular weight determination of nanodiscs 
DLS data suggest that at polymer concentrations beyond csSOL, excess polymer may exist as free 
polymer in solution or may associate with existing SMALPs. We therefore performed SEC-MALS 
measurements to assess what populations of species are present in solution at polymer concentrations in 
excess of cSSOL with the same number of monomer units (5 mg·mL-1 DMPC, 1.5 % (w/v) polymer), and 
to determine molecular weights of coSMALP and altSMALP nanodiscs (Figure 2.4).
 
Figure 2.4. SEC-MALS chromatograms corresponding to a. coSMALP and b. altSMALP nanodiscs 
containing DMPC. Traces show the normalized Rayleigh ratio (red) and UV absorbance at 254 nm 
(blue, dashed) with overlaid mass calculations (black points). b. Inset displays an expanded X-axis to 
allow for clearer distinction between the aggregate and altSMALP peak.  
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Table 2.2. Parameters determined by analysis of SEC-MALS data collected from DMPC coSMALPs 
and altSMALPs. 
 coSMALPs altSMALPs 
 coSMALP peak coSMA peak altSMALP peak 
Hydrodynamic 
diameter (nm) 
9.45 ±  0.13 3.67 ± 0.23 25.00 ± 0.36 
Rg (nm) 5.50 ± 0.64 8.17 ± 0.92 13.93 ± 0.49 
Rg/Rh 1.16 ± 0.12 4.45 ± 0.39 1.11 ± 0.03 
Mw (kDa) 146.13 ± 2.93 11.29 ± 0.51 1512 ± 84 
Mn (kDa) 142.70 ± 2.93 10.89 ± 0.63 1488 ± 88 
Ɖ 1.02 ± 0.01 1.04 ± 0.01 1.02 ± 0.01 
 
SEC-MALS analysis of coSMALPs (Figure 2.4a) show three principal features that appear with 
increasing elution volume. The first large aggregate peak (at 8 mL elution volume just after the void 
volume) detected by light scattering has no UV absorbance at 254 nm. The lack of UV absorbance 
suggests that this peak is due only to aggregated DMPC in a state which does not interact with the 
polymer. The second feature (which we have designated as “coSMALP” in Figure 4a) is detected by 
both light scattering and UV absorbance, showing a symmetric Gaussian-like shape. Analysis of in-line 
DLS data (Table 2.2) indicates a hydrodynamic diameter of ~ 10 nm, similar to that determined by DLS 
independently. Analysis of MALS data (Table 2.2) shows a large mass and low polydispersity. 
Furthermore, ratio of the radius of gyration (Rg) from MALS and the hydrodynamic radius (Rh) from in-
line DLS gives information on particle shape 53. For this peak the ratio is in the range of oblate spheroids, 
consistent with a disc structure proposed. However, this conclusion should be treated with some caution 
because the small size of the particles means that the Rg determined by MALS is not wholly reliable as 
an absolute value and should only be considered indicative of the particle shape. We therefore assign 
this peak to DMPC/coSMALP nanodiscs. The final feature in the SEC-MALS chromatogram 
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(designated as “coSMA” in Figure 2.4a) shows a large UV absorbance but only a small scattering 
intensity. The hydrodynamic diameter is smaller and has a significantly lower mass than the coSMALP 
peak, with an Rg/Rh ratio in the range of a prolate spheroid or rod, which is consistent with bundled, 
extended polymer chains. This is supported by SEC-MALS analysis of coSMA in the absence of lipids 
(Appendix A, Figure A.6a, Table A.1) which gives similar results. Here, a larger polymer aggregate is 
present in addition to the peak we have assigned as rod-like polymer bundles. Further downstream peaks 
show no scattering intensity with only UV absorbance and are highly convoluted. These peaks are also 
present for coSMA in the absence of lipids. We propose that these peaks are due to excess polymer that 
has not formed higher order structures in solution. 
In contrast, altSMALPs show much cleaner SEC-MALS chromatogram (Figure 2.4b). There is only 
a small peak at the void volume (Inset to Figure 2.4b) detected by light scattering (assigned to lipid 
aggregates) followed by a single sharp peak detected by UV-absorbance and light scattering, which we 
assign to nanodiscs. Again, this assignment is supported by an Rg/Rh ratio, very similar to that of 
coSMALPs, in the range of oblate spheroids. At higher elution volumes, there are only very minor UV 
peaks corresponding to excess free polymer in solution. As altSMA was added in excess of csSOL, one 
would expect to see a large UV signal arising from free polymer in solution. The absence of this signal 
suggests that either all altSMA is associating with nanodiscs, or excess altSMA is forming lipid-free 
structures of a similar size to DMPC/altSMALPs that cannot be resolved. SEC-MALS analysis of 
altSMA in the absence of lipids shows a peak detected by light scattering and UV-absorbance that does 
indeed elute at the same elution volume as altSMALPs. The Rg/Rh ratio across this peak is consistent 
with a spherical particle (Appendix A, Figure A.6b). The peak corresponding to altSMALP nanodiscs 
shows a hydrodynamic radius of 25 nm which is in the range measured using stand-alone DLS discussed 
above. The measured molecular weight is on the order of ten-fold higher than calculated for coSMALPs. 
Assuming a cylindrical structure, the mass of altSMALPs would be expected to be 7-fold higher than 
coSMALPs given the measured hydrodynamic radii of the two particles. This suggests that in the case 
of altSMALPs, altSMA in solution will associate with the available DMPC to form nanodiscs and 
thereby minimize the Gibbs free energy, rather than remain as spherical micelle-like particles. Such a 
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conclusion is supported by the Rg/Rh values. The polydispersity for the altSMALP peak gives the same 
value as measured for coSMALPs. 
2.3.4 Stability of nanodiscs 
A lot of recent interest in SMALPs from the membrane protein community is due to the increased 
stability of the solubilized target protein over classical ‘head and tail’ detergents 26,43.  It is therefore of 
interest to understand how robust these nanodiscs are to temperature and particularly to the freezing 
process. We used DLS to measure changes in z-average diameter as a function of temperature between 
4°C to 80°C (Figure 2.5a, Appendix A, Figure A.7).
 
Figure 2.5. DLS data showing the effect of temperature (a), for clarity every third data point is plotted) 
and freeze-thaw cycles (b) on Z-average diameter of SEC purified coSMALP (red circles) and 
altSMALP (blue squares) nanodiscs containing DMPC. Points represent the mean value taken from 
three separate experiments with error bars displaying ± 1 standard error. In order to highlight changes, 
the data are plotted as percentage change, rather than the absolute diameter (which are plotted in 
Appendix A, Figure A.7).  
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At low temperatures (from 4 to 12°C) DMPC coSMALPs appear at a Z-average diameter of 10.6 ± 
0.5 nm. Between 13°C and 20°C they then show a gradual decrease in diameter to 9.3 ± 0.2 nm. The 
onset of this decrease in size is of interest as 13°C is known to be the pre-transition temperature for pure 
DMPC (gel to ripple phase) 54,55. From 20 to 50°C, the nanodiscs slowly increase in diameter to 10.1 ± 
0.1 nm. It is again worth noting that this increase begins approximately after the melting phase transition 
for pure DMPC at 24°C. From 50 to 68°C, coSMALPs significantly shrink in size by about 20% (to 8.0 
± 0.03 nm) and then above 68°C, we observe a rapid increase in z-average diameter. 
It is difficult to fully explain these observations on a microscopic level, though we can speculate. 
The initial decrease in diameter may be related to small losses of lipids from the nanodiscs that result 
from increased thermal motion of the DMPC tails. Above 24°C, DMPC is in the liquid phase, so 
increased mobility of DMPC molecules may exert outward pressure on the polymer belt that more than 
compensates for any losses of lipids from the discs and so lead to an increase in size. At higher 
temperatures still, this can no longer compensate for lipid loss and so the discs shrink again until they 
start to aggregate above 68°C. 
At low temperature, the altSMALPs are observed to be 21.0 ± 0.03 nm and, in contrast to coSMALPs 
do not show any significant change in diameter until 24°C. Above this temperature a gradual decrease 
in size is observed to a minimum of 18.7 ± 0.1 nm  at 47°C. We have no reason to suspect the mechanism 
leading to this diameter change is different to coSMALPs. Above this temperature, the size of the 
altSMALPs increase significantly with increasing temperature.  Z-average diameter data could not be 
measured above 75°C for coSMALPs or altSMALPs as a precipitated lipid film deposited on the inside 
of the cuvette. Lowering the temperature did not result in re-solubilization of this precipitate. While high 
temperature destabilizes both coSMALPs and altSMALPs, both occur above usual working ranges, 
within which they are of comparable thermal stability. 
We have also used DLS to characterize changes in coSMALPs and altSMALPs as a function of the 
number of freeze-thaw cycles (Figure 2.5b, Appendix A, Figure A.7). Volume PSD data for all 
nanodiscs clearly show that there are no aggregation effects or large changes in hydrodynamic diameter 
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after 10 freeze-thaw cycles (Appendix A, Figure A.8). Looking at Z-average diameter data (Figure 2.5b, 
Appendix A, Figure A.7) there is a broad trend of increasing diameter for coSMALPs through repeated 
freeze-thaw cycles. This trend is quite poorly defined; the diameter shows an initial small decrease but 
is approximately constant until 8-10 cycles where the increase becomes more obvious. The coSMALP 
diameter is 114 % of the original size after 10 freeze-thaw cycles, increasing from 11.45 ± 0.95 nm to 
13.06 ± 0.97 nm. In contrast, the altSMALPs show a much more pronounced decreasing diameter with 
increasing number of cycles, with an altSMALP diameter of 76% of their original size after 10 freeze-
thaw cycles, decreasing from 17.93 ± 0.14 nm to 13.03 ± 0.16 nm. The majority of the size reduction 
appears over the first few cycles and the particle size appears to show relatively much smaller changes 
thereafter. To explain these observations, we speculate that multiple freeze-thaw cycles could lead to a 
minor lipid loss in altSMALPs as discussed above. coSMALPs seem to be much less affected by freeze-
thaw cycles. This leads us to suspect that it is the poly(styrene) tail of altSMA which is expected to bury 
in the core of the nanodisc and could disrupt the lipids to a greater extent than coSMA, leading to the 
observed increased susceptibility to structural changes upon multiple freeze-thaw cycles.  
It is worth noting that analysis of DLS data assumes a spherical particle and since we believe that 
neither coSMALPs or altSMALPs are spherical structures, the validity of the assumptions used to draw 
conclusions on the size of the particles is somewhat limited. The apparent small changes in diameter 
from DLS could alternatively be due to more complicated changes in the overall particle dimensions, 
swelling of the bilayer region, for example. 
2.3.5 Solubilization of membrane proteins 
Thus far, we have only characterized the various nanodiscs using a model DMPC bilayer. As a 
primary use of these polymers will be to solubilize membrane proteins, we have also tested their ability 
to solubilize proteins from isolated Escherichia coli BL21(DE3) membranes. As controls we have 
compared the polymers to some common traditional detergents: Triton X-100, n-dodecyl β-D-
maltopyranoside (DDM) and octyl β-D-glucopyranoside (β-OG) as well as a sample where no detergent 
was added (Figure 2.6).  
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Figure 2.6. Coomassie stained SDS-PAGE showing the range of proteins that have been solubilized (S) 
and remained insoluble (I) after the incubation of E. coli membranes with coSMA and altSMA compared 
to three traditional detergents (Triton X-100, DDM and β-OG) and a control where no detergent was 
added to the membrane extract.
 
The experiment shows that coSMA is able to solubilize the membrane proteome with 
comparable efficiency to traditional detergents and significantly better than the control 
experiment without detergent. altSMA also shows a clear improvement over the detergent-free 
control though it is less effective than coSMA and traditional detergents. Interestingly, altSMA 
induces a loss of resolution on SDS-PAGE. We speculate that this is due to altSMA  forming 
larger polymer aggregates which migrate through the gel and thus leads to a loss of resolution. 
 Given the different sizes of nanodisc formed by each polymer, there does not appear to be any 
selectivity towards proteins of different masses, with each polymer effectively solubilizing proteins 
across the whole mass range. However, given that altSMA displays a decreased extraction efficiency, it 
appears that the alternating topology combined with the hydrophobic polystyrene tail is, in this case, 
less effective when extracting membrane proteins from native E.coli membranes. We speculate that the 
polystyrene tail present on altSMA may bury itself within the acyl region of the lipid bilayer and could 
therefore interact with hydrophobic membrane spanning regions of certain membrane proteins. This 
interaction could prevent a clean solubilization of membrane proteins. This hypothesis is supported by 
previous observations where RAFT-synthesized SMA copolymers with a long polystyrene tail have 
been ineffective in solubilizing membrane proteins 47. Nonetheless, altSMA is able to form nanodiscs 
up to twice the diameter of coSMA (as shown above). Previous analysis of SMALP structure formed by 
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coSMA has led to the estimate of a maximum of 40 α-helices being able to pack into the lipid core of a 
SMALP 23. If one assumes that the lipid core of altSMALPs increases in diameter proportionately to the 
overall particle diameter, then altSMA may have useful application in the extraction of larger membrane 
protein complexes which are too large to be encapsulated by coSMA. 
 CONCLUSIONS 
It is becoming increasingly clear that the SMALP system offers significant advantages over 
detergent-based systems for membrane protein production. The retention of the membrane solvating the 
membrane protein assures near native structure, function and stability. In addition, unlike detergent 
systems there is no need to maintain a concentration of free SMA above a nominal CMC meaning less 
issues with interference with downstream applications. However, it is clear that the rapid adoption of 
the SMALP method has outreached our fundamental understanding of the process of SMALP formation. 
While pragmatically this is not an issue as a number of SMA 3:1 and 2:1 polymers function adequately 
as membrane protein solubilizers, it is likely that at some point improved polymers are going to be 
required. To generate these polymers in a targeted fashion, an understanding of the SMALP formation 
process and the influence of polymer structure is going to be required. In this study we have applied 
methods developed for the study of other SMA polymers to the original SMA polymer (SMA2000) used 
in the first demonstration of SMALPs in membrane protein isolation 39 that has remained the most 
effective membrane protein solubilization polymer 43. With the addition of data from a related RAFT 
polymer and in combination with data from three other studies of related polymers 36,44,49 we can begin 
to correlate polymer structure with effectiveness in membrane protein solubilization.  
Both coSMA and altSMA exhibit a stronger thermodynamic driving force for nanodisc self-assembly 
than the SMA(2:1) (Xiran SZ30010) and SMA(3:1). This has demonstrated that at least four parameters 
(polymer chain length, chain length distribution, topology and monomer ratio) have influence on the 
SMALP self-assembly process. This correlates well with published data which show that these 
parameters have influence on the capability of the SMA to extract membrane proteins 43. We have 
identified SMA polymers with a 2:1 styrene:maleic acid ratio being the most efficient in membrane 
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solubilization and polymers of larger length displaying the more favorable free energy change associated 
with SMALP formation amongst those tested. We have shown that changing the topological structure 
of polymers with the same 2:1 styrene:maleic acid ratio causes large differences in SMALP size and 
molecular weight. Furthermore, by simply increasing the polymer concentration beyond csSOL, the final 
size of the nanodiscs can be further tuned. We have shown that coSMALPs and altSMALPs are of 
comparable stability, and able to effectively solubilize membrane proteins from the E. coli membrane, 
though with subtle differences. Previous studies have found that SMA polymers with a lower styrene 
content, similar to the poly(styrene-alt-maleic acid) block of altSMA, have been ineffective in forming 
SMALPs and extracting membrane proteins 43,47. This leads us to believe that the presence of the 
polystyrene tail on altSMA is driving the differences observed in comparison to coSMA. The S-dodecyl 
trithiocarbonate end group is likely to hydrolyze under the conditions employed for ring-opening of the 
maleic anhydride (2 hr, 100°C, 1 M NaOH), and yield a thiol end group. It can however not be ruled out 
that a certain fraction of the dodecyl end groups are retained at the chain end, and contribute to the 
hydrophobicity of the polystyrene tail of the copolymer. Lack of trithiocarbonate end group hydrolysis 
has previously been reported, albeit under milder conditions (16 hr, room temperature, 0.1 M NaOH) 41. 
Other classes of RAFT agent could be used 56 which could potentially be exploited to modify the 
properties of resultant SMALPs. This work indicates that SMALPs can be formed with varying 
properties, which can be applied to membrane and membrane protein research. These, and further 
modifications to the SMA polymer will expand the capabilities of the SMA toolkit. 
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Abstract 
The fundamental importance of membrane proteins in drug discovery has meant that membrane 
mimetic systems for studying membrane proteins is of increasing interest. One such system has been 
the amphipathic, negatively charged poly(styrene-co-maleic acid) (SMA) polymer to form “SMA Lipid 
Particles” (SMALPs) which have been widely adopted to solubilize membrane proteins directly from 
the cell membrane. However, SMALPs are only soluble under basic conditions and precipitate in the 
presence of divalent cations required for many downstream applications. Here, we show that the 
positively charged poly(styrene-co-maleimide) (SMI) forms similar nanoparticles with comparable 
efficiency to SMA, whilst remaining functional at acidic pH and compatible with high concentrations 
of divalent cations. We have performed a detailed characterization of the performance of SMI that 
enables a direct comparison with similar data published for SMA. We also demonstrate that SMI is 
capable of extracting proteins directly from the cell membrane and can solubilize functional human G-
protein coupled receptors (GPCRs) expressed in cultured HEK 293T cells. “SMILPs” thus provide an 
alternative membrane solubilization method that successfully overcomes some of the limitations of the 
SMALP method. 
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 INTRODUCTION 
ith an increasing interest in membrane proteins due to their physiological and 
pharmacological significance1–4, recent developments have yielded alternative solutions 
to the solubilization bottleneck often limiting purification and characterization.5–10 A commonly adopted 
method involves the use of the amphipathic, helical membrane scaffold proteins (MSP),11 or peptides 
inspired by the amino acid residue sequence of the MSP helix,12–14 to solubilise phospholipid vesicles 
containing reconstituted membrane proteins into so-called ‘nanodiscs’. These MSP or peptide-stabilized 
nanodiscs have proven a valuable tool for stabilizing membrane proteins within a planar, nanoscale 
segment of lipid bilayer surrounded by an proteinaceous belt. MSP nanodiscs have been used 
extensively for a variety of targets and applications.10,15,16 While it has been observed that peptide-
stabilized nanodiscs are potentially more amenable to studying protein complexes within the nanodisc 
environment,17,18 they have been shown to have a higher polydispersity than the MSP variety.14 
However, both these protein-stabilized nanodisc systems still suffer from the limitation that 
encapsulated membrane proteins need to be extracted using detergent-mediated solubilization before 
reconstitution into nanodiscs which can lead to instability and disruption of protein-protein interactions. 
In addition, the peptide nature of the stabilizing belt can lead to spectroscopic interference in 
downstream applications such as UV circular dichroism (UV-CD) spectroscopy. 
 An alternate strategy is the use of poly(styrene-co-maleic acid) (SMA) (Figure 3.1a) to extract 
nanodiscs containing a segment of native cell bilayer, encapsulated by the SMA polymer (termed SMA 
lipid particles, SMALPs).19–22 Since the first report of SMA-mediated solubilization19 the method has 
been successfully employed to solubilize a wide variety of targets directly from a range of biological 
membranes.23–28 SMALPs have also proven useful in downstream functional23,25,29 and structural 
characterization.22,24,30–32 
The commonly used variants of the SMA polymer have now been investigated thoroughly,21,33–39 
showing that the first used polymer (SMA2000) is the best performing of the polymers so far studied. 
However, SMA has its limitations. Firstly, the nanodiscs formed by commercially available SMA have 
W 
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a diameter of ~10 nm20 which potentially limits the size of proteins that can be solubilized. Secondly, 
the styrene moiety shows significant absorption of UV light,40 which overlaps with the absorption from 
aromatic residues within proteins. This interferes with spectroscopic techniques to study solubilized 
proteins. Thirdly, SMALPs have been shown to be unstable in the presence of divalent cations such as 
Mg2+, with precipitation of the polymer occurring under such conditions. Although this can be a useful 
property under certain circumstances, it can also be a limitation for many potential downstream 
applications where divalent cations are necessary for membrane protein function.41,42 Finally, SMA is 
pH sensitive; at acidic pH values, maleic acid groups become protonated and the polymer becomes 
insoluble.39 This limits the SMALP method to proteins that are stable at basic pHs. 
It is both the success and the limitations of the SMA polymer which has spawned a drive to 
investigate other amphipathic polymers which are capable of solubilizing lipid bilayers into colloidal 
disc-shaped particles.43–45 Given the high UV absorbance of styrene, recent advances have been made 
in establishing the use of styrene-free polymers for nanodisc formation. The first of these copolymers 
to be investigated was poly(diisobutylene-co-maleic acid) (DIBMA) shown to be successful in the 
solubilization of phospholipid membranes and membrane proteins  whilst providing a more native-like 
phospholipid environment than SMALP nanodiscs.40,46 Additionally, poly(methacrylate) (PMA) 
polymers, inspired by the amphiphilic nature of the MSP helix, have been shown to be functional in 
nanodisc formation.47 PMA-stabilised nanodiscs have been applied to stabilization of helical 
intermediates of amyloid proteins in the presence of a phospholipid membrane. Currently, the efficiency 
of PMA for solubilization of biological membranes is unknown. In order to address the limited size 
range of nanodiscs formed by SMA, modification of a low-molecular weight SMA polymer by an 
amination reaction to form SMA-EA has been shown to form so-called ‘macro nanodiscs’.48,49 SMA-
EA stabilized nanodiscs have been shown to have diameters up to ~60 nm whilst exhibiting alignment 
properties in external magnetic fields with demonstrated applications in 2D solid state NMR 
spectroscopy. 
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While these new polymers have addressed the issues of UV absorbance, tolerance to low 
concentrations of divalent cations in solution and size limitations, they are still limited by the same pH 
constraints as SMA. Two SMA-derived polymers have recently been developed to allow nanodisc 
formation under acidic conditions. The first such polymer to be developed, SMAd-A, involves 
modification of SMA with a primary amine. SMAd-A can tolerate low pH and is functional in the 
solubilization of phospholipids into nanodiscs50. SMAd-A stabilized nanodiscs have been demonstrated 
to provide an encapsulation platform for the solubilization of hydrophobic drugs in aqueous media. Most 
recently, modification of SMA with a quaternary ammonium has yielded a polymer (SMA-QA) which 
is capable of forming nanodiscs.51 SMA-QA-stabilized nanodiscs have been shown to remain soluble 
between pH 2.5 and pH 10, offering a substantial improvement in pH-stability compared to the original 
SMA polymers. Furthermore, SMA-QA is also able to form macro-nanodiscs of ~30 nm diameter to 
overcome the size limitation of SMA-stabilized nanodiscs. However, neither SMAd-A or SMA-QA is 
commercially available, requiring synthesis through modification of an SMA backbone, and neither 
have been shown to be compatible with membrane protein solubilization. 
Given the limitations discussed above, we have investigated whether an alternative polymer with a 
similar structure to SMA; poly(styrene-co-maleimide) (SMI) (Figure 3.1a) can be used in the self-
assembly of phospholipid nanodiscs under acidic conditions.  SMI is a commercially available 
amphipathic copolymer of styrene and dimethylaminopropylamine maleimide in a 2:1 ratio. SMI has 
been used to create nanoparticles52 capable of oil microencapsulation53 and as a surface coating with 
application to printing54. Despite exploitation of the amphipathic properties of SMI, there have been no 
reports on SMI-mediated phospholipid solubilization. 
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Figure 3.1. a. Structures of SMA and SMI. In both cases, i=2n. b. Representative transmission electron 
micrograph (TEM) of DMPC-SMILPs negatively stained with phosphotungstic acid. c. Frequency 
distribution of SMILP diameters imaged with TEM. Bars represent the mean frequency associated with 
analysis of three separate micrographs with error bars representing ± 1 standard deviation. The data fit 
to the sum of two Gaussian populations of particles (red curve, dashed curve and shaded region 
represents the standard error associated with nonlinear regression) with maxima at diameters of 6 nm 
(green line) and 11 nm (blue line).  
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Here, we demonstrate that SMI is capable of solubilizing phospholipids by self-assembling in the 
same way as seen for SMA. We refer to the resulting nanodisc particles as SMI lipid particles (SMILPs). 
SMI exhibits high thermodynamic efficiency in nanodisc self-assembly which is comparable with SMA. 
Furthermore, we demonstrate that the size of the lipid core of SMILPs can be tuned as a function of 
polymer:lipid ratio. SMI circumvents some of the limitations of SMA-mediated solubilization by being 
tolerant to high concentrations of divalent cations and is soluble in acidic conditions. As SMA is widely 
used in membrane protein solubilization, we present data to show that SMI is also capable of extracting 
functional membrane proteins directly from cell membranes without laborious reconstitution following 
detergent solubilization. These data establish SMI and SMILPs as an alternative to SMA that is an 
efficient and effective platform for membrane and protein solubilization under acidic conditions. 
 MATERIALS AND METHODS 
3.2.1 Materials 
SMI was purchased as SMA2000I resin from Cray Valley (UK). SMA2000I has a weight averaged 
molecular weight, Mw of 7500 and a number averaged molecular weight, Mn of 2700. SMA was 
purchased as SMA2000 (poly(styrene-co-maleic anhydride) SMAnh) from Cray Valley (UK) with an 
Mw of 7500 and an Mn of 3000. 1,2-dimyristoyl-sn-glycero-3-phosphocholine (DMPC) was purchased 
as a powder from Avanti Polar Lipids (USA). 400 mesh carbon coated Cu grids were purchased from 
Agar Scientific (UK). Precast Criterion XT graduated 4 – 12 % bis-tris poly(acrylamide) gels were 
purchased from Bio-Rad Laboratories Ltd. (UK). InstantBlue protein stain was purchased from 
Expedion (UK). [3H]ZM241385 (specific activity 50 Ci/mmol) was purchased from American 
Radiolabelled Chemicals (Cardiff, UK). [Phe-3,4,5-3H]AVP (specific activity 68 Ci/mmol) was 
supplied by PerkinElmer (Stevenage, UK). ZM241385 (4-(2-[7-amino-2-(2-furyl)[1,2,4]triazolo[2,3-
a][1,3,5]triazin-5-yl amino]ethyl)phenol) was purchased from Tocris (Bristol, UK) and AVP was from 
Bachem (Weil am Rhine, Germany). The standard HEK 293T cell line was provided as a kind gift from 
Professor John Heath (University of Birmingham, UK). All other chemicals and reagents were 
purchased from Sigma-Aldrich (UK) at > 98 % purity and used without further purification. 
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3.2.2 Methods 
3.2.2.1 Solubilization of SMI and SMAnh 
SMA2000I resin was solubilized by following the manufacturer’s instructions. In brief, concentrated 
HCl was added dropwise to a 10 % suspension of SMA2000I in ultrapure water to a concentration of 1 
M. This solution was heated under reflux at 125 ℃ for 2 – 4 hours until the solution has clarified. 
Solubilized SMI was then precipitated by the addition of 5 M NaOH to pH 9.0 and washed three times 
in ultrapure water. Precipitated SMI was dissolved in a minimal volume of 0.6 M HCl, the pH adjusted 
to as required and lyophilized. SMI stocks were made directly from the dried powder. 
SMAnh (poly(styrene-co-maleic anhydride)) was hydrolyzed from SMA2000 resin as previously 
described 22. Briefly, a 10 % w/v suspension of SMA2000 resin in 1 M sodium hydroxide was heated 
under reflux at 125 ℃ for 2 hours until the solution clarified. Solubilized copolymer was precipitated 
after cooling by lowering the pH to 5.0 with the drop-wise addition of concentrated hydrochloric acid 
and then washed 3 times in ultra-pure water. Washed, precipitated SMA was re-dissolved in 0.6 M 
NaOH overnight and the precipitation and washing procedure repeated. Finally, SMA was dissolved in 
a minimal volume of 0.6 M NaOH, pH adjusted to 8.0 and lyophilized. SMA stocks were made directly 
from the dried powder. 
3.2.2.2 Nanodisc preparation 
DMPC was weighed and dissolved in chloroform in glass vials. A lipid film was deposited on the 
surface of the vials by evaporating chloroform with N2 and then desiccating overnight to remove trace 
solvent. DMPC was hydrated to 10 mg/mL with buffer (50 mM NaOAc, 200 mM NaCl, pH 5 for 
SMILPs and 50 mM sodium phosphate, 200 mM NaCl, pH 8 for SMALPs) at 25 ℃ and sonicated in a 
water bath for 30 minutes until the suspensions turned clear, indicating the formation of small 
unilamellar vesicles (SUVs). DMPC SUV suspensions were stored at room temperature and used within 
3 days.  
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SMI stock solutions were made in 50 mM sodium acetate, 200 mM NaCl, pH 5 to the required molar 
concentration (assuming no changes in molecular weight distribution upon copolymer solubilization) 
based on the Mn value for titration experiments. For experiments using nanodiscs made at excess 
copolymer concentration, SMI stock solutions were made to 3 % w/v in the same buffer. SMA stock 
solutions were made to 3 % w/v in 50 mM sodium phosphate, 200 mM NaCl pH 8. 
3.2.2.3 31P NMR 
31P NMR was carried out essentially as previously described,33 but with the following modifications. 
SMI and DMPC mixtures were prepared as described above in 50 mM sodium acetate, 200 mM NaCl, 
pD 5.0 using DMPC concentrations of 7.50, 5.00, 2.50 and 1.25 mM. The Mn value for SMA2000I was 
used to calculate molar concentrations of SMI, as the distribution was assumed to remain unchanged 
throughout the solubilization procedure described above. 31P NMR spectra were recorded at 298 K using 
an Avance III 400 MHz NMR spectrometer (Bruker, UK) operating with an excitation frequency of 
161.98 MHz using 1H-decoupling. 256 scans were recorded per measurement over a sweep width of 
32051 Hz, with an acquisition time of 1.022 s, a pre scan delay of 6.5 s, a relaxation delay of 5 s and a 
pulse width of 7.25 µs. Spectra were referenced to an external standard of 85 % H3PO4 in 10 % D2O to 
correct for any changes in field strength between measurements. 
3.2.2.4 Thermodynamic calculations 
The thermodynamic analysis performed is based on the work of Vargas et al.21, and has been 
described by them and us33 previously. Briefly, to obtain saturation and soluilization breakpoints (cSSAT 
and cSSOL, respectively) the 31P-NMR peaks were integrated using TopSpin software (Bruker, UK) and 
the absolute integrals normalized to the largest and smallest value in each data set. Normalized integrals 
were then averaged from three independent measurements, plotted as a function of SMI molar 
concentration and fit to the scenario described previously21,33,34,37,40. This fitting procedure yields csSAT 
and cSSOL breakpoints, ie, the concentration of SMI required for the onset and completion of 
solubilization at each DMPC concentration. Plotting these breakpoints as molar concentrations of SMI 
against DMPC yields the phase boundary lines. The gradient of each of these lines describes the molar 
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ratio of  SMI to DMPC required for the vesicle saturation,  
𝑅𝑆
𝑏, 𝑆𝐴𝑇
, and solubilization, 𝑅𝑆
𝑚, 𝑆𝑂𝐿
. These molar ratios allow the calculation of partitioning coefficients 
for SMI and DMPC which in turn allow for the calculation of the free-energy of transition of both 
DMPC, ∆𝐺𝐿𝑖𝑝𝑖𝑑
𝑏→𝑚,0
, and SMI, ∆𝐺𝑃𝑜𝑙𝑦𝑚𝑒𝑟
𝑏→𝑚,0
, transitioning from a vesicle/aggregate to a nanodisc. A detailed 
description of this analysis has been published previously21. 
3.2.2.5 Dynamic light scattering 
Dynamic light scattering experiments were performed as previously described 33. In brief, samples 
were loaded into 45 µL quartz cuvettes with a 3 × 3 mm light path (Hellma Analytics, Germany). 
Measurements were taken using a Zetasizer Nano S (Malvern Instruments, Worcestershire, UK) 
equipped with a He-Ne laser at 633 nm with a detector angle of 178° relative to the incident beam. All 
measurements were performed after equilibrating the sample at 25°C for 60 seconds. Each sample 
measured 3 times with the attenuator position automatically optimized for size determination. Each 
measurement consists of 11 scans of 10 seconds. Freeze-thaw stability was performed by flash freezing 
the nanodisc solution in liquid N2 for 5 min and then thawing at room temperature before taking the 
sample to load into the cuvette. Temperature stability was performed by increasing the temperature from 
4 to 80°C in 1°C increments. The samples were measured at each temperature after equilibrating at that 
temperature for 2 minutes. Data analysis was performed after taking into account the viscosity and 
refractive index of all buffer constituents by fitting a non-negatively constrained least squares function 
to the measured autocorrelation function. This gives an intensity weighted particle distribution assuming 
spherical particles, which is converted to a volume weighted particle size distribution using Mie 
scattering theory55,56. A volume weighted PSD takes into account the increased scattering of light by 
larger particles to give a more realistic representation of the particles present. Cumulant analysis was 
also performed to obtain the Z-average diameter and polydispersity index57. The polydispersity index 
(PDI) is defined as the square of the ratio of the peak value to the width of the Gaussian distribution 
obtained from cumulant analysis. 
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3.2.2.6 Size exclusion chromatography with multi-angled light scattering 
SEC-MALS experiments were performed as previously described33. A Superdex 200 increase 10/300 
GL size exclusion column attached to an Äkta purification system (GE Healthcare Life Sciences, UK) 
was equilibrated with 2 column volumes of 50 mM sodium acetate pH 5, 200 mM NaCl. In line 
absorbance measurements at 280 and 254 nm were used to calibrate the delay volume between the 
column and the MALS detector. MALS measurements were performed using a Dawn Helios II (Wyatt 
Technologies, UK) equipped with a 633 nm He-Ne laser with static light scattering detectors positioned 
at 18 angles radially about the flow cell. The MALS detector at 110° has been replaced with a quasi-
elastic light scattering (QELS) detector. DMPC SMILPs were prepared as described above and 
centrifuged at 16,000 × g for 10 minutes to remove any contaminant particulate matter. 70 µL of each 
sample was loaded onto the column which was run with a flow rate of 0.7 mL/min.  
The analysis of SEC-MALS data has been discussed in detail elsewhere. We analyzed the data for 
DMPC SMILPs using a refractive index increment, dn/dc, value of 0.16 for saturated phospholipids. As 
a large proportion of the scattering volume of DMPC SMILPs comprises of SMI, as determined by 
SAXS, the masses obtained are estimations for an equivalent particle composed purely of DMPC. 
Analysis was performed using ASTRA software (Wyatt Technologies, Suffolk, UK) to obtain weight 
averaged and number averaged molar masses, Mw and Mn, respectively using the Zimm equation62,63. 
The polydispersity index is defined as the ratio of Mw/Mn. Hydrodynamic radii were calculated by 
measuring the autocorrelation function across the peak and analyzing each curve by cumulant analysis57 
to give a mean Z-average Rh. 
3.2.2.7 Turbidity measurements 
Turbidity measurements were used to measure the solubility of DMPC SMILPs and DMPC SMALPs 
as a function of the concentration of divalent cations and pH. 
For divalent cation stability measurements, DMPC SMILPs and DMPC SMALPs were prepared as 
described above using 50 mM sodium acetate, 200 mM NaCl, pH 5.0 for SMILPs and 50 mM tris, 200 
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mM NaCl, pH 8.0 for DMPC SMALPs. Nanodiscs were diluted to 3.22 mg/mL DMPC and 0.5 % (w/v) 
copolymers in the appropriate buffers. A dilution series was prepared of MgCl2 and CaCl2 from 200 to 
2 mM in  acetate (for SMILPs) and tris (for SMALPs) buffers as described above. Both the nanodisc 
solutions and the divalent cation dilution series were centrifuged at 14,000 × g for 10 minutes to remove 
any large contaminating matter. 100 µL of diluted nanodiscs were mixed with 100 µL of the divalent 
cation dilution series in a flat-bottomed 96-well plate and incubated, shaking, at room temperature for 
30 mins. The OD was measured at 620 nm for each sample and a background OD subtracted for an 
identical solution containing no nanodiscs.  
To measure the turbidity of DMPC SMILPs and SMALPs as a function of pH, nanodiscs were 
prepared as described above in 50 mM sodium phosphate, 200 mM NaCl at pH 5.0 for SMILPs and pH 
8.0 for SMALPs in order to negate buffer-dependent effects. Nanodiscs were diluted to 0.33 mg/mL 
DMPC, 0.1 % (w/v) copolymer. 0.2 M HCl or 0.2 M NaCl was added dropwise to SMILPs and 
SMALPs, respectively, with the solution stirring at room temperature. The pH was measured with a 
probe and equilibrated for 5 minutes at each pH point. Three 1 mL aliquots of the solution wwere 
transferred to separate 1 cm path length, optically clear poly(styrene) disposable cuvettes and the OD 
measured in triplicate at 620 nm using a UltrospecTM 2100 UV-Vis spectrophotometer (GE Healthcare, 
UK). All turbidity experiments were performed in triplicate. 
3.2.2.8 Preparation of E. coli BL21 (DE3) membranes 
E. coli BL21 (DE3) cultures were inoculated from a single colony on an LB-agar plate and grown in 
15 mL LB at 37°C for 16 hours. A 1 % (v/v) inoculum was used to inoculate 1 L LB. This culture was 
grown at 37°C until stationary phase was reached, monitored by measuring optical density at 600 nm. 
Cells were isolated by centrifugation at 7000  g for 10 minutes at 4°C. Pelleted cells were washed in 
phosphate buffered saline (PBS) and resuspended in 3.5 mL lysis buffer (50 mM Tris, 5 % (w/v) 
glycerol, 2 mM EDTA pH 7.5 containing 1 Pearce EDTA-free protease inhibitor tablet per 50 mL) per 
gram of cells at 4°C. Cells were lysed by 5 passes through an Emmulsiflex C3 cell disruptor at 4°C. Cell 
debris is removed by centrifugation at 11000  g for 30 minutes at 4°C. Supernatant was removed and 
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membranes isolated by centrifugation at 100,000  g for 60 minutes at 4°C. Supernatant was removed 
and the wet weight of membranes weighed. 
3.2.2.9 Solubilization of E. coli membranes 
E. coli membranes were washed 3 times in PBS to remove trace soluble components. Membranes 
were resuspended to a concentration of 60 mg/mL in either 50 mM sodium acetate, 200 mM NaCl, pH 
5.0 or 50 mM sodium phosphate, 200 mM NaCl, pH 7.0. n-Dodecyl β-D-maltoside (DDM) and 
copolymer stock solutions were made under the same buffering conditions to 2 % (w/v) for DDM and 
5 % (w/v) for both SMA and SMI. Membrane resuspensions were mixed with the DDM/ copolymer 
stocks in a 1:1 ratio and allowed to equilibrate for 2 hours at room temperature. In addition, membranes 
were diluted to 30 mg/mL with each of the buffers containing no solubilization agent as a control. 
Insoluble material was removed by ultracentrifugation at 100,000 ×g for 45 minutes at 4 ℃. The 
supernatant, corresponding to the solubilized material, was removed. The insoluble pellets were washed 
three times in PBS and then resuspended in the same volume of 2 % (w/v) sodium dodecyl sulfate (SDS). 
The soluble and insoluble fractions were then analyzed by SDS-poly(acrylamide) gel electrophoresis 
(PAGE) using Criterion XT graduated 4 – 12 % acrylamide bis-tris gels following standard protocols. 
Gels were stained overnight using InstantBlue protein stain. 
 RESULTS 
3.3.1 SMI-mediated nanodisc self-assembly 
We initially investigated whether SMI in the presence of phospholipids is able to self-assemble into 
discoidal structures. SMI was added to a suspension of 1,2-dimyristoyl-sn-glycero-3-phosphocholine 
(DMPC) vesicles and analyzed by negative stain transmission electron microscopy (TEM) (Figure 3.1b). 
The absence of vesicles and the clear presence of discrete particles suggests lipid has been solubilized 
by SMI. A Gaussian analysis of the size distribution in multiple TEM images (Figure 3.1c) shows a 
distribution of diameters with two maxima at 6 ± 1 nm and 11 ± 3 nm. This distribution is similar to that 
previously determined for SMALP nanodiscs by TEM19,20.  
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Having confirmed the capability of SMI to form nanoparticles which conform to the size of 
previously observed nanodiscs19,20 we tested the thermodynamic efficiency of SMILP self-assembly 
using 31P-NMR spectroscopy, the principles of which have been described previously 34,40,37,21 (see 
Figure 3.2). DMPC small unilamellar vesicles (SUVs) alone gave a broad 31P peak. Upon addition of 
SMI at concentrations below that required for the onset of solubilization (the saturation boundary, cSSAT) 
this peak broadened beyond detection. This, we believe, is due to low concentrations of SMI causing 
aggregation of DMPC, rather than solubilization, as previously reported for SMA(3:1)21,37, SMA(2:1) 34 
and DIBMA 40 polymers. Increasing SMI concentration beyond cSSAT led to the appearance of an 
isotropic 31P peak (Figure 3.2a) which linearly increased in area with increasing SMI concentration, 
corresponding to the proportion of lipids solubilized. Beyond the SMI concentration at which all lipids 
are solubilized, cSSOL, all the lipids are present within a nanodisc phase. Plotting 31P peak area against 
SMI concentration (Figure 3.2b) allowed determination of the cSSAT and cSSOL breakpoints at different 
DMPC concentrations. Plotting the breakpoints obtained as SMI concentration against DMPC 
concentration (Figure 3.2c), enabled definition of the phase diagram for SMI-mediated solubilization of 
DMPC SUVs. This phase diagram gives the molar ratios of SMI:DMPC required for saturation, 𝑅𝑆
𝑏, 𝑆𝐴𝑇
, 
and solubilization, 𝑅𝑆
𝑚, 𝑆𝑂𝐿
, from which we can calculate the free energy changes for the vesicle to 
nanodisc transition associated with DMPC, ∆𝐺𝐿𝑖𝑝𝑖𝑑
𝑏→𝑚,0
, and SMI, ∆𝐺𝑃𝑜𝑙𝑦𝑚𝑒𝑟
𝑏→𝑚,0
 21. These values are 
compared (Table 3.1) with equivalent values obtained for two other polymers known to form nanodiscs; 
SMA2000 and DIBMA. SMA2000 is the SMA polymer variant most similar to SMI structurally and 
DIBMA is a recently developed polymer40. 
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Figure 3.2. Thermodynamics of SMILP self-assembly. a. Representative 31P-NMR spectra showing an 
increasing peak area as 7.5 mM DMPC small unilamellar vesicle suspensions are solubilized by 
increasing SMI concentration from 0 mM SMI (dark blue spectrum) to 1.5 mM SMI (red spectrum). b. 
Normalized 31P-NMR peak area plotted as a function of polymer concentration with corresponding fits 
to the experimental data to obtain saturation (SAT) and solubilization (SOL) break points. Each point is 
the mean of three separate measurements with error bars representing ± standard error. c. The phase 
diagram for SMI solubilizing DMPC constructed using SAT and SOL breakpoints determined from b. 
The SAT boundary is shown as a blue line and the SOL boundary is shown as a red line. Points represent 
csSAT and csSOL breakpoints with error bars representing standard error determined from the fitting 
procedure in a and b. The shaded region bound by dashed lines represent the 95 % confidence bands 
associated with linear regression 
 
Table 3.1 Thermodynamic parameters obtained for DMPC-SMILP nanodiscs compared with equivalent 
data from other nanodisc forming polymers SMA200033 and DIBMA.40 
 SMI SMA2000 DIBMA 
𝑹𝑺
𝒃, 𝑺𝑨𝑻
 0.021 ± 0.002 0.050 ± 0.003 0.03 ± 0.005 
𝑹𝑺
𝒎, 𝑺𝑶𝑳
 0.107 ± 0.013 0.133 ± 0.004 0.062 ± 0.004 
∆𝑮𝑳𝒊𝒑𝒊𝒅
𝒃→𝒎,𝟎
/ kJ.mol-1 0.20 ± 0.07 0.19 ± 0.06 0.077 ± 0.01 
∆𝑮𝑷𝒐𝒍𝒚𝒎𝒆𝒓
𝒃→𝒎,𝟎
/ kJ.mol-1 -3.90 ± 0.11 -2.23 ± 0.08 -1.76 ± 0.09 
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3.3.2 Structural characterization of SMILP nanodiscs 
To this point we have assumed that the structure adopted by SMI-DMPC aggregates is, by analogy 
to SMA, that of a “nanodisc”. This conclusion is supported by the provisional structural data presented 
here. 
We have monitored particle size over the self-assembly process using dynamic light scattering (DLS) 
(Figure 3.3a, Appendix B, Figure B.1). Below the saturation boundary, a large z-average diameter was 
observed. This agrees well with 31P-NMR data discussed above, and with previous reports using the 
SMA(2:1) 33,34, SMA(3:1)21,37 and DIBMA40 polymers. As polymer concentration increases beyond the 
SAT boundary, a rapid decrease of z-average diameter and polydispersity index (PDI) is observed 
(Figure 3.3a). As mentioned above, we believe this corresponds to the solubilization of the large non-
uniform vesicles into SMILPs. Beyond the solubilization boundary, the remaining SMILP aggregates 
continue to decrease in size by 48 % from 11.99 ± 0.26 nm at the SOL boundary to 6.23 ± 0.29 nm 
diameter at the highest concentration measured. When monitoring the particle size distributions above 
cSSOL (Figure 3.3b), a clear shift can be seen towards smaller diameters. These data combined with a  
relatively constant PDI, suggests that this shift in diameter is not being skewed by excess free polymer 
in solution. This capacity of SMILPs to be tuneable in size could be beneficial to numerous applications 
where size is an important parameter. 
To improve the structural detail provided by the low resolution DLS data, we have performed small 
angle X-ray scattering (SAXS) using beamline B21 at Diamond Light Source. We examined SMILPs 
formed using different polymer:lipid ratios above cSSOL (Figure 3.3c). The data were fitted with to a 
polydisperse core-shell bicelle model (Appendix B, Table B.1, Figure B.2) which has been used 
previously to gain structural insight into SMALP nanodiscs20, but with a summed ellipsoid model to 
account for excess SMI. As can be seen in Figure 3.3c, this summed model provided a good fit to the 
SMILPs. The corresponding fit parameters are shown in Table 3.2. The structural parameters for DMPC 
(headgroup and tail sizes and scattering lengths) were fixed based on values from comparable studies 
20. 
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Figure 3.3. Structural characterization of DMPC-SMILP nanodiscs. a. DLS data showing the effect of 
SMI concentration on Z-average diameter (red) and polydispersity Index (PDI - blue). SAT and SOL 
boundaries obtained from 31P NMR are shown as dashed blue and red lines respectively. Points represent 
the mean and shaded regions indicate the standard error obtained from three separate experiments. b. 
Volume weighted particle size distribution (PSD) data showing the hydrodynamic diameter (Dh) for 
SMILPs formed at SMI concentrations above csSOL. Lines represent the mean PSD of three separate 
experiments. Error bars are not shown for clarity. c. Small angle X-ray scattering (SAXS) curves for 
DMPC-SMILPs made with 1.5 % (w/v) SMI with 3, 5 and 7 mg.mL-1 DMPC (green, blue and red 
respectively). Points represent the measured scattering intensity, while lines represent the fit to the 
experimental data. d. SEC-MALS chromatogram corresponding to SMI-DMPC nanodiscs made with 
1.5 % (w/v) SMI and 5 mg ml-1 DMPC. Traces show the normalized Rayleigh ratio (red trace) and UV 
absorbance at 254 nm (blue trace) with overlaid mass calculations (black trace). e. SEC-MALS 
chromatograms obtained for SMI (green traces) and SMILPs made with 1.5 % (w/v) SMI and 3, 5 and 
7 mg.mL-1 (black, red and blue traces, respectively). UV absorbance traces at 254 nm are shown in the 
left hand graph any Rayleigh ratio traces with overlaid mass calculations (colored circles) are shown in 
the right hand graph.  
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Table 3.2. Structural Parameters obtained through fitting of SAXS data for DMPC-SMILP nanodiscs 
made with fixed SMI concentration (5.56 mM, 1.5 % w/v) and varying DMPC concentrations, in 50 
mM sodium acetate, 200 mM NaCl, pH 5. All ratios are above the SOL boundary. Parameters labelled 
with * were held constant through fitting, using values previously determined for DMPC bilayers61. The 
full list of fit parameters is provided in Appendix B (Table B.1). 
 
The mass of the SMILP nanodiscs was also investigated by size exclusion chromatography with 
multiple angle light scattering (SEC-MALS)63 (Figure 3.3d). These data show negligible aggregated 
material since there is no strong signal eluting from the column at the 8 mL void volume. After this, two 
major peaks eluted, the first of which shows both strong light scattering intensity, indicating the presence 
of large particles, and UV absorption signals, indicating the presence of styrene from SMI. We have 
assigned this peak to SMILPs. It gives a mass averaged Mw of 104.7 ± 0.8 kDa, a number averaged Mn 
of 102.8 ± 4.4 kDa, resulting in a PDI of 1.02. In-line DLS further confirms the presence of SMILPs; 
giving a hydrodynamic diameter of 8.68 ± 0.87 nm, consistent with the range of SMILP diameters 
observed by stand-alone DLS. The second peak shows a strong UV absorbance yet low scattering 
intensity. The Mw and Mn of this peak are 26.7 ± 3.5 kDa and 26.3 ± 3.31 kDa respectively, giving a 
PDI of 1.01. A hydrodynamic radius was measured to be 7.44 nm. This peak has been assigned to excess 
SMI polymer aggregates in solution by account of the decreased scattering intensity yet strong UV 
absorption. Further downstream peaks were also seen with UV yet gave no discernible scattering 
DMPC concentration /mg ml-1 
3 5  7  
Molar ratio 
[SMI]:[DMPC]  1.26 0.75 0.54 
DMPC core diameter/ nm 1.3 ± 0.2 1.9 ± 0.2 2.3 ± 0.2 
SMI belt thickness/ nm 1.7 ± 0.2 1.8 ± 0.2 1.6 ± 0.2 
DMPC tail length/ nm 2.76 * 2.76 * 2.76 * 
DMPC headgroup length/ nm 0.8 * 0.8 * 0.8 * 
Overall diameter /nm 4.7 ± 0.6 5.5 ± 0.6 5.6 ± 0.6 
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intensity. We propose these peaks are due to the presence of short oligomeric polymers which are present 
as a by-product of SMI synthesis. 
To provide further evidence of the size-tuneability of SMILPs, SEC-MALS was performed on 1.5% 
SMI and SMILPs made at the same SMI:DMPC ratios as measured by SAXS (Figure 3.3e). SEC-MALS 
of SMI in the absence phospholipids confirms our earlier assignment of the second peak in Figure 3.3d 
being due to SMI aggregates. SMILPs formed at higher SMI:DMPC ratios show the same trend as 
observed by SAXS and DLS, exhibiting higher retention volumes on the column, indicating formation 
of smaller particles. The MW calculations from light scattering data and hydrodynamic diameter 
measured by in-line DLS also agree with this assertion, with SMILPs formed at a higher SMI:DMPC 
ratio having a both a lower mass and smaller diameter (Appendix B, Table B.2). In addition, the ratio of 
the UV peaks corresponding to SMILPs and SMI decreases indicating that at higher DMPC 
concentrations, more SMI associates with the nanodiscs while the proportion of SMI forming lipid-free 
aggregates in solution decreases. 
3.3.3 Stability of SMILPs 
A limitation of SMA in many downstream biological applications is the low tolerance to divalent 
cations and insolubility at low pH. The polyimide structure of SMI inherently means that it behaves 
differently to SMA. We therefore directly compared the stability of SMALPs and SMILPs in the 
presence of Ca2+ or Mg2+ or as a function of pH (Figure 3.4). This was done by measuring the turbidity 
of nanodisc solutions (Figure 3.4a & 3.b). The data show that SMALPs begin to precipitate at 5 mM 
Mg2+ and 4 mM Ca2+, as indicated by an increased turbidity, with severe precipitation occurring above 
10 mM in both cases. SMILPs, however, can tolerate concentrations of Mg2+ and Ca2+ in excess of 100 
mM. The pH dependence for the two polymers shows an intuitive trend; SMALPs are only soluble at 
pH values above 5.8, but SMILPs are only soluble below pH 7.8. This gives SMILPs a broad working 
pH range, and importantly allows studies at physiological pH (7.4). 
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Figure 3.4. Stability of SMILPs. a. The turbidity of SMALP and SMILP solutions as a function of pH. 
Data were recorded at concentrations of 0.33 mg/mL DMPC, 0.1 % w/v SMA or SMI for SMALPs and 
SMILPs respectively, in 50 mM sodium phosphate, 200 mM NaCl.  b. The turbidity of SMALP and 
SMILP solutions in response to increasing concentrations of Mg2+ or Ca2+. c. DLS data showing the 
effect of temperature on Z-average diameter (orange) and PDI (magneta) of DMPC-SMILPs (1.5 % w/v 
SMI, 5 mg.mL-1 DMPC, 50 mM sodium acetate, 200 mM NaCl, pH 5). Points represent the mean value 
taken from three separate experiments with error bars displaying ± 1 standard error. d. DLS data showing 
the effect of freeze-thaw cycles on Z-average diameter (orange) and PDI (magenta) of DMPC-SMILPs 
(1.5 % w/v SMI, 5 mg.mL-1 DMPC, 50 mM sodium acetate, 200 mM NaCl, pH 5). Points represent the 
mean value taken from three separate experiments with error bars displaying ± 1 standard error.  
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In addition, SMILPs exhibit high thermal stability as monitored by DLS (Figure 3.4c & d). We 
observed no significant changes to polydispersity up to 80 ℃ and no changes in diameter over a wide 
temperature range (16 ℃ - 80 ℃) However, there was a decrease in diameter between 10 ℃ and 16 ℃. 
Importantly, we observed no signs of aggregation or precipitation at elevated temperature. We also 
observed that the diameter of the particles increased from 6.05 ± 0.10 nm to 7.58 ± 0.78 nm after multiple 
freeze-thaw cycles. This is not enough to suggest aggregation or precipitation and no peaks of larger 
diameter were observed in the associated particle size distributions (Appendix B, Figure B.3). These 
data indicate that SMILPs are a stable platform which is ideal for applications involving the presence of 
divalent cations and acidic pH. 
3.3.4 SMILP solubilization of membrane proteins from biological membranes 
SMA has been widely utilized for the solubilization of membrane proteins. We therefore investigated 
the efficiency of SMI to solubilize membrane proteins directly from native Escherichia coli (E. coli) 
membranes. The solubilizing capability of SMI was compared to that of SMA2000 and to the detergent 
n-dodecyl β-ᴅ-maltoside (DDM), which is commonly employed for solubilizing functional membrane 
proteins. A control where no solubilizing agent was added to the membranes was also included (Figure 
3.5a). Soluble and insoluble fractions were separated by ultracentrifugation and analyzed by SDS-
PAGE. SMILP-solubilized samples show a diffuse low molecular weight band that results from the 
presence of polymer in the soluble fractions at pH 5 and pH 7. Despite this, it is clear that both SMI and 
DDM effectively solubilize E. coli membrane proteins, which are evident in the supernatant fraction (S) 
at both pH values (Figure 3.5a). In contrast, SMA is ineffective at pH 5. At pH 7 however, both SMI 
and SMA effectively solubilized membrane proteins, consistent with the pH-dependence data of SMILP 
and SMALP stability presented in Figure 3.4a. However at pH 7, SMI is less effective than SMA or 
DDM. 
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Figure 3.5. The solubilization of membrane proteins using SMI. a. Coomassie stained SDS-PAGE 
showing the range of proteins that have been solublized (S) and remained insoluble (I) after the 
incubation of E. coli membranes with SMI compared to DDM  SMA2000 at pH 5 and pH 7. A control 
using membranes without the addition of SMI, DDM or SMA is also shown. b. Coomassie stained SDS-
PAGE showing the relative yield and purity of E.coli His6-ZipA extracted with SMA compared with 
SMI over six elutions (E1 – E6) from Ni2+-NTA IMAC purification. c.  Binding of [3H]ZM241385 to 
A2AR-SMILP extracted from HEK 293T cells expressing human A2AR. Non-specific binding was 
defined by a saturating concentration (1 µM) of ZM241385. d. Binding of [3H]vasopressin ([3H]AVP) 
to V1aR-SMILP extracted from HEK 293T cells expressing human V1aR. Non-specific binding was 
defined by a saturating concentration (1 µM) of AVP. Binding data are mean ± s.e.m. of three separate 
experiments performed in triplicate with total binding, non-specific binding and specific binding shown 
in each case.  
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In order to be widely adopted, SMILP-solubilized proteins must be amenable to purification 
techniques. To investigate the yield and purity of SMILP-solubilized compared to SMALP-solubilized 
proteins, Ni2+-NTA immobilized metal affinity chromatography (IMAC) was performed on E. coli 
ZipA, which has been previously used to determine the efficiency of different SMA polymers38, after 
extraction with SMA and SMI (Figure 3.5b). The yield obtained when extracting ZipA using SMI is 
marginally less than when using SMA, which is corroborated by whole membrane extractions discussed 
above. Importantly, SMILP-ZipA can be obtained at a higher purity than SMALP-ZipA. 
To investigate if the functional capability of membrane proteins was preserved following 
encapsulation in a SMILP, two G-protein-coupled receptors (GPCRs) were SMILP-solubilized. The 
human adenosine A2A receptor (A2AR) and the human V1a vasopressin receptor (V1aR) were each 
transiently expressed in HEK 293T cells and the cells solubilized by SMI. The binding capability of the 
SMI-solubilized membranes containing GPCR-SMILPs was determined by radio-ligand binding assays 
using [3H]ZM241385 as tracer ligand for the A2AR encapsulated in a SMILP (A2AR-SMILP) and 
[3H]vasopressin ([3H]AVP) as tracer ligand for the V1aR-SMILP. Non-specific binding was determined 
in each case by a saturating concentration (1 µM) of unlabeled ligand. The SMILP-solubilized A2AR 
and V1aR were both functional as specific binding to the receptor was observed for both the A2AR-
SMILP (Figure 3.5c) and the V1aR-SMILP (Figure 3.5d), with 59 ± 6 % and 42 ± 10 % (mean ± s.e.m.) 
of total binding being specific binding, respectively. 
 DISCUSSION 
The similarity in the thermodynamic parameters for SMALP self-assembly to those obtained for SMI 
show that there is a similar thermodynamic driving force for the formation of both SMALPs and 
SMILPs. In both cases it is the polymer that drives this process, despite the electrostatic differences 
between SMI and SMA. SMI shows a slightly larger negative free energy change upon interaction with 
the lipids than SMA, indicating a more favorable self-assembly. As with all other polymers so far studied 
(SMA(2:1) 33,34, SMA(3:1) 21,37 and DIBMA 40) there is a small positive free energy change associated 
with DMPC moving from vesicle to nanodisc. This means that SMI can be thought of as a mild 
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membrane solubilizer, since it effectively keeps the lipid molecules in a free-energy environment similar 
to that experienced in vesicles. 
When comparing SMI to DIBMA, SMI is more efficient at initiating the onset of solubilization, 
although higher concentrations of SMI are required for completion of solubilization than that of 
DIBMA. The free energy change associated with DMPC during nanodisc formation is slightly less 
positive in “DIBMALPs” than in SMILPs. The driving force for SMI to self-assemble into nanodiscs is 
over twice as strong as DIBMA, indicating SMILP formation is overall more thermodynamically 
favored in comparison to DIBMALPs. 
SMALPs have been widely reported to have diameters of approximately 10 nm. Data presented here 
suggest that SMILPs appear slightly smaller. By comparison, pH-resistant SMA-QA polymers form 
‘macro-nanodiscs’ with substantially larger diameters up to approximately 30 nm51 while the acid-
soluble SMAd-A has been observed to form nanodiscs slightly smaller than observed for SMALPs: 
between 5 – 10 nm50. Values from TEM, DLS and SEC-MALS suggest SMILPs have diameters ranging 
from 12 to 6 nm, similar to SMAd-A nanodiscs. A more in-depth structural investigation of SMILPs 
using SAXS suggests a smaller overall particle diameter of around 5 nm. This discrepancy in SMILPs 
analyzed by TEM appearing larger is likely due to negative staining by PTA coating the particles, 
leading to a larger apparent diameter. DLS and SEC-MALS are similarly affected by the hydration shell 
around SMILPs, with analysis assuming a spherical particle. SAXS is insensitive to these limitations, 
providing a more accurate estimation of size, whilst also showing that the adopted structure is consistent 
with the ‘nanodisc’ model proposed for SMALPs. The presence of free SMI as determined by SAXS 
and SEC-MALS may also explain the particle size distribution seen by TEM. The population of smaller 
particles is most likely due to aggregates formed by excess SMI. This is similar to previous studies of 
oil microencapsulation by SMI. However, it is also possible that the second population also represents 
the second dimension of the SMILP nanodisc structure (i.e. it is slightly bigger than the “thickness” of 
the nanodiscs determined by SAXS: lipid tail + lipid head is ~ 3.5 nm). 
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The parameters obtained from fitting SAXS data, taking into account the presence of free SMI, 
indicate that SMILPs are smaller than SMALPs due to a decreased diameter of the phospholipid core. 
The diameter of the core, however, increases slightly with an increased DMPC:SMI ratio while the 
thickness of the SMI belt remains unchanged. These data are in agreement with DLS data, suggesting 
that phospholipid partitions between the available polymer, leading to changes in particle diameter for 
different relative ratios of DMPC:SMI. Interestingly, SEC-MALS data collected for SMILPs formed at 
different SMI:DMPC ratios indicate that once formed, excess SMI aggregates can be removed and the 
different sizes of SMILPs can be maintained through purification. This could have important application 
to membrane protein solubilization whereby the size of the SMILP can be tuned to optimally 
accommodate the target protein. 
Two of the major limitations of SMALPs have been their insolubility at acidic pH and their very low 
tolerance of divalent cations. SMILPs display the opposite pH dependence to SMALPs, whilst being 
able to tolerate higher concentrations of divalent cations than SMALPs and DIBMALPs. Meanwhile, 
SMILPs show improved thermal stability relative to SMALPs33, with demonstrated stability up to 80 ℃ 
and over many freeze-thaw cycles. While a decrease in diameter is observed between 10 and 16 ℃, the 
mechanism behind this change remains unclear. While it could be indicative of minor lipid loss from 
increased thermal motion of either the lipids or the polymer, it is also possible that more subtle structural 
rearrangements occur to which the DLS technique is insensitive. However, regardless of the mechanism 
of this small change in SMILP size, the absence of any large aggregates and relatively constant PDI up 
to 80 ℃ indicate SMILPs provide a stable platform for membrane protein solubilization. 
When used to solubilize membrane proteins from biological membranes, SMI is effective below pH 
7.8 and importantly is effective at the physiological relevant pH of 7.4. This is an important attribute as 
it allows membrane proteins that cannot tolerate low pH to be studied using SMILPs. The decreased 
solubilization efficiency of SMI compared to SMA at pH 7 may be due to the size of SMILPs. With 
such a small lipid core, it is unclear how much native lipid can remain in the SMILP in addition to a 
membrane protein. SMI does not exhibit any selectivity towards the size of the proteins which are 
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solubilized within SMILPs, with both high and low Mw proteins being equally represented. This is 
surprising given the smaller diameter of the lipid core as determined by SAXS. Although SMI forms 
nanodisc structures in the presence of phospholipids alone, the addition of membrane proteins may lead 
to SMI acting more as an amphipol rather than a nanodisc, but with the benefit of being able to extract 
proteins directly from cell membranes. Irrespective of the solubilization mechanism, it is clear that the 
SMILP-solubilized GPCRs investigated here retain a conformation capable of ligand binding. The A2AR 
and the V1aR have different binding modes in that the A2AR binds small biogenic amine ligands within 
the transmembrane helical bundle whereas the V1aR binds larger nonapeptides to a binding site 
comprising extracellular elements in addition to the helical bundle64. Despite differences in their binding 
modes, both A2AR-SMILP and V1aR-SMILP retained ligand binding capability. In each case non-
specific binding of radio-ligand was expected, resulting from low level ligand partitioning into the lipid 
bilayer, or the SMI polymer belt. However, the degree of non-specific binding when using GPCR-
SMILPs is similar to previously observed for GPCR-SMALPs and low enough to allow accurate 
measurement of specific binding. The non-specific binding of [3H]ZM241385 to A2AR-SMILP was 41 
± 5.3% of total binding, compared to 39 ± 3.8% observed for [3H]ZM241385 binding to the same 
receptor in a SMALP (A2AR-SMALP)23. Consequently, using GPCRs as an example, it has been shown 
that SMI-solubilized membrane proteins remain functional. Furthermore, SMILP-solubilized ZipA can 
be obtained to a higher degree of purity than SMALP-solubilized ZipA, albeit at a slightly lower yield. 
This could have important implications for applications such as electron microscopy, where only 
micrograms of sample are required but at a very high level of purity. 
 CONCLUSIONS 
Nanodisc technology is becoming widely adopted as a membrane and membrane protein 
solubilization strategy. The recent development of SMALP nanodiscs provides benefits over other 
alternative solubilization strategies by being able to solubilize membrane proteins directly from the host 
cell membrane whilst keeping the annular lipids present within the nanodisc to maintain the native 
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environment of the membrane protein29. SMALPs however are limited by two predominant factors: 
insolubility at low pH and precipitation in the presence of divalent cations. 
We have presented data showing that the positively charged SMI polymer can self-assemble in the 
presence of phospholipids in acidic conditions to form SMI lipid particle (SMILP) nanodiscs which are 
both thermally stable and stable in the presence of divalent cations. SMI is also capable of extracting 
functional membrane proteins directly from biological membranes. 
Recent developments in nanodisc-forming polymers have resulted in a range of polymers capable of 
forming nanodiscs which can solubilize membrane proteins. These polymers, now with the addition of 
SMI, provide a nanodisc toolbox for the study of membrane proteins, where the nanodisc can be tuned 
to application. For example, SMA has been successfully utilised for structural studies of membrane 
proteins by electron microscopy24,32, X-ray crystallography31, and solid-state NMR30 as well as 
functional studies23,25,29. However, the limitations discussed above still apply. For solubilization of larger 
membrane proteins or complexes, a larger nanodisc may be required. High resolution cryo-transmission 
electron microscopy also benefits from a larger particle. It has been demonstrated that SMA polymers 
synthesised by random addition fragmentation chain transfer (RAFT) polymerisation can form larger 
nanodiscs43 which would be suited for these studies. Similarly, macro-nanodiscs formed by SMA-QA51 
and SMA-EA48,49 may prove advantageous for study of membrane proteins by electron microscopy. In 
addition, structural studies of membrane proteins by 2D solid-state NMR could benefit from the 
demonstrated magnetic alignment properties of SMA-QA and SMA-EA nanodiscs. For downstream 
spectroscopic applications such as circular dichroism, DIBMA40 and PMA47 are ideal polymers due to 
the absence of the styrene moiety leading to non-overlapping UV-absorbance signals from the polymer 
and solubilized proteins. Sulfhydryl-modified SMA (SMA-SH)44 is capable of solubilizing membrane 
proteins and is ideal for fluorescence studies and surface-coupling applications such as surface plasmon 
resonance, where specific chemistries can be easily added to the polymer. Now, we have shown that 
SMI is the ideal polymer for the solubilization of membrane proteins that require acidic pH or the 
presence of high concentrations of divalent cations directly from biological membranes. For example, 
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membrane-associated ATPase enzymes41 and the calcium-dependant potassium channel superfamily42 
require Mg2+ or Ca2+ for activity, which would be incompatible with the SMALP system. 
Having demonstrated the potential of SMILPs, we will continue our studies of this system to obtain 
more detail on the structure, function and the mechanism by which it operates. As a first step we have 
already performed neutron small angle scattering measurements (data currently under analysis) that will 
provide improved structural detail on the size and shape of SMILPs. 
Taken together these data show that SMILPs address some of the long-standing limitations of 
SMALPs and other existing nanodisc forming polymers. Together this makes SMILPs and important 
addition to the membrane nanodisc toolbox. 
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 ABSTRACT 
Over recent years, there has been a rapid development of membrane-mimetic systems to encapsulate 
and stabilize planar segments of phospholipid bilayers in solution. One such system has been the use of 
amphipathic copolymers to solubilize lipid bilayers into nanodiscs. The attractiveness of this system, in 
part, stems from the capability of these polymers to solubilize membrane proteins directly from the host 
cell membrane. The assumption has been that the native lipid annulus remains intact, with nanodiscs 
providing a snapshot of the lipid environment. Recent studies have provided evidence that phospholipids 
can exchange from the nanodiscs with either lipids at interfaces, or with other nanodiscs in bulk solution. 
Here we investigate kinetics of lipid exchange between three recently studied polymer-stabilized 
nanodiscs and model lipid membranes at the air-water and silicon-water interfaces. We show that lipid 
and polymer exchange occurs in all nanodiscs tested, though the rate differs between different nanodisc 
types and interfaces. This has important implications in applications of polymer-stabilized nanodiscs to 
membrane protein research. 
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 INTRODUCTION 
he inherent amphiphilic nature of biological membranes has been a persistent challenge when 
attempting to study membrane proteins (MPs). These molecules represent an important class 
of biological macromolecules, as exemplified by representing approximately 30% of the protein-coding 
regions of the human genome and 60% of therapeutic drug targets.1–3 MPs require stabilization of a 
hydrophobic, transmembrane core for solubility in aqueous media. This has traditionally been achieved 
by the use of ‘head and tail’ surfactants which act by assembling a micelle around the MP of interest, 
with hydrophobic tails stabilizing the transmembrane regions of the protein, and hydrophilic head 
groups allowing interactions with the aqueous solvent.4–6 However, this leads to issues with stability, 
denaturation and suppression of conformational flexibility which is frequently a bottleneck when 
attempting in vitro studies of isolated MPs.7,8 
Over the past 20 years there has been a rapid development of alternative solubilization strategies 
attempting to overcome the limitations of classical surfactant mediated MP solubilization.9–12 One such 
solution has been nanodiscs: nanoscale discoidal colloidal particles which consist of a central core of a 
planar phospholipid bilayer which is stabilized by a ‘belt’ of a helical amphiphilic membrane scaffold 
protein (MSP). MSP-nanodiscs have been shown to self-assemble in the presence of synthetic 
phospholipid vesicles to form a highly monodisperse population of particles whilst allowing precise 
control over nanodisc diameters.13,14 When applied to MPs, MSP-nanodiscs have been shown to provide 
stability and structural homogeneity, superior to surfactant-solubilized MPs, which has allowed for 
extensive functional and structural studies of nanodiscs both with and without an encapsulated MP using 
a broad range of techniques.15–23 
Despite the success of MSP-nanodiscs, MPs still require solubilization using a classical surfactant 
prior to reconstitution into MSP-nanodiscs. To overcome this bottleneck, an alternative nanodisc 
technology has been more recently developed. An amphipathic copolymer, poly(styrene-co-maleic acid) 
(SMA), has been shown to self-assemble in the presence of  phospholipids to form nanodiscs.24 These 
polymer-stabilized nanodiscs, structurally analogous to MSP-nanodiscs but with the lipid core stabilized 
T 
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by a polymer belt 25, have been termed SMA lipid particles (SMALPs). SMA has the advantage of being  
able to solubilize MPs directly from the cell membrane, without the need for classical surfactants at any 
stage.26 SMALPs have been reported to both maintain protein function and improve stability over 
classical surfactant solubilized MPs and also MPs in native membranes.27,28 Furthermore, the capability 
of SMA to extract MPs directly from the cell membrane maintains a more native-like lipid environment, 
facilitating functional 29,28,30 and structural 31–34 studies of SMALP-solubilized MPs . 
There have now been a number of studies detailing the self-assembly and structure of SMALP 
nanodiscs from a range of commercially available SMA copolymers.35–39 This has spawned a drive to 
develop new nanodisc-forming polymers which are able to form nanodiscs with increased stability, 
enhanced buffer compatibility, modified size and improved properties for a larger range of downstream 
applications.40 One example is the synthesis of SMA polymers by reversible addition-fragmentation 
chain transfer polymerization (RAFT) polymerization. These polymers have a narrower size distribution 
than commercial SMA polymers and have a substantially different monomer architecture along the 
polymer chain, whereby the styrene and maleic acid monomers are initially alternating, tending towards 
longer poly(styrene) stretches along the length of the chain as maleic acid is consumed throughout the 
synthesis reaction.41 RAFT-SMA has been shown to form nanodiscs in a similar manner to commercial 
SMAs but forming nanodiscs of increased size and with greater thermodynamic efficiency.39,42 
Another polymer, poly(styrene-co-maleimide) (SMI) has recently been shown to form nanodiscs 
termed SMI lipid particles (SMILPs).43 In contrast to SMA, SMI contains positively charged 
dimethylaminopropylamine maleimide in place of maleic acid as the hydrophilic component. This has 
a number of advantages over SMA, including solubility under acidic conditions and a high tolerance to 
divalent cations. While SMI is capable of efficiently solubilizing phospholipids to form nanodiscs, 
SMILPs are somewhat smaller than SMALPs and SMI is less efficient at MP solubilization from 
biological membranes. 
Due to the therapeutic importance of MPs, nanodiscs have gained significant interest in application 
to characterizing MP-ligand interactions and drug discovery. An increasingly adopted strategy involves 
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adsorption of the MP of interest to interfaces allowing interaction screens against large compound 
libraries to be performed using techniques such as surface plasmon resonance (SPR).44 MSP-nanodiscs 
have been shown to adsorb to the air-water and Si-water interfaces where the plane of the membrane 
lies parallel to the surface under investigation.45 Further studies have shown that MSP-nanodiscs 
containing cytochrome P450 reductase align at the Si-water interface in a similar manner whilst retaining 
dynamic conformational flexibility and solvent accessibility of globular, soluble domains.46,47  
Inspired by this work, the interaction of SMALP nanodiscs containing a phospholipid bilayer with a 
net-negative charge to synthetic lipid monolayers containing positively charged surfactants was studied 
using neutron reflectometry. It was hoped that an electrostatic interaction between nanodiscs and lipid 
interfaces would aid the adsorption process. However, the data could not be fit assuming a meaningful 
coverage of adsorbed nanodiscs, but instead lipid exchange between the lipids in the monolayers and 
nanodiscs was found to be the only explanation, providing the first evidence of the phenomenon of lipid 
exchange occurring with SMALPs.48  
Lipid exchange between SMALP nanodiscs in solution has since been investigated in more detail. 
These studies revealed a combination of a rapid collisional and slower monomer diffusion mechanism 
underlying the transfer of lipids between nanodiscs in solution where the rate of lipid exchange is 
increased further with increasing ionic strength.49,50 Furthermore, lipid exchange is not unique to an 
individual SMA polymer, where RAFT-SMA 48, SMA(2:1) 50 (containing a 2:1 ratio of styrene:maleic 
acid monomers, tradename Xiran SZ30010) and SMA(3:1) 49 (tradename Xiran SL25010 S25) have 
now been shown to exhibit rapid lipid exchange between nanodiscs. 
While much research has been conducted characterizing lipid exchange between nanodiscs in 
solution, the interaction with different nanodisc types and model membranes remains relatively 
unknown. Here, we have investigated the interactions between nanodiscs and lipid monolayers and 
bilayers at the air-water and Si-water interfaces, respectively as mimics of biological membranes. We 
have use nanodiscs formed of three polymers: SMA2000 (SMA), SMA2000I (SMI) and a RAFT-
synthesized SMA (RAFT-SMA), each containing a 2:1 ratio of styrene:maleic acid (or maleimide in the 
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case of SMI).39,43 While lipid exchange at interfaces has been reported for nanodiscs bound by RAFT-
SMA,48 there have been no such reports for SMA2000 or SMI. We determine the kinetics of lipid 
exchange at these two interfaces using a combination of neutron reflectometry and attenuated total 
reflection Fourier transform infrared (ATR-FTIR) spectroscopy and show that each nanodisc type 
exhibits different kinetics for deposition and removal of lipids at each interface measured. Furthermore, 
contrary to earlier studies, in the process of carrying out these measurements we have observed an 
adsorption of SMALPs formed by RAFT-SMA to phospholipid bilayers at the Si-water interface in 
addition to lipid exchange, an unexpected result. While this was not observed at the air-water interface, 
both interfaces show a localization of polymers at the membrane with each nanodisc system. This 
provides evidence of a mechanism through which lipid exchange may occur between nanodiscs and 
planar membranes. The results presented here have important implications in membrane and membrane 
protein research, challenging the viewpoint of polymer-bound nanodiscs representing a static and 
kinetically trapped snapshot of a native cell-membrane environment. 
 MATERIALS AND METHODS 
4.3.1 Materials 
Fully hydrogenated 1,2-dimyristoyl-d54-sn-glycero-3-phosphocholine (hDMPC) and tail-deuterated 
d54-DMPC (dDMPC) were purchased from Avanti Polar Lipids. SMA2000 and SMA2000I resin was 
purchased from Cray Valley. All other chemicals were purchased from Sigma-Aldrich at > 98% purity 
and used without further purification. 
4.3.2 Methods 
4.3.2.1 Polymer solubilization 
Both RAFT-SMAnh (synthesized as previously described 39,51) and SMAnh require hydrolysis from 
the anhydride to the acid forms to become soluble in aqueous solution, and for functionality in SMALP 
nanodisc self-assembly. Copolymer hydrolysis was performed as previously described.39 In brief, a 10% 
w/v suspension of either SMAnh or RAFT-SMAnh in 1 M NaOH was heated under reflux for 2 hrs. 
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Once the clarified solution had cooled, soluble SMA was precipitated by the dropwise addition of 
concentrated HCl until pH < 5.0. Precipitated SMA was pelleted by centrifugation at 10,000 ×g and 
washed 3 times in water. After washing, precipitated SMA was dissolved in 0.6 M NaOH and incubated 
at 37°C for 16 hours before repeating the precipitation and washing procedure. The final hydrolyzed 
SMAs were again dissolved in a minimal volume of 0.6 M NaOH, adjusted to pH 8.0 by dropwise 
addition of concentrated HCl, lyophilized and used without further purification. 
Similarly SMI was solubilized as previously described 43. This was essentially performed in the same 
manner as for both SMA copolymers, except 10% w/v SMA2000I resin in 1 M HCl was heated under 
reflux for 2 hours. The precipitation and washing procedure was identical as for SMA, except the 
polymer was precipitated by the dropwise addition of 5 M NaOH until pH > 9.0 prior to redissolution 
in 0.6 M HCl. After washing, precipitated, solubilized SMI was dissolved in a minimal volume of 0.6 
M HCl, adjusted to pH 5.0 by dropwise addition of 5 M NaOH, lyophilized and used without further 
purification. 
4.3.2.2 Nanodisc preparation 
hDMPC or dDMPC powder was dissolved in CHCl3 and dried under a stream of N2 to create a 
multilamellar lipid film around a glass vial. Vials were desiccated for at least 2 hours to remove residual 
solvent. For experiments using SMA, lipids were rehydrated in 50 mM sodium phosphate, 200 mM 
NaCl, pH 8.0 to 5 mg/mL. For experiments using SMI, lipids were rehydrated in 50 mM sodium acetate, 
200 mM NaCl, pH 5.0. In all cases, the buffer was warmed to 30°C and lipids hydrated to 10 mg/mL. 
Vesicles were formed by sonication at 30°C for 30 minutes. 3% w/v polymer was prepared in the 
appropriate buffer (SMA - 50 mM sodium phosphate, 200 mM NaCl, pH 8.0; SMI - 50 mM sodium 
acetate (NaOAc), 200 mM NaCl, pH 5.0) and added to vesicles at a 1:1 v/v ratio to a final volume of 10 
mL. The nanodisc solutions were allowed to equilibrate at room temperature for 24 hours. Nanodiscs 
were concentrated in 10,000 MWCO centrifugal concentrator tubes to a volume of 3 mL. Concentrated 
nanodiscs were purified by size exclusion chromatography (SEC) using a HiLoad Superdex 200 26/600 
column, equilibrated in the same buffer, attached to an Äkta purification system (GE Healthcare Life 
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Sciences, Buckinghamshire, UK) monitoring absorbance at 254 nm (Appendix C, Figure C.1). Fractions 
containing nanodiscs, as confirmed by dynamic light scattering (Appendix C, Figure C.2), were pooled, 
flash frozen in liquid nitrogen and stored at -80°C. 
4.3.2.3 Langmuir trough measurements 
Buffer was made as described above (Na2HPO4 pH 8.0 for SMAs and NaOAc pH 5.0 for SMI) in 
H2O or D2O. Buffers were made in air-contrast-matched water (ACMW) by the addition of 8.9% w/w 
deuterated buffer to hydrogenated buffer. A Teflon Langmuir trough was cleaned with EtOH and CHCl3 
before the addition of ACMW buffer. Temperature was maintained at 25°C. After sufficient wetting of 
the Wilhelmy plate, 45 µL of 0.5 mg/mL hDMPC or dDMPC in CHCl3 was spread on the surface and 
CHCl3 allowed to evaporate for 10 minutes. Three compression-expansion cycles were performed 
between 0 and 40 mN∙m-1 before the surface area was compressed to a surface pressure of 10 mN∙m-1 
and the surface area maintained. Nanodiscs in ACMW were injected into the subphase to a final polymer 
concentration of 0.5 µM and the surface pressure monitored as a function of time. 
4.3.2.4 Neutron reflectometry (NR) at the air-water interface 
Neutron reflectometry (NR) was performed using the FIGARO reflectometer at the Institut Laue-
Langevin.52 Detailed descriptions of the theoretical basis of NR, instrumental details and applications to 
soft-matter have been described in depth elsewhere,53–55 so here we will only include a brief description 
of the technique. NR measures the specular reflection of neutrons as a function of the scattering vector 
perpendicular to the surface normal (𝑄𝑧), defined by: 
𝑄𝑧 =
4𝜋 sin 𝜃
𝜆
 
where 𝜃 represents the angle of reflection and 𝜆 represents the wavelength of the reflected neutrons. The 
reflected intensity is dependent on the structure and scattering length density (SLD) of the material at 
the interface, as well as the scattering length density of the bulk phases through an inverse Fourier 
transform. The SLD of a molecule is defined as: 
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𝜌 =
∑ 𝑏𝑐
𝑛
𝑖=1
𝑉𝑚
 
where SLD, 𝜌, is given by the sum of the coherent scattering lengths, 𝑏𝑐, for each atomic nuclei, n, 
within a given molecular volume, 𝑉𝑚. Due to the distinctly different neutron scattering lengths of 
deuterium and hydrogen (-3.74 × 10-5 Å and 6.67 × 10-5 Å, respectively), NR is very sensitive to the 
incorporation of hydrogenated material from nanodiscs into a deuterated monolayer, or vice versa. As 
FIGARO is a time-of-flight instrument, the reflectivity was measured at two fixed angles, θ = 0.62 and 
3.8° with a wavelength range of 2 – 30 Å covering an effective 𝑄𝑧 range of 0.01 to 0.3 Å
-1 with a 
wavelength resolution (δλ/λ) of 7%. Structural measurements covering the full obtainable 𝑄𝑧 range were 
collected before the injection of nanodiscs, and 2 hours after nanodisc injection. Specular reflectivity 
was measured for 10 minutes at θ = 0.62° and 30 minutes at θ = 3.8°. The resulting reflectivity curves 
were normalized against the direct beam and “stitched” together. For kinetic measurements, only θ = 
0.62° was collected, measuring for 30 seconds for the first 15 minutes after nanodisc injection, and then 
measuring for 2 minutes for a further 100 minutes. 
4.3.2.5 Analysis of Langmuir monolayer structure at the air-water interface 
Full-Q NR data were analyzed using RasCAL software running within MATLAB.56 Due to the loss 
of phase information upon measuring the reflected neutron intensity, it is not possible to directly 
transform the experimental data to obtain the interfacial structure. Instead, a theoretical reflectometry 
pattern was back-calculated for a model scattering length density profile, and iteratively, simultaneously 
fit to the  experimental data for monolayers of hDMPC and dDMPC on ACMW. Within the model, lipid 
tails and lipid headgroups were treated as individual homogenous layers, each with an SLD, thickness, 
interfacial roughness and solvent volume fraction. The models were constrained such that the surface 
excess of phospholipid tails matches that of the head groups to represent a physically relevant 
monolayer. This was achieved by calculating a mean molecular area from the thickness of the 
phospholipid tail layer, where 
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𝐴𝑇𝑎𝑖𝑙𝑠 =
𝑉𝑚,𝑇𝑎𝑖𝑙𝑠
𝑑𝑇𝑎𝑖𝑙𝑠
 
Here, 𝐴𝑇𝑎𝑖𝑙𝑠 represents the mean molecular area associated with the phospholipid tails, 𝑉𝑚,𝑇𝑎𝑖𝑙𝑠 
represents the partial specific molecular volume of the phospholipid tails and 𝑑𝑇𝑎𝑖𝑙𝑠 corresponds to the 
fitted thickness of the tail layer. Solvent penetration into the tail layer was assumed to be negligible. 
Similarly the apparent hydrated area of the lipid headgroups, 𝐴𝐻𝑒𝑎𝑑𝑠,𝐻𝑦𝑑, can be calculated as 
𝐴𝐻𝑒𝑎𝑑𝑠,𝐻𝑦𝑑 =
𝑉𝑚,𝐻𝑒𝑎𝑑𝑠
𝑑𝐻𝑒𝑎𝑑𝑠
 
Where 𝑉𝑚,𝐻𝑒𝑎𝑑𝑠 represents the partial specific molecular volume of headgroups as 𝑑𝐻𝑒𝑎𝑑𝑠 represents 
the fitted thickness of the headgroup layer. As the mean molecular area of the headgroups must equal 
that of the phospholipid tails, the volume fraction of ‘dry’ lipid headgroups,  𝜒𝐻𝑒𝑎𝑑𝑠, within the layer 
can be calculated as  
𝜒𝐻𝑒𝑎𝑑𝑠 =
𝐴𝐻𝑒𝑎𝑑𝑠,𝐻𝑦𝑑
𝐴𝑇𝑎𝑖𝑙𝑠
 
Allowing calculation of the volume fraction of solvent, 𝜒𝑆𝑜𝑙𝑣𝑒𝑛𝑡, in the headgroup layer from 
𝜒𝑆𝑜𝑙𝑣𝑒𝑛𝑡 = 1 − 𝜒𝐻𝑒𝑎𝑑𝑠 
This allows direct calculation of headgroup hydration throughout the fitting procedure to ensure the 
model describes a physically feasible monolayer. Furthermore, 𝑑𝑇𝑎𝑖𝑙𝑠 and 𝑑𝐻𝑒𝑎𝑑𝑠 were constrained to 
not exceed the maximum thickness for a fully extended conformation. These values were calculated 
using the trigonometric law of cosines from ideal bond angles and bond lengths as 16 and 12 Å, 
respectively. We made the assumption that DMPC remains in the liquid expanded (LE) phase 
throughout the measurement (π = 10 mN∙m-1, T = 25°C) such that the molecular volumes, and therefore 
SLDs, remain unchanged for pure hDMPC and dDMPC. Literature values for the partial specific 
molecular volumes of PC headgroups (281.9 Å3) and dimyristoyl tails (779.0 Å3) were used to calculate 
the SLD throughout.57 Additionally surface roughness between layers held constant to account for 
surface capillary waves at fluid interfaces with surfactant-induced decreased surface tension.58 After 
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injection of nanodiscs, the SLD of the tail region was allowed to vary through the fitting procedure to 
allow for the incorporation of different isotopically labelled molecules into the monolayer from the 
nanodiscs. Due to the lack of available contrasts, and restricted 𝑄𝑧 range to accurately model subtle 
structural changes to the monolayer upon nanodisc interactions, the remainder of the parameters were 
fixed according to the structural model fit prior to nanodisc injection. The error associated with each 
fitted parameter was estimated using Markov chain Monte Carlo (MCMC) methods implemented within 
RasCAL to account for the covariance between parameters. We assumed a Gaussian prior distribution 
for each parameter. The posterior distribution was determined by performing 50,000 iterations with 
5,000 burn-in points to allow for location of the global minima. The 95% confidence interval was then 
calculated from the posterior distribution obtained after three independent repeat runs. For any 
individual contrast, the smallest real space structures which can be resolved by defined features in the 
data is given by 𝑑𝑚𝑖𝑛 = 2𝜋 𝑄𝑚𝑎𝑥⁄ , though structures smaller than this limit can be inferred by using 
multiple contrasts, either interfacial or bulk. Throughout this work, we have quoted fit parameters and 
errors to the nearest ångström to account for both the limited contrasts and  𝑄𝑧 range.  
4.3.2.6 Analysis of lipid exchange kinetics at the air-water interface 
The application of specular NR to perform kinetic studies has been recently described in detail 
elsewhere.59,53 Therefore, here only a brief description will be given. At low Q, the reflected intensity is 
dependent solely on the scattering excess, defined as product of total layer thickness (d) and the total 
SLD (𝜌), with no contribution of interfacial structure. By restricting the measured 𝑄𝑧 range to 0.01 Å
-1 
– 0.04 Å-1, and maximizing neutron flux at the expense of 𝑄𝑧-resolution, the scattering excess can be 
monitored in real time without sacrificing time resolution. From, the scattering excess, the surface 
excess, Γ, can be calculated: 
𝛤 =
𝜌𝑑
𝑁𝐴𝑏𝑖
 
where NA represents Avogadro’s constant and bi represents the coherent scattering length. In this case, 
the total scattering excess is governed by a combination of the surface excess of two components: 
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hDMPC and d54DMPC, from either the spread monolayer (ΓM), or the nanodiscs in solution (ΓN). For 
each of the two measured contrasts (d54DMPC nanodiscs exchanging with hDMPC monolayer and vice 
versa), the measured scattering excess is governed by a combination of the surface excess of each of the 
two components, the scattering lengths of d54DMPC and hDMPC (bD and bH, respectively) and 
Avogadro’s constant: 
𝜌𝑑𝑐1 = (𝛤𝑀𝑏𝐻 + 𝛤𝑁𝑏𝐷)𝑁𝐴 
𝜌𝑑𝑐2 = (𝛤𝑀𝑏𝐷 + 𝛤𝑁𝑏𝐻)𝑁𝐴 
The scattering excess at each time point was obtained by fitting the scattering length density of the 
tail layer within the model obtained with full-Q data. This allows, at each measured time point, 
calculation of the surface excess of the lipids originating from the nanodiscs in solution: 
𝛤𝑁 =
𝑏𝐷𝜌𝑑𝑐1 − 𝑏𝐻𝜌𝑑𝑐2
𝑁𝐴(𝑏𝐷
2 − 𝑏𝐻
2)
 
and lipids originating from the spread monolayer: 
𝛤𝑀 = (
𝜌𝑑𝑐1
𝑁𝐴
− 𝛤𝑁𝑏𝐷)𝑏𝐻
−1
 
Surface excess values were then plotted with respect to time and kinetic equations fit to these data 
by non-linear regression. Lipid exchange at the air-water interface from nanodiscs to DMPC monolayers 
was modelled by a two-phase, first order process which was fit to the experimental surface excess data 
for lipid originating in the nanodiscs (ΓN): 
𝛤𝑁,𝑡 = 𝛤𝑁,0 + ∆𝛤𝑁,0,𝐹𝑎𝑠𝑡
 𝑒𝑞 (1 − 𝑒−𝑘𝑁→𝑀,𝐹𝑎𝑠𝑡∙𝑡) + ∆𝛤𝑁,0,𝑆𝑙𝑜𝑤
𝑒𝑞 (1 − 𝑒−𝑘𝑁→𝑀,𝑆𝑙𝑜𝑤∙𝑡) 
where the surface excess of lipid from the nanodiscs at the air-water interface at time t, 𝛤𝑁,𝑡, can be 
described by two first order rate constants for a fast and slow lipid exchange from the nanodiscs to the 
monolayer, 𝑘𝑁→𝑀,𝐹𝑎𝑠𝑡 and 𝑘𝑁→𝑀,𝑆𝑙𝑜𝑤, respectively. Each process is responsible for a proportion of the 
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decrease from the initial surface excess, 𝛤𝑁,0, to that at equilibrium , 𝛤𝑁,𝑒𝑞, described by ∆𝛤𝑁,0,𝐹𝑎𝑠𝑡
 𝑒𝑞
 and 
∆𝛤𝑁,0,𝑆𝑙𝑜𝑤
𝑒𝑞
 for the fast and slow processes, respectively. 
Single-phase first order kinetic equations were fit to the experimental data showing the decrease in 
surface excess of lipids originating in the monolayer (ΓM): 
𝛤𝑀,𝑡 = (𝛤𝑀,0 − 𝛤𝑀,𝑒𝑞)𝑒
−𝑘𝑀→𝑁,𝐷𝑖𝑠𝑠∙𝑡 + 𝛤𝑀,𝑒𝑞 
where the rate of decrease in surface excess of lipids originating at the monolayer at time t, 𝛤𝑀,𝑡, between 
the initial surface excess, 𝛤𝑀,0, and the surface excess at equilibrium, 𝛤𝑀,𝑒𝑞, can be described by a single 
dissociative first-order rate constant, 𝑘𝑀→𝑁,𝐷𝑖𝑠𝑠. In the case of exchange from the monolayer to SMALP 
nanodiscs, a single dissociative rate constant was not sufficient to provide satisfactory fits to the 
experimental data. Here, a combination of first-order decay and first-order association was applied: 
𝛤𝑀,𝑡 = (𝛤𝑀,0 − 𝛤𝑀,𝑒𝑞,𝐷𝑖𝑠𝑠)𝑒
−𝑘𝑀→𝑁,𝐷𝑖𝑠𝑠∙𝑡 + (𝛤𝑀,𝑒𝑞,𝐴𝑠𝑠(1 − 𝑒
−𝑘𝑀→𝑁,𝐴𝑠𝑠∙𝑡) 
where 𝑘𝑀→𝑁,𝐷𝑖𝑠𝑠 is the dissociative rate constant, 𝛤𝑀,𝑒𝑞,𝐷𝑖𝑠𝑠 is the equilibrium position of the dissociation 
process, 𝑘𝑀→𝑁,𝐴𝑠𝑠 is the associative rate constant and 𝛤𝑀,𝑒𝑞,𝐴𝑠𝑠 is the equilibrium position of the 
associative process. 
4.3.2.7 ATR-FTIR at the silicon-water interface 
Attenuated total reflection Fourier transform infrared spectroscopy (ATR-FTIR) provides a 
qualitative analysis of the chemical bonds present at a surface. An infrared (IR) beam is totally internally 
reflected through a substrate in contact with bulk solvent, where the refractive index of the substrate, n1, 
must be higher than that of the solvent, n2, to allow for total internal reflection. As the beam is reflected 
from the substrate-solvent interface, the beam penetrates into the solvent, with a depth, d, given by: 
𝑑 =
𝜆
2𝜋√𝑠𝑖𝑛2𝜃 − (𝑛1/𝑛2)2
 
where 𝜆 is the wavelength of the IR light and 𝜃 is the angle of incidence of the beam at the interface.60 
This penetration depth is on the order of a few microns, resulting in sensitivity to material adsorbed to 
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the substrate. The absorption of IR light within the penetration depth occurs when the characteristic 
frequency of vibrational modes of a given chemical bond matches the frequency of the incident light. 
As deuterium has a higher mass than hydrogen, the vibrational frequency of deuterium-containing bonds 
is higher than hydrogen-containing bonds, resulting in absorption of higher frequency IR light.  
ATR-FTIR spectra were collected using a ThermoNicolet Nexus instrument fitted with an ATR flow 
cell accessory (Specac) attached to a calibrated syringe pump, a cryo-cooled mercury cadmium telluride 
detector and a dry-air purge operating at a flow rate of 40 L/min in order to minimize absorbance from 
residual water vapor in the beam path. All spectra were collected with a resolution of 4 cm-1 and 128 
interferograms collected for each spectra. Throughout the measurements, temperature was maintained 
at 25°C by a temperature controlled water cooling loop passing through hollow aluminium blocks in 
direct contact with the Si substrate and the aqueous superphase. 
Silicon ATR substrates were cleaned by sonication in 2% (w/v) SDS for 30 minutes before rinsing 
extensively with ultrapure water and drying under a stream of nitrogen. Substrates were then UV-ozone 
cleaned for 10 minutes, washed with ultrapure water and then UV-ozone cleaned a final time for 10 
minutes. The substrate was mounted in a dry flow cell and the volume filled with either 50 mM 
Na2HPO4, 200 mM NaCl, pD 8.0 in D2O for measurements using SMALPs and RAFT-SMALPs, or 50 
mM NaOAc, 200 mM NaCl, pD 5.0 in D2O for measurements using SMILPs. A background spectra 
was taken of the bare Si substrate in the appropriate buffer and subtraction spectra collected for later 
removal of water vapor absorbance. 20 µL d54DMPC as a 10 mg/mL stock in CHCl3 (Avanti) was 
transferred to a clean glass vial and dried under a stream of nitrogen. Lipid films were rehydrated in 
either Na2HPO4 or NaOAc buffer as described above to a concentration of 0.1 mg/mL. The lipid 
suspension was sonicated in a sonic bath for 30 minutes leading to small unilamellar vesicle (SUV) 
formation prior to centrifugation at 14,000 × g, 25°C for 10 minutes to pellet large aggregates. A 2 mL 
dDMPC SUV suspension was manually injected into the flow cell and incubated for 20 minutes with 
continuous spectra collection to allow for deposition of the d54DMPC bilayer until no further spectral 
changes were observed. The flow cell was then flushed with 2 mL buffer at a flow rate of 0.5 mL/min 
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and a spectrum collected of the supported d54DMPC bilayer at the Si-water interface. Nanodiscs were 
diluted to 50 µM polymer concentration and 2 mL manually injected into the flow cell over the d54DMPC 
bilayer. The deuterated bilayer was incubated with the hDMPC nanodiscs for 300 minutes. Spectra were 
continuously recorded with a time resolution of 80 s. 
Fourier self-deconvolution was performed automatically by the OMNIC data acquisition software 
with a constant amplitude and bandwidth applied for all spectra. All spectra were corrected for removal 
of water vapor absorbance bands by scaling and subtraction of spectra collected before the deposition 
of the d54DMPC bilayer from the bilayer spectra. No further processing was performed.  
ATR-FTIR peak integrations were preformed over the aliphatic C-H stretching and aliphatic C-D 
stretching regions from 2990 – 2810 cm-1 and 2230 – 2050 cm-1, respectively. This includes 
contributions from the symmetric and asymmetric C-H2/ C-D2 stretching vibrations and the C-H3/ C-D3 
stretching vibrations arising primarily from the aliphatic phospholipid tails. Due to the different 
frequencies and amplitudes of C-H and C-D bond vibrations, this allows the relative changes in 
hydrogenated and deuterated material at the Si-water to be compared as a function of time. 
4.3.2.8 Analysis of lipid exchange kinetics at the Si-water interface 
Analogously to our NR measurements at the air-water interface, the exchange of d54DMPC from 
bilayers at the Si-water interface to nanodiscs in bulk solution was modelled by a two-phase first order 
process which was fit to the experimental data by non-linear regression: 
𝐼𝑡 = 𝐼𝑒𝑞 + ∆𝐼0,𝐹𝑎𝑠𝑡
𝑒𝑞 𝑒−𝑘𝐵→𝑁,   𝐹𝑎𝑠𝑡∙𝑡 + ∆𝐼0,𝑆𝑙𝑜𝑤
𝑒𝑞 𝑒−𝑘𝐵→𝑁,   𝑆𝑙𝑜𝑤∙𝑡 
where the Integrated area at time t, It, can be described by two relative first order rate constants for a 
fast and slow process, kFast and kSlow, respectively and the proportion of the decrease of the initial 
integrated area, I0, to that at equilibrium, Ieq, for which each process is responsible, ∆𝐼0,𝐹𝑎𝑠𝑡
𝑒𝑞
 and ∆𝐼0,𝑆𝑙𝑜𝑤
𝑒𝑞
. 
The exchange of hDMPC from the nanodiscs to the bilayer showed more variation between different 
nanodisc systems. Therefore, each process was modelled by both a single-phase first order process: 
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𝐼𝑡 = 𝐼0 + (𝐼𝑒𝑞 − 𝐼0) ∙ (1 − 𝑒
−𝑘∙𝑡) 
and two-phase first order process: 
𝐼𝑡 = 𝐼0 + ∆𝐼0,𝐹𝑎𝑠𝑡
𝑒𝑞 (1 − 𝑒−𝑘𝐹𝑎𝑠𝑡∙𝑡) + ∆𝐼0,𝑆𝑙𝑜𝑤
𝑒𝑞 (1 − 𝑒−𝑘𝑆𝑙𝑜𝑤∙𝑡) 
which were fit to the experimental data by nonlinear regression. The model with the highest 
probability of being correct was then selected by performing the Akaike’s Information Criteria (AIC) 
test implemented within GraphPad Prism. 
4.3.2.9 NR at the Si-water interface 
Polished single crystal silicon blocks with surface dimensions of 50 × 80  mm were cleaned by 
immersion in piranha solution (5:3:1 H2O:H2SO4:H2O2 heated to 80°C) followed by two cycles of 
extensive washing in ultrapure water and ozone cleaning. Clean Si blocks were then mounted in sealed 
PTFE lamellar flow cells underwater to avoid introduction of air bubbles during cell assembly. 
Data for the interaction of SMALPs and RAFT-SMALPs with d54DMPC bilayers at the Si-water 
interface were collected using the Polref reflectometer (ISIS neutron and muon source, UK) in TOF-NR 
setup in event mode. NR was measured at three angles: 0.5, 1.2 and 2.5 ° with a neutron wavelength 
range of 1 – 14 Å covering an effective 𝑄𝑧-range of 0.01 – 0.3 Å
-1 where δQ/Q is 2.88%. Data for the 
interaction of SMILPs with d54DMPC bilayers at the Si-water interface were measured using the Surf 
reflectometer (ISIS neutron and muon source, UK) using time-of-flight-NR setup in event mode. NR 
was measured at three incident angles: 0.35, 0.65 and 1.5 ° with a neutron wavelength range of 0.55 – 
6.8 Å covering a similar 𝑄𝑧-range of 0.012 – 0.3 Å
-1. In both instruments, Si crystal flow cells were 
mounted on a horizontal geometry translation stage and connected to a HPLC pump in order to change 
solution contrasts. The measured reflected neutron intensity was normalized to the incident neutron flux 
measured in transmission through each substrate. 
Si crystal substrates were initially characterized by NR in H2O and D2O buffers (50 mM Na2HPO4, 
200 mM NaCl, pH 8 for substrates to be injected with SMALP and RAFT-SMALP nanodiscs and 50 
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mM NaOAc, 200 mM NaCl pH 5 for substrates to be injected with SMILP nanodiscs). dDMPC in 
chloroform was transferred to a clean glass vial and dried under a stream of nitrogen. Lipids were 
rehydrated to 0.3 mg/mL in 20 mM HEPES pH 7 and small unilamellar vesicles (SUVs) formed by 
sonication in a water bath for 30 min. 10 mL of d54DMPC was manually injected into each flow cell and 
incubated for 40 min to allow for vesicular rupture and bilayer deposition on the Si substrates. Resultant 
bilayers were characterized by NR in H2O, D2O and silicon-matched water (SiMW, 38% v/v D2O) 
buffers as described above. SEC-purified Nanodiscs were diluted to 50 µM polymer concentration in 
the appropriate deuterated buffer and 15 mL flowed over the supported bilayers at a flow rate of 1.2 
mL/min. Nanodiscs were incubated for 5 hours and NR measured to characterize the bilayer structure 
before removing nanodiscs in the bulk solution. Excess nanodiscs in bulk solution were removed by 
flushing the flow cells with deuterated buffer and the final interfacial structure characterized in H2O, 
D2O and SiMW. 
4.3.2.10 Analysis of lipid bilayer structure at the Si-water interface 
As with structural analysis of lipid monolayers at the air-water interface, NR data corresponding to 
lipid bilayers at the Si-water interface were analyzed using RasCAL56 by generating a model SLD profile 
from which a theoretical reflectometry pattern is calculated and iteratively fit to the experimental data 
in order to minimize the χ2 value. Data for each Si substrate before bilayer deposition were 
simultaneously analyzed using two solution contrasts of H2O and D2O using a single layer model 
corresponding to SiO2. The SLD of Si and SiO2 were fixed based on literature values and the only 
parameter which varied between the individual contrasts is the SLD of the bulk solution to account for 
different isotopic contrasts measured.  This model was then fit to the experimental data in order to define 
the thickness, hydration and roughness of the SiO2 layer. These parameters were then held as a constant 
throughout subsequent fitting procedures. Following this, NR data corresponding to d54DMPC bilayers 
characterized in three solution contrasts (H2O, SiMW and D2O) were analyzed. A five-layer model was 
fit to the experimental data with layers corresponding to SiO2, inner leaflet phosphatidylcholine 
headgroups, two identical layers corresponding to dimyristoyl tails and outer leaflet phosphatidylcholine 
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headgroups. We made the assumption that the bilayer was symmetrical across each leaflet and applied 
the same constraints as described above for analysis of lipid monolayer structure at the air-water 
interface, such that the mean molecular area is consistent for both headgroup and tail layers ensuring 
that the resulting model represents a physically feasible bilayer structure. However, due to the high 
likelihood for incomplete bilayer coverage, an additional parameter was included in the initial 
calculation of the mean molecular area accounting for the solvent volume fraction within the tail layer, 
𝜒𝑆𝑜𝑙𝑣𝑒𝑛𝑡, where the area per molecule is calculated as 
𝐴𝑇𝑎𝑖𝑙𝑠 =
𝑉𝑚,𝑇𝑎𝑖𝑙𝑠
𝑑𝑇𝑎𝑖𝑙𝑠(1 − 𝜒𝑆𝑜𝑙𝑣𝑒𝑛𝑡)
 
Subsequent calculation of the lipid headgroup hydration was performed identically to that described 
above for the lipid monolayer case with the same constraints applied. SLD values for the headgroups 
were calculated based on literature values for partial specific molecular volumes57 and held as a constant. 
Fixing the SLD of the deuterated phospholipid tails was unable to produce satisfactory fits to the 
measured data, therefore the SLD was fit to take into account incomplete acyl chain deuteration. Several 
studies have previously reported incomplete deuteration of phospholipid tails, providing justification for 
relaxing this constraint.25,61 Surface roughness was fit and constrained to be equal for all layers within 
the lipid bilayer, taking into account the physical coupling between the layers. 
In order to analyze the bilayer structure after nanodisc interaction, data corresponding to the bilayer 
after interaction with nanodiscs characterized in three solution contrasts (H2O, SiMW and D2O) were 
simultaneously analyzed. Here, the only parameter fit was the mole fraction of hydrogenated tails within 
the bilayer to account for lipid exchange between the bilayer and nanodiscs. All other parameters 
describing the bilayer structure were held as constant. While subtle structural changes to the lipid bilayer 
were able to produce slight improvements in the fits, we opted for the simplest model as the resolution 
of the data is insensitive to minor changes to bilayer structure at the precision implied by the fitting 
parameters. 
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In the case of analysis of lipid bilayer structure after interaction of RAFT-SMA, in order to model 
the appearance of Keissig fringes in the data, an additional two layers were required to fit the data. These 
two layers correspond to two orientations of nanodiscs: the first layer with the plane of the bilayer within 
the nanodisc parallel to the initial bilayer, and the second perpendicular. The thickness, hydration and 
surface roughness of these layers were fit. The same SLD was used for both these layers, where volume 
fractions of each component (lipid headgroups, lipid tails and polymer) were calculated from SMALP 
dimensions determined previously by SANS.25 The SLDs of the individual components were fixed based 
on literature values (or on the SLD of the phospholipid tails determined by analysis of the original 
bilayer structure), except for the SLD of the phospholipid tails within the nanodisc, 𝜌𝑁𝑎𝑛𝑜𝑑𝑖𝑠𝑐 𝑇𝑎𝑖𝑙𝑠. This 
was fit to account for lipid exchange between the bilayer and adsorbed nanodiscs where 
𝜌𝑁𝑎𝑛𝑜𝑑𝑖𝑠𝑐 𝑇𝑎𝑖𝑙𝑠 = (𝜒ℎ𝐷𝑀𝑃𝐶𝜌ℎ𝐷𝑀 𝑇𝑎𝑖𝑙𝑠) + (𝜒𝑑𝐷𝑀𝑃𝐶𝜌𝑑𝐷𝑀 𝑇𝑎𝑖𝑙𝑠) 
And the SLD of the entire nanodisc is calculated as 
𝜌𝑁𝑎𝑛𝑜𝑑𝑖𝑠𝑐 = (𝜒𝑁𝑎𝑛𝑜𝑑𝑖𝑠𝑐 𝑇𝑎𝑖𝑙𝑠𝜌𝑁𝑎𝑛𝑜𝑑𝑖𝑠𝑐 𝑇𝑎𝑖𝑙𝑠) + (𝜒𝐻𝑒𝑎𝑑𝑔𝑟𝑜𝑢𝑝𝑠𝜌𝐻𝑒𝑎𝑑𝑔𝑟𝑜𝑢𝑝𝑠) + (𝜒𝑃𝑜𝑙𝑦𝑚𝑒𝑟𝜌𝑃𝑜𝑙𝑦𝑚𝑒𝑟) 
Retaining the bilayer structure before and after nanodisc interaction was unable to produce 
satisfactory fits to the experimental data, therefore the bilayer structure was fit independently after 
nanodisc interaction, albeit with the same constraints applied as described above such that the model 
represents a physically feasible bilayer. The error associated with each parameter in all resulting models 
was estimated by MCMC analysis implemented within RasCAL as described for the lipid monolayer 
case. 
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 RESULTS 
4.4.1 Structural changes to phospholipid Langmuir monolayers at the air-water 
interface upon incubation with phospholipid nanodiscs 
As discussed above, there is currently limited information on the interaction of nanodiscs stabilized 
by different polymers with interfacial lipid membranes. In order to determine the nature of these 
interactions, we first investigated the structural changes to phospholipid monolayers at the air-water 
interface using neutron reflectometry (NR). Initially, we characterized monolayers of either hDMPC or 
dDMPC spread on the air contrast matched water (ACMW) subphase to a surface pressure of 10 mN m-1. 
This ensures that the monolayers are in the liquid-expanded phase,62 which allows for non-
stoichiometric lipid exchange to occur without collapse of the monolayer,63 or insufficient neutron 
scattering intensity due to low surface coverage. Fitting of two-layer models to these data (Figure 4.1), 
with layers corresponding to DMPC tails and headgroups provide satisfactory fits to the experimental 
data. Parameters obtained from these models indicate that the monolayers formed have a structure which 
is expected of LE phase monolayers (Table 4.1, 4.2, 4.3). The thickness of the tail regions are 9 ± 1 Å 
and 10 ± 1 Å for monolayers formed on phosphate buffers (for SMALP and RAFT-SMALP interactions, 
respectively; Table 4.1, 4.3) and 8 ± 1 Å for monolayers formed on acetate buffers (for SMILP 
interactions; Table 4.2). These thicknesses are thinner than both the theoretical maximum thickness 
given fully extended, saturated C14 chains.64,65 This suggests a high degree of chain tilt, indicative of 
lipids within the LE phase, and consistent with previous studies. 66  
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Figure 4.1. Full-Q NR data (points) and fits (solid lines) plotted as RQ4 (left panels) with corresponding 
SLD profiles (right panels) of SMALP (a), SMILP (b) and RAFT-SMALP (c) nanodisc interactions 
with phospholipid Langmuir monolayers at the air-water interface. Colored shaded regions represent the 
95% confidence interval associated with the fit and model SLD profiles determined by Bayesian MCMC 
error estimation routines.  
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Table 4.1. Structural parameters obtained by fitting NR data of DMPC monolayers at the air-water 
interface before and after introduction of DMPC SMALPs into the subphase. Values marked * were 
held as a constant throughout the fitting procedure. Values in italics were obtained after fitting NR data 
of a dDMPC monolayer after incubation with dDMPC SMALPs. Values in parentheses indicate the 
95% confidence intervals estimated from Bayesian MCMC error estimation. 
 
Layer Parameter Monolayer before 
SMALP injection 
Monolayer after SMALP 
injection 
Air SLD / ×10-6 Å-2 0* 
DMPC tails SLD / ×10-6 Å-2 6.84* 
-0.37* 
5.65 (5.63, 5.67) 
0.81 (0.79, 0.83) 
6.43 (6.35, 6.50) 
 Thickness / Å 9 (8, 10) 
 Hydration / % 0* 
 Roughness / Å 3.5* 
DMPC headgroup SLD / ×10-6 Å-2 2.14* 
 Thickness / Å 6 (5, 7) 
 Hydration / % 41 (33, 51) 
 Roughness / Å 3.5 * 
Subphase SLD / ×10-6 Å-2 0* 
 Roughness / Å 3.5* 
 
 
Table 4.2. Structural parameters obtained by fitting NR data of DMPC monolayers at the air-water 
interface before and after introduction of DMPC SMILPs into the subphase. Values marked * were held 
as a constant throughout the fitting procedure. Values in italics were obtained after fitting NR data of a 
dDMPC monolayer after incubation with dDMPC SMILPs. Values in parentheses indicate the 95% 
confidence intervals estimated from Bayesian MCMC error estimation. 
 
Layer Parameter Monolayer before 
SMILP injection 
Monolayer after SMILP 
injection 
Air SLD / ×10-6 Å-2 0*  
DMPC tails SLD / ×10-6 Å-2 6.84* 
-0.37* 
5.68 (5.66, 5.70) 
0.79 (0.76, 0.80) 
6.53 (6.49, 6.57) 
 Thickness / Å 8 (8, 9) 
 Hydration / % 0* 
 Roughness / Å 3.5* 
DMPC headgroup SLD / ×10-6 Å-2 2.14* 
 Thickness / Å 10 (8, 12) 
 Hydration / % 71 (67, 74) 
 Roughness / Å 3.5 * 
Subphase SLD / ×10-6 Å-2 0* 
 Roughness / Å 3.5* 
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Table 4.3. Structural parameters obtained by fitting NR data of DMPC monolayers at the air-water 
interface before and after introduction of DMPC RAFT-SMALPs into the subphase. Values marked * 
were held as a constant throughout the fitting procedure. Values in italics were obtained after fitting NR 
data of a dDMPC monolayer after incubation with dDMPC RAFT-SMALPs. Values in parentheses 
indicate the 95% confidence intervals estimated from Bayesian MCMC error estimation. 
 
Layer Parameter Monolayer before 
RAFT-SMALP injection 
Monolayer after RAFT-
SMALP injection 
Air SLD / ×10-6 Å-2 0* 
DMPC tails SLD / ×10-6 Å-2 6.84* 
-0.37* 
5.80 (5.76, 5.83) 
0.67 (0.63, 0.81) 
6.59 (6.56, 6.62) 
 Thickness / Å 10 (9, 10) 
 Hydration / % 0* 
 Roughness / Å 3.5* 
DMPC headgroup SLD / ×10-6 Å-2 2.14* 
 Thickness / Å 8 (5, 11) 
 Hydration / % 53 (30, 68) 
 Roughness / Å 3.5* 
Subphase SLD / ×10-6 Å-2 0* 
 Roughness / Å 3.5* 
 
 
Following initial characterization of the monolayers, nanodiscs containing phospholipids of the 
opposite isotopic labelling were injected into the subphase, i.e., hDMPC nanodiscs were injected 
beneath a dDMPC monolayer and vice versa. The system was allowed to equilibrate for 2 hours and the 
NR measured again (Figure 4.1). In all cases, the reflected intensity of the originally deuterated 
monolayers decreased, and the reflected intensity from the originally hydrogenated monolayer 
increased. No additional layers were required to be added to the model to fit the data, with the only 
parameters requiring modification to achieve satisfactory fits being the SLD of the phospholipid tails 
(Table 4.1, 4.2, 4.3), consistent with lipid exchange occurring.  
Importantly, the absence of any strong Keissig fringes in the measured data or additional layers in 
the model required to fit the data can rule out adsorption of nanodiscs to the interfacial lipids. However, 
due to the similarity of SLDs for the polymers and lipid head groups, we remain insensitive to polymer 
incorporation into the monolayer. Here, we have constrained the model such that the structural 
parameters of the monolayer, apart from the tail SLD, are fixed to that determined prior to nanodisc 
injection. While the data can be fit by a model allowing subtle structural changes, no improvement in 
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the fit was observed, thus we opted for the simpler model. Nonetheless, we cannot rule out structural 
changes occurring as a result of either polymer interaction with the monolayer, or changes to the total 
surface excess as a result of non-stoichiometric lipid exchange. 
In order to investigate to the extent of polymer incorporation into the monolayers, an additional 
contrast was collected where dDMPC nanodiscs bound by hydrogenated polymer were injected beneath 
a dDMPC monolayer (Figure 4.2). Co-refinement of these contrasts with those discussed above was not 
possible due to uncertainty in the absolute magnitude of scaling factors applied to data collected at 
different beam time allocations. However, from these measurements it is clear that, for all systems 
measured, there is a decrease in SLD of the phospholipid tails, albeit less than observed for hDMPC 
nanodiscs injected beneath dDMPC monolayers. In this case, as both lipids at the monolayer and lipids 
within nanodiscs are both deuterium labelled, this indicates hydrogenated polymer incorporation into 
the phospholipid tails, in addition to the hypothesized lipid exchange. These differences in SLD of the 
phospholipid tails for each of the measured contrasts allow us to estimate the percentage of volume of 
the monolayer occupied by lipids and polymers from nanodiscs after the interactions have occurred 
(Table 4.5). Due to the similarity in SLD between the polymers (1.84 × 10-6 Å-2) and the 
phosphatidylcholine headgroups (2.14 × 10-6 Å-2), we remain insensitive to polymer incorporation 
within the headgroup region. Therefore, this estimate is likely an underestimation of the volume fraction 
of the monolayer occupied by polymers.  Nonetheless, this suggests that the change in SLD is due to a 
large proportion of polymer incorporation into the monolayer in addition to lipid exchange. 
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Figure 4.2. Full-Q NR data (points) and fits (solid lines) plotted as RQ4 (left panels) with corresponding 
SLD profiles (right panels) of dDMPC monolayers after incubation with (a) dDMPC SMALPs, (b) 
dDMPC SMILPs and (c) dDMPC RAFT-SMALPs. Colored shaded regions represent the 95% 
confidence interval associated with the fit and model SLD profiles determined by Bayesian MCMC 
error estimation routines.  
CHAPTER 4 
 
156 
 
Polymer presence within the monolayer presents the question as to what extent the nanodiscs 
themselves are surface-active. To gauge the effect of surface activity of nanodiscs, we injected dDMPC 
SMALP nanodiscs (where the incorporation of polymers into the monolayer is most pronounced) into 
an ACMW subphase with no monolayer present. After a 2 hour incubation, reflectometry was measured 
(Figure 4.3, Table 4.4). From the limited structural information available from the single contrast we 
were able to collect  within the allocated beamtime, we are able to fit a model consistent with  a 
phospholipid monolayer with a decreased SLD of the dDMPC tails compared to the theoretical value. 
This suggests that SMALPs will disassemble when in contact with the air-water interface resulting in a 
large proportion of the volume of the phospholipid tails being occupied by polymers, confirming surface 
activity.  
 
Figure 4.3. Full-Q NR data (points) and fit (solid line) plotted as RQ4 (a) with corresponding SLD 
profile (b) collected 2 hours after dDMPC SMALPs were injected into an ACMW subphase with no 
monolayer present. Shaded regions represent the 95% confidence interval associated with the fit and 
model SLD profiles determined by Bayesian MCMC error estimation routines. 
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Table 4.4. Structural parameters obtained by fitting NR data at the air-water interface of dDMPC 
SMALPs injected into an ACMW subphase with no monolayer present after 2 hours incubation. Values 
marked * were held as a constant throughout the fitting procedure. Values in parentheses indicate the 
95% confidence intervals estimated from Bayesian MCMC error estimation. 
 
Layer Parameter After dDMPC SMALP 
injection 
Air SLD / ×10-6 Å-2 0* 
DMPC tails SLD / ×10-6 Å-2 2.25 (1.84, 2.81) 
 Thickness / Å 11 (9, 12) 
 Hydration / % 0* 
 Roughness / Å 3.5* 
DMPC headgroup SLD / ×10-6 Å-2 2.13* 
 Thickness / Å 8 (5, 12) 
 Hydration / % 33 (24, 53) 
 Roughness / Å 3.5* 
Subphase SLD / ×10-6 Å-2 0* 
 Roughness / Å 3.5* 
 
 
4.4.2 Kinetics of interactions between phospholipid nanodiscs and phospholipid 
Langmuir monolayers at the air-water interface 
Once we had determined that both polymer and/ or lipid exchange was occurring between SMALP, 
RAFT-SMALP and SMILP nanodiscs and phospholipid monolayers, we next sought to determine the 
kinetics of the exchange process using time-resolved NR.59 We initially looked to compare the changes 
in surface pressure to the surface excess of material at the interface, as calculated by low-Q time-resolved 
NR (Figure 4.4). These data indicate that in all cases there is a net gain of material at the monolayers 
upon nanodisc interaction, although as previously discussed, a large proportion of this is due to polymer 
incorporation, and not simply lipid exchange in the case of RAFT-SMALPs and SMALPs. However, 
we do observe discrepancies between the surface pressure and surface excess. Notably, RAFT-SMALPs 
lead to the smallest increase in surface pressure, but the largest increase in surface excess. One would 
expect a large gain in material at the surface, as defined by the surface excess, to lead to a similarly large 
change in surface pressure. As this is clearly not the case, and structural information on the monolayer 
structure indicate the presence of polymers after incubation with nanodiscs, these data further suggest 
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polymer incorporation causing differences between the molar quantity of material at the surface and the 
area per molecule compared to what would be expected from purely lipid gain. 
By analyzing time-resolved NR data for hDMPC nanodiscs injected beneath a dDMPC monolayer, 
and vice versa, we were able to deconvolute the changes in surface excess in terms of lipid exchange 
from the nanodiscs to the monolayer to the bilayer (Figure 4.5). Due to the lack of availability of 
deuterated commercial polymers, the information contained within the low-Q reflected intensities of 
dDMPC nanodiscs injected beneath a dDMPC monolayer is not sufficient to allow for deconvolution of 
bidirectional lipid exchange and polymer association with the monolayers. These data indicate that the 
total amount of deposition at the monolayer from the nanodiscs was similar in all cases. However, the 
total decrease in surface excess of lipids originally in the monolayer is similar for both SMALPs and 
SMILPs. This is in contrast to RAFT-SMALPs where it appears material is primarily deposited at the 
interface.
 
Figure 4.4. a. Surface pressure changes with respect to time of a DMPC Langmuir monolayer upon 
SMALP (red line), SMILP (green line) and RAFT-SMALP (blue line) introduction into the subphase. 
b. Total surface excess changes at the air-water interface with respect to time as measured using low-Q 
NR upon injection of SMALP (red points), SMILP (green) and RAFT-SMALP nanodiscs into the 
subphase. 
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Figure 4.5. Kinetics of lipid exchange between SMALP (a), SMILP (b) and RAFT-SMALP (c) 
nanodiscs and phospholipid Langmuir monolayers at the air-water interface measured by low-Q NR. 
The surface excess corresponding to phospholipids leaving the monolayer, ΓM, (red) are plotted on the 
top Y axis and the surface excess corresponding to phospholipids arriving at the monolayer from the 
nanodiscs, ΓN (blue points) are plotted on the lower Y axis. Fits of kinetic exponential equations to the 
experimental data are shown as solid lines.  
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Table 4.5. Lipid exchange parameters obtained for the extent and kinetics of lipid exchange occurring 
between phospholipid monolayers at the air-water interface and DMPC nanodiscs. 
 
 Exchange with 
SMALPs 
Exchange with 
SMILPs 
Exchange with 
RAFT-SMALPs 
Lipids from nanodiscs in 
monolayer / vol% 
5.8 ± 1.1 4.3 ± 0.5 3.4 ± 0.4 
Polymer in bilayer / vol% 8.3 ± 1.5 6.2  ± 0.7 5.0 ± 0.6 
Total changes in surface excess 
∆𝜞𝑴 / µmol m
-2 -0.25 ± 0.01 -0.25 ± 0.01 -0.19 ± 0.02 
∆𝜞𝑵 / µmol m
-2 0.45 ± 0.01 0.37 ± 0.01 0.33 ± 0.01 
∆𝜞𝑻𝒐𝒕𝒂𝒍 / µmol m
-2 0.20 ± 0.01 0.12± 0.01 0.14 ± 0.02 
Kinetic parameters of lipid exchange from the monolayer to nanodiscs 
𝒌𝑳𝒐𝒔𝒔,   𝑴→𝑵  / min
-1 51.9 ± 1.8 ×10-3 13.2 ± 2.0 ×10-3 12.3  ± 5.7 ×10-3 
𝒌𝑮𝒂𝒊𝒏  / min
-1 34.0 ± 1.4 ×10-3 - - 
Kinetic parameters of lipid exchange from nanodiscs to the monolayer 
𝒌𝑭𝒂𝒔𝒕,   𝑵→𝑴  / min
-1 0.60 ± 0.04 0.44 ± 0.07 0.26 ± 0.02 
∆𝜞𝟎,   𝑵,   𝑭𝒂𝒔𝒕
𝒆𝒒
 / % 70.1 ± 1.4 67.9 ± 5.5 72.7 ± 5.4 
𝒌𝑺𝒍𝒐𝒘,   𝑵→𝑴  / min
-1 0.04 ± 0.01 0.06 ± 0.01 10.3 ± 6.6 ×10-3 
∆𝜞𝟎,   𝑵,   𝑺𝒍𝒐𝒘
𝒆𝒒
 / % 29.9  ± 1.4 32.1 ± 5,5 27.3 ± 5.4 
 
 
First order kinetic equations were fit to these surface excess data to obtain apparent rate constants for 
the nanodisc-monolayer interactions (Table 4.5). In the case of exchange from the monolayer to the 
nanodiscs, SMILP and RAFT-SMALP interactions were modelled using single phase first order 
kinetics. The exchange of lipids from the monolayer to RAFT-SMALPs occurs at a similar rate to 
SMILPs, although to a lesser extent. Interestingly, the exchange of lipids from the monolayer to SMILPs 
shows an initial lag phase which is not observed in for the other systems tested. Exchange from the 
monolayer to SMALPs, however, show an interesting trend (Figure 4.5a). Initially there is a large, rapid 
decrease in the surface excess prior to a subsequent increase until a plateau is reached. This interaction 
was modelled using the sum of one dissociative first order rate equation and one associative first order 
rate equation, with two rate constants, denoted kLoss and kGain, respectively (Table 4.5). This can be 
justified by the occurrence of both lipid exchange and polymer incorporation, both of which occur to 
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the greatest extent for SMALPs as determined by full-Q NR measurements. While speculative at this 
stage, we expect kLoss to describe the rate of lipid exchange from the monolayer to the nanodiscs, and 
kGain to describe the rate of polymer incorporation into the monolayer. Confirmation of this assignment 
by this methodology would require deuterated versions of commercially available copolymers which 
are, at this time, unavailable. 
Lipid (and polymer) exchange from the nanodiscs to the monolayer shows very similar trends in each 
case, whereby there is an initial rapid deposition of lipids and polymer at the monolayer, followed by a 
much slower increase. These interactions were modelled in all cases by a two-phase first order rate 
equation whereby the process is split into one fast and one slow phase, each with an individual rate 
constant, kFast and kSlow, respectively, responsible for a fraction of the total increase in surface excess 
(Table 4.5). As we can see evidence of polymer presence in the monolayers for each nanodisc system, 
albeit to different extents, we suggest that the first rapid phase is the result of a re-equilibration of the 
polymers with the small quantity of additional lipids introduced into the system. This will result in a 
rapid deposition of both lipid and polymer from the nanodiscs in the monolayer. Once the system has 
reached a new thermodynamic equilibrium where polymer chains have re-partitioned amongst the 
available lipid within the system, the surface excess continues to increase as material is deposited within 
the monolayer. We propose that this process, described by kSlow, is primarily a collisional lipid exchange 
between nanodiscs in solution and monolayers at the air-water interface. It is worth noting that due the 
timescale of the measurement feasible within allotted beamtime, kSlow is poorly defined as there remains 
a high uncertainty towards the equilibrium value of the surface excess. As discussed above, this 
assignment of rate constants is speculative at this stage due to technical challenges relating to 
deconvoluting the kinetics of lipid exchange relative to polymer exchange. 
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4.4.3 Kinetics of nanodisc interactions with phospholipid bilayers at the Si-water 
interface 
While the interactions of nanodiscs with a Langmuir monolayer at the air-water interface is highly 
informative, the thermodynamic stability of phospholipids within monolayers is substantially different 
to bilayers, as found at cell membranes. In the case of monolayers, the lipid tails protrude out of the 
aqueous subphase into the air, compared to the hydrophobic core of lipid tails in bilayers which is 
encapsulated by solvated, hydrophilic headgroups. Therefore there will be different thermodynamic 
driving forces for lipid and polymer partitioning into the bulk and interfacial phases, which will likely 
affect both the extent, directionality and rate of lipid/ polymer exchange. We have therefore investigated 
the interaction of nanodiscs with supported phospholipid bilayers at the silicon-water interface. 
We measured these interactions using ATR-FTIR. Initially a dDMPC bilayer was deposited on a Si 
ATR crystal before injection of hDMPC nanodiscs, whereby spectra were periodically taken over 300 
minutes during incubation with nanodiscs (Figure 4.6). Due to the increased mass of deuterium 
compared to hydrogen, the frequency of C-D bond vibrations is decreased relative to C-H bonds. In a 
similar strategy as we applied at the air-water interface, this allows direct observation of the relative 
decreases and increases in C-Dx and C-Hx, respectively from the lipid tails upon the introduction of 
nanodiscs into the superphase. Importantly, ATR-FTIR allows direct observation of lipid exchange, 
separate to polymer exchange due to the relatively low C-H2 content of the polymers, and the presence 
of aromatic C=C bonds and carbonyl bonds in different chemical environments to the glycerol-ester 
present in the phospholipid head groups. 
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Figure 4.6. Representative ATR-FTIR spectra obtained during the incubation of (a) hDMPC SMALPs, 
(b) hDMPC SMILPs and (c) hDMPC RAFT-SMALPs with a dDMPC bilayer. A spectrum was collected 
during the injection of nanodiscs (0 min, red spectrum) and then at various time points during nanodisc 
incubation (orange through indigo spectra).
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Overall, similar changes in the chemical composition of the interfacial bilayer are observed to 
structural changes at the air-water interface upon introduction of nanodiscs into the superphase. Upon 
incubation of the dDMPC bilayer with hDMPC SMALPs (Figure 4.7a, b, c) an increase in the intensity 
of absorbances arising from the symmetric and asymmetric C-H2 and C-H3 stretching vibrations is 
observed as hDMPC from the nanodiscs become incorporated at the interface (Figure 4.7a). A 
concurrent decrease in the intensity of absorbances arising from the symmetric and asymmetric C-D2 
and C-D3 stretching vibrations is also observed as lipids are exchanged from the bilayer to the nanodiscs 
in bulk solution (Figure 4.7b). By inspecting the carbonyl and aromatic peaks (Figure 4.7c), we observed 
a decrease and then apparent plateau of the ester C=O stretch absorbance from the DMPC tails. 
Importantly, we also observe a gradual increase in the carboxylic acid C=O stretch absorbance and the 
aromatic C=C stretching absorbance, suggesting polymer is interacting with the bilayer. In comparison, 
spectra collected during the incubation of hDMPC SMILPs (Figure 4.7d, e, f) and RAFT-SMALPs 
(Figure 4.7h, i, j) show similar trends, although with smaller decreases in C-Dx and increases in C-Hx 
bonds. This suggests that the bilayer experiences a much decreased lipid exchange with SMILPs and 
RAFT-SMALPs compared to SMALPs. However, when inspecting the polymer-specific absorbances, 
we can observe a larger increase in the imide or carboxylic acid carbonyl bonds present within SMI and 
RAFT-SMA, respectively along with increases in the aromatic C=C bonds. This suggests that both SMI 
and RAFT-SMA have an increased propensity to interact with planar bilayers than SMA. Due to peak 
convolution, noise from imperfect water vapor subtraction and differing dipole moments between 
different bond vibrations, it is difficult for us to quantify the total amount of polymer incorporation into 
the bilayer. 
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Figure 4.7. Excerpts of ATR-FTIR spetra measuring the interaction of hDMPC containing nanodiscs 
with dDMPC bilayers at the Si-water interface. Spectral regions showing aliphatic C-Hx peaks, aliphatic 
C-Dx peaks and carbonyl/ aromatic peaks are shown for incubations of hDMPC-containing SMALP (a, 
b, c), SMILP (d, e, f) and RAFT-SMALP (g, h, i) nanodiscs with dDMPC supported bilayers at the Si-
water interface, respectively. Spectra are colored as described in Figure 4.6. 
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By integrating spectra collected at different time points during incubation with nanodiscs over the 
C-Hx stretch regions (2990 – 2810 cm-1) and C-Dx stretch regions (2230 – 2050 cm-1), we were able to 
obtain kinetic plots of lipid exchange from the bilayer to the nanodiscs and from the nanodiscs to the 
bilayer with minimal contribution from polymer incorporation (Figure 4.8). In contrast to exchange 
kinetics at the air-water interface, each system shows a similar two-phase removal of dDMPC from the 
bilayer. These data were analyzed using a two-phase first-order rate equation, similar to the analysis for 
lipid/polymer addition to monolayers at the air-water interface. This analysis yields two rate constants, 
kFast, B→N and kSlow, B→N, describing the fast and slow phases of lipid exchange from the bilayer to the 
nanodiscs, respectively (Table 4.6). The initial fast phase of lipid exchange from the bilayer to the 
nanodiscs is responsible for a similar proportion of the total removal of lipid from the bilayer for both 
SMALP and RAFT-SMALP systems, with approximately 75% of the total lipid removal occurring 
during this phase. SMILPs also show an initial rapid exchange of phospholipids from the bilayer to the 
nanodiscs, although this is responsible for less of the total lipid removal, at approximately 60%. 
Interestingly, the rate of this phase is significantly higher for the RAFT-SMALP system compared to 
SMALPs and SMILPs. The rate of the second, slower phase of lipid exchange from the bilayer to the 
nanodiscs show a different trend, whereby SMALPs exhibit a higher value for kSlow, B→N than either 
SMILPs or RAFT-SMALPs. We propose a similar mechanism is responsible for these two-phase 
kinetics as was hypothesized for the air-water interface, where there is an initial rapid-repartitioning of 
the polymer amongst the additional lipid present in the system from the bilayer. Although in this case, 
polymer partitioning leads to solubilization and removal of lipids from the interfacial bilayer. Once the 
polymers have re-equilibrated amongst the available lipid, we suggest the second slow phase is a result 
of diffusion limited collisional lipid exchange. As discussed above, here kSlow, B→N is poorly defined due 
to a high level of uncertainty in the equilibrium position of the C-Dx peak integrals. 
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Figure 4.8. Kinetics of lipid exchange between hDMPC-containing SMALPs (a), SMILPs (b) and 
RAFT-SMALPs (c) and supported dDMPC bilayers at the Si-water interface. The integral of regions 
corresponding to C-Dx stretching vibrations are shown as red points and C-Hx stretching vibrations are 
shown as blue points. Points are the mean of three separate experiments with error bars representing ± 
1 standard error. Kinetic fits to the experimental data are shown as solid lines. 
  
CHAPTER 4 
 
168 
 
Table 4.6. Lipid exchange parameters obtained for kinetics of lipid exchange occurring between 
dDMPC bilayers at the Si-water interface and hDMPC nanodiscs. 
 
 Exchange with 
SMALPs 
Exchange with 
SMILPs 
Exchange with 
RAFT-SMALPs 
Kinetic parameters of lipid exchange from the bilayer to nanodiscs 
𝒌𝑭𝒂𝒔𝒕,   𝑩→𝑵  / min
-1 0.18 ± 0.02 0.12 ± 0.02 0.39 ± 0.06 
∆𝑰𝟎,   𝑪−𝑫𝒙,   𝑭𝒂𝒔𝒕
𝒆𝒒
 / % 75.37 ± 2.83 60.17 ± 8.60 74.81 ± 3.56 
𝒌𝑺𝒍𝒐𝒘,   𝑩→𝑵  / min
-1 0.018 ± 0.005 3.94 ± 3.08 ×10-3 8.66 ± 5.29 ×10-3 
∆𝑰𝟎,   𝑪−𝑫𝒙,   𝑺𝒍𝒐𝒘
𝒆𝒒
 / % 24.63 ± 2.83 39.83 ± 8.60 25.19 ± 3.56 
Kinetic parameters of lipid exchange from nanodiscs to the bilayer 
𝒌𝑭𝒂𝒔𝒕,   𝑵→𝑩  / min
-1 0.32 ± 0.11 11.69 ± 1.90 ×10-3 1.08 ± 2.59 ×10-3 
∆𝑰𝟎,   𝑪−𝑯𝒙,   𝑭𝒂𝒔𝒕
𝒆𝒒
 / % 32.96 ± 6.30 - - 
𝒌𝑺𝒍𝒐𝒘,   𝑵→𝑩  / min
-1 4.30 ± 2.16 ×10-3 - - 
∆𝑰𝟎,   𝑪−𝑯𝒙,   𝑭𝒂𝒔𝒕
𝒆𝒒
 / % 67.04 ± 6.30 - - 
 
 
Analysis of C-Hx stretch peak integrals yields information describing lipid exchange from the 
nanodiscs to the bilayer. In the case of SMILPs and RAFT-SMALPs, the best fits to the experimental 
data were obtained by using a single-phase, first-order rate equation (Table 4.6). Here the rate of lipid 
exchange from the nanodiscs to the bilayer is over ten-fold higher for SMILPs than RAFT-SMALPs. 
SMALPs, however, show two phase kinetics, with a fast and slow phase, described by kFast, N→B and 
kSlow, N→B. kFast, N→B is significantly higher than the rate constants obtained for lipid exchange from either 
SMILPs or RAFT-SMALPs to the bilayer, but of a similar order of magnitude as kFast, B→N, discussed 
above. In contrast, kSlow, N→B has a value more akin to the rate of lipid deposition at the bilayer by both 
SMILPs and RAFT-SMALPs. In addition, the majority of lipid deposition at the bilayer by SMALPs 
occurs during the slow phase, in contrast to lipid removal discussed above. We therefore suggest that in 
all cases, lipid exchange from the nanodiscs to the bilayer is dominated by a slow, diffusion limited, 
collisional lipid exchange. However in the case of SMALPs, the initial repartitioning of the polymer 
amongst the available lipid in the bilayer also leads to a deposition of lipids which is not observed with 
either SMILPs or RAFT-SMALPs.  
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4.4.4 Structural changes to phospholipid bilayer structure upon interaction with 
phospholipid nanodiscs at the Si-water interface 
From ATR-FTIR measurements, we were able to determine the kinetics of lipid exchange between 
phospholipid nanodiscs and supported phospholipid bilayers at the Si-water interface. However, we 
were also able to identify the presence chemical bonds arising from each of the polymers at the interface. 
ATR-FTIR does not give any structural information on nanodisc-bilayer interactions. We therefore used 
NR at the Si-water interface to determine the large-scale structure of DMPC bilayers which have been 
subject to incubation with nanodiscs. There are two main possibilities which could account for the 
observed spectral changes, which are not necessarily mutually exclusive. Firstly, a similar scenario to 
that observed at the air-water interface where no nanodisc adsorption can be identified, but polymers 
embed into the bilayer along with lipid exchange. The second possibility is that nanodiscs may adsorb 
to the surface of the bilayer, which would account for both the presence of C-Hx absorbances and 
polymer-specific absorbances in the ATR-FTIR spectra. 
After characterization by NR of bare Si substrates in H2O and D2O contrasts, dDMPC bilayers were 
deposited on the substrates and measured in three contrasts (Figure 4.9a, 4.10a, 4.11a). Model SLD 
profiles, consisting of 5 layers corresponding to SiO2, inner headgroups, two phospholipid tail layers, 
and outer headgroups, were fit to the experimental data (Figure 4.9a, b, 4.10a, b, 4.11a, b). These models 
were constrained such that the bilayers were symmetrical and represented a physically feasible bilayer 
(for more detail see section 4.3.2.10). In all cases, this model provided good fits and yielded structural 
parameters (Table 4.7, 4.8, 4.9) consistent with a high-coverage dDMPC bilayer, as determined by the 
low hydration of the hydrophobic tail regions, that is consistent with previous studies. 64,65,67 
  
CHAPTER 4 
 
170 
 
 
Figure 4.9. Neutron reflectometry data (points) with overlaid fits (solid lines) plotted as RQ4 (a, c) and 
corresponding model SLD profiles (b, d) of a dDMPC supported bilayer deposited on a Si substrate 
before (a, b) and after (c, d) incubation with dDMPC SMALPs. Colored shaded regions represent the 
95% confidence interval associated with the fit and model SLD profiles determined by Bayesian MCMC 
error estimation routines. Grey shaded regions denote layer boundaries in the model SLD profiles. In all 
cases, red, green and blue points/lines correspond to data collected in D2O, SiMW and H2O solution 
contrasts, respectively. 
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Table 4.7. Structural parameters obtained by fitting NR data of dDMPC bilayers at the Si-water interface 
before and after incubation with hDMPC SMALPs. Values marked * were held as a constant throughout 
the fitting procedure. Values in parentheses indicate the 95% confidence intervals estimated from 
Bayesian MCMC error estimation. 
 
Layer Parameter dDMPC bilayer dDMPC bilayer after 
hDMPC SMALP 
incubation 
Si SLD / ×10-6 Å-2 2.07* 
 Roughness / Å 4 (3, 5) 
SiO2 SLD / ×10-6 Å-2 3.47* 
 Thickness / Å 13 (13, 14) 
 Hydration / % 8 (6, 10) 
 Roughness / Å 7 (6, 8) 
PC Headgroups  SLD / ×10-6 Å-2 2.14* 
 Thickness / Å 11 (11, 12) 
 Hydration / % 58 (57, 59) 73 (72, 73) 
 Roughness / Å 3 (2, 3) 
DM Tails SLD / ×10-6 Å-2 6.25 (6.22, 6.28) 3.41 (3.33, 3.47) 
 Thickness / Å 15 (14, 15) 
 Hydration / % 6  (4, 7) 38 (37, 39) 
 Roughness / Å 3 (2, 3) 
DM Tails SLD / ×10-6 Å-2 6.25 (6.22, 6.28) 3.41 (3.33, 3.47) 
 Thickness / Å 15 (14, 15) 
 Hydration / % 6  (4, 7) 38 (37, 39) 
 Roughness / Å 3 (2, 3) 
PC Headgroups SLD / ×10-6 Å-2 2.14* 
 Thickness / Å 11 (11, 12) 
 Hydration / % 58 (57, 59) 73 (72, 73) 
 Roughness / Å 3 (2, 3) 
Bulk Solvent SLD (D2O)/ ×10-6 Å-2 6.29 (6.28, 6.30) 6.27 (6.26, 6.28) 
 SLD (SiMW)/ ×10-6 Å-2 3.35 (3.32, 3.38) 1.53 (1.46, 1.59) 
 SLD (H2O)/ ×10-6 Å-2 -0.34 (-0.43, -0.25) -0.43 (-0.48, -0.38) 
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Figure 4.10. Neutron reflectometry data (points) with overlaid fits (solid lines) plotted as RQ4 (a, c) and 
corresponding model SLD profiles (b, d) of a dDMPC supported bilayer deposited on a Si substrate 
before (a, b) and after (c, d) incubation with hDMPC SMILPs. Colored shaded regions represent the 
95% confidence interval associated with the fit and model SLD profiles determined by Bayesian MCMC 
error estimation routines. Grey shaded regions denote layer boundaries in the model SLD profiles. In all 
cases, red, green and blue points/lines correspond to data collected in D2O, SiMW and H2O solution 
contrasts, respectively. 
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Table 4.8. Structural parameters obtained by fitting NR data of dDMPC bilayers at the Si-water interface 
before and after incubation with hDMPC SMILPs. Values marked * were held as a constant throughout 
the fitting procedure. Values in parentheses indicate the 95% confidence intervals estimated from 
Bayesian MCMC error estimation. 
 
Layer Parameter dDMPC bilayer dDMPC bilayer after 
hDMPC SMALP 
incubation 
Si SLD / ×10-6 Å-2 2.07* 
 Roughness / Å 3 (3, 5) 
SiO2 SLD / ×10-6 Å-2 3.47* 
 Thickness / Å 12 (11, 13) 
 Hydration / % 4 (1, 9) 
 Roughness / Å 3 (3, 4) 
PC Headgroups  SLD / ×10-6 Å-2 2.14* 
 Thickness / Å 8 (7, 9) 
 Hydration / % 40 (37, 42) 40 (38, 42) 
 Roughness / Å 3 (2, 4) 
DM Tails SLD / ×10-6 Å-2 6.36 (6.27, 6.45) 4.94 (4.76, 5.12) 
 Thickness / Å 14 (13, 15) 
 Hydration / % 1 (0, 3) 2 (0, 5) 
 Roughness / Å 3 (2, 4) 
DM Tails SLD / ×10-6 Å-2 6.36 (6.27, 6.45) 4.94 (4.76, 5.12) 
 Thickness / Å 14 (13, 15) 
 Hydration / % 1 (0, 3) 2 (0, 5) 
 Roughness / Å 3 (2, 4) 
PC Headgroups SLD / ×10-6 Å-2 2.14* 
 Thickness / Å 8 (7, 9) 
 Hydration / % 40 (37, 42) 40 (38, 42) 
 Roughness / Å 3 (2, 4) 
Bulk Solvent SLD (D2O)/ ×10-6 Å-2 6.13 (6.12, 6.14) 6.13 (6.13, 6.14) 
 SLD (SiMW)/ ×10-6 Å-2 2.03 (1.85, 2.20) 2.00 (1.83, 2.17) 
 SLD (H2O)/ ×10-6 Å-2 -0.46 (-0.53, -0.33) -0.41 (-0.53, -0.30) 
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Figure 4.11. Neutron reflectometry data (points) with overlaid fits (solid lines) plotted as RQ4 (a, c) and 
corresponding model SLD profiles (b, d) of a dDMPC supported bilayer deposited on a Si substrate 
before (a, b) and after (c, d) incubation with hDMPC RAFT-SMALPs. Colored shaded regions represent 
the 95% confidence interval associated with the fit and model SLD profiles determined by Bayesian 
MCMC error estimation routines. Grey shaded regions denote layer boundaries in the model SLD 
profiles. In all cases, red, green and blue points/lines correspond to data collected in D2O, SiMW and 
H2O solution contrasts, respectively. 
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Table 4.9. Structural parameters obtained by fitting NR data of dDMPC bilayers at the Si-water interface 
before and after incubation with hDMPC RAFT-SMALPs. Values marked * were held as a constant 
throughout the fitting procedure. Values in parentheses indicate the 95% confidence intervals estimated 
from Bayesian MCMC error estimation. 
 
Layer Parameter dDMPC bilayer dDMPC bilayer after 
hDMPC RAFT-
SMALP incubation 
Si SLD / ×10-6 Å-2 2.07* 
 Roughness / Å 9 (8, 10) 
SiO2 SLD / ×10-6 Å-2 3.47* 
 Thickness / Å 12 (11, 13) 
 Hydration / % 29 (26, 32) 
 Roughness / Å 5 (4, 6) 
PC Headgroups  SLD / ×10-6 Å-2 2.14* 2.14* 
 Thickness / Å 12 (11, 12) 6 (5, 7) 
 Hydration / % 57 (56, 58) 7 (3, 9) 
 Roughness / Å 4 (3, 5) 4 (2, 5) 
DM Tails SLD / ×10-6 Å-2 5.85 (5.80, 5.91) 4.64 (4.60, 4.68) 
 Thickness / Å 15 (15, 16) 13 (12, 14) 
 Hydration / % 11 (9, 13) 6 (3, 10) 
 Roughness / Å 4 (3, 5) 4 (2, 5) 
DM Tails SLD / ×10-6 Å-2 5.85 (5.80, 5.91) 4.64 (4.60, 4.68) 
 Thickness / Å 15 (15, 16) 13 (12, 14) 
 Hydration / % 11 (9, 13) 6 (3, 10) 
 Roughness / Å 4 (3, 5) 4 (2, 5) 
PC Headgroups SLD / ×10-6 Å-2 2.14* 2.14* 
 Thickness / Å 12 (11, 12) 6 (5, 7) 
 Hydration / % 57 (56, 58) 7 (3, 9) 
 Roughness / Å 4 (3, 5) 4 (2, 5) 
Water gap Thickness / Å - 11 (10, 12) 
 Roughness / Å - 9 (7, 10) 
Nanodiscs SLD / ×10-6 Å-2 - 2.60 (2.50, 2.70) 
Layer 1 χdDMPC - 0.60 (0.57, 0.62) 
 Thickness / Å - 51 (47, 54) 
 Hydration / % - 46 (43, 48) 
 Roughness / Å - 14 (10, 15) 
Nanodiscs SLD / ×10-6 Å-2 - 2.60 (2.50, 2.70) 
Layer 2 χdDMPC - 0.60 (0.57, 0.62) 
 Thickness / Å - 52 (44, 60) 
 Hydration / % - 91 (88, 93) 
 Roughness / Å - 14 (10, 15) 
Bulk Solvent SLD (D2O)/ ×10-6 Å-2 6.12 (6.11, 6.13) 6.11 (6.10, 6.12) 
 SLD (SiMW)/ ×10-6 Å-2 2.45 (1.77, 2.71) 1.99 (1.87, 2.12) 
 SLD (H2O)/ ×10-6 Å-2 -0.27 (-0.55, -0.07) -0.53 (-0.56, -0.47) 
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hDMPC nanodiscs were then injected into bulk solution and incubated for 5 hours, after which the 
flow cells were flushed with buffer to remove excess, non-adsorbed polymer/ nanodiscs and the resultant 
structures analyzed by NR in three solution contrasts. In the case of dDMPC bilayers with hDMPC 
SMALPs, we were able to obtain satisfactory fits to the experimental data by using the same 5 layer 
model as described for dDMPC bilayers before nanodisc interaction (Figure 4.9c, d), indicating that 
SMALP nanodiscs do not adsorb to the interfacial bilayer. Structural parameters obtained from these 
fits (Table 4.7) indicate that incubation with hDMPC SMALPs leads to a net loss of material from the 
bilayer. Hydration of the DMPC tails region increases from approximately 6 to 38%. We also observe 
a decrease in SLD of the tails, from 6.45 to 3.41 ×10-6 Å-2. If this change is solely down to the 
introduction of hDMPC, then we can estimate that 43% of the remaining lipid is hDMPC from the 
nanodiscs. While modelling subtle changes to the bilayer structure after the interaction with hDMPC 
SMALPs was able to produce a slightly improved fit, this introduces a high level of uncertainty in the 
model parameters. As evidenced by the ability of the presented model to adequately describe the 
experimental data, the disruption to the bilayer structure is likely minor and we therefore proceed with 
the simpler model. Similarly, small changes to the SLD of the lipid headgroup, modelling polymer 
incorporation, was also able to marginally improve the fit quality. However, the we were unable to 
describe the location of SMA within the bilayer to any certainty due to the similarity in SLD of SMA to 
the lipid headgroups. 
NR data collected after the interaction of dDMPC bilayer with hDMPC SMILPs could also be fit 
using the same 5 layer model (Figure 4.10c, d). Parameters obtained through fitting of this model (Table 
4.8) suggest that, within error, there is no addition or removal of phospholipids from the bilayer, as 
shown by only a very slight decrease in hydration of the lipid tails. We also observed a smaller decrease 
in SLD of the lipid tails from 6.36 to 4.94 ×10-6 Å-2. Again, if this decrease in SLD is solely due to lipid 
exchange, we can estimate that 21% of the lipid in the resultant bilayer is hDMPC from SMILPs. As 
with the interaction of hDMPC SMALPs, modelling subtle changes to the bilayer structure was able to 
provide a marginal improvement to the fit. However, the same caveats apply that such a minor structural 
change introduces a high level of uncertainty into the model, and as such we opted for the simpler model. 
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In contrast to SMALPs and SMILPs, the NR data collected after the incubation of a dDMPC bilayer 
with hDMPC RAFT-SMALPs shows the appearance of strong Keissig fringes which are indicative of a 
much thicker interfacial layer (Figure 4.11c). Satisfactory fits to these data could not be obtained by 
using the 5 layer model as described above, nor by including a single extra layer modelling RAFT-SMA 
adsorption to the bilayer surface. We were, however, able to fit an 8-layer model to the experimental 
data with the additional layers corresponding to a thin, fully solvated water layer and two layers 
corresponding to adsorbed RAFT-SMALP nanodiscs (Figure 4.11d). Parameters obtained through 
fitting of this model (Table 4.9) indicate that there is a slight net addition of lipids to the bilayer, as 
indicated by the decrease in hydration of the tail layer from 11 to 6%. Additionally, a decrease in SLD 
of the phospholipid tail layer from 5.85 to 4.64 ×10-6 Å-2, allowing us to estimate that 21% of the lipids 
in the bilayer are hDMPC from RAFT-SMALPs. Unlike the interactions of hDMPC SMALPs and 
SMILPs, retaining the bilayer structure before and after RAFT-SMALP interaction was unable to 
produce satisfactory fits to the experimental data. A thinning of all layers within the bilayer was 
observed, countering our earlier observation of a net lipid deposition. One would expect that packing 
more lipids in the bilayer would increase the observed thickness by reducing the tilt angle. A thinner 
membrane and decreased hydration could be indicative of RAFT-SMA embedding throughout the 
bilayer whilst also removing lipids. Therefore our estimate of the total amount of lipid incorporation in 
the bilayer is likely an overestimation. 
The layers corresponding to adsorbed RAFT-SMALPs were modelled with an SLD calculated for 
the entire nanodisc, fitting for the mole fraction of dDMPC from the bilayer contained within the 
adsorbed nanodiscs (for more detail see section 4.3.2.10). This allows us to estimate that 60% of the 
lipid contained within the adsorbed nanodiscs are dDMPC. This suggests that adsorbed RAFT-SMALPs 
undergo lipid exchange with deuterated lipids present in the supported bilayer. The thicknesses of both 
layers are similar, and each thicker than that expected for a planar nanodisc-encapsulated bilayer 
adsorbed parallel to the original supported bilayer. The hydration of the outermost nanodisc layer is 
significantly higher than that of the inner nanodisc layer. When taking this in combination with the high 
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roughness associated with these layers, we propose that RAFT-SMALPs adsorb in multiple orientations 
to the supported lipid bilayer, whilst undergoing bidirectional lipid exchange. 
 DISCUSSION 
By using a combination of NR and ATR-FTIR spectroscopy, we have been able to quantify lipid and 
polymer exchange between nanodiscs in bulk solution and phospholipid monolayers at the air-water 
interface or phospholipid bilayers at the Si-water interface. Due to the contribution of polymers 
embedding into the monolayer in the case of the air-water interface, and the limitation to relative changes 
in arbitrary peak integrals in the case of the Si-water interface, we are unable to directly compare kinetic 
parameters obtained from the interaction of nanodiscs with different interfacial membranes. We can, 
however, identify similarities and differences between the interactions and hypothesize as to underlying 
mechanisms. 
When comparing the total changes in surface excess from lipid/polymer gained and lost at the 
monolayers, we can identify an interesting trend. While on initial inspection, SMALPS and SMILPs 
lead to a similar loss of material from the monolayer, as discussed above, SMALPs lead to a subsequent 
increase in the surface excess after the initial decrease. We suggest that this increase is due to polymer 
incorporation into the monolayers which is not accounted for in the surface excess calculations. 
Therefore the total loss of lipid from the bilayer to SMALPs is likely an underestimation. If this 
assumption is correct, then the trend emerges that SMALPs lead to both the highest amount of removal 
and deposition at the monolayer and RAFT-SMALPs the least. Previous studies investigating the 
thermodynamics of self-assembly of these nanodiscs show that the Gibbs energy of transition for the 
polymers associating with the lipids is most negative for RAFT-SMALPs and least negative for 
SMALPs.39,43 By investigating lipid exchange between nanodiscs and bilayers at the Si-water interface 
determined by ATR-FTIR spectroscopy, the same trend emerges, whereby RAFT-SMALPs exchange 
the least lipids with bilayers at the Si-water interface and SMALPs exchange the most. Therefore we 
propose that the thermodynamic stability associated with each of the polymers dictates the propensity 
of each nanodisc to exchange material with planar lipid membranes.  
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When comparing the kinetics of lipid/polymer exchange at both the air-water and Si-water interfaces, 
two phase kinetics can be seen in both cases. This suggests that the interactions at both interfaces are 
mediated by a two-phase process. As described above, we propose that the initial, rapid phase is due to 
polymer re-partitioning amongst the additional lipid present in the system when taking into account the 
interfacial lipids, and the second phase is due to collisional lipid exchange between nanodiscs in bulk 
solution and the interfacial lipids. While, biphasic kinetics are seen at both interfaces, interestingly, the 
result of the fast polymer-equilibration phase at the air-water interface leads to a deposition of lipids and 
polymer from the nanodiscs at the membrane, while at the solid-liquid interface, this leads to a removal 
of lipid from the membrane. 
In the case of equilibration with a monolayer at the air-water interface, lipid/ polymer deposition 
must occur through a disruption of the nanodisc structure. Once disassembled, the high stability of the 
monolayer will likely prohibit solubilization of the interfacial lipids, leading to the observed deposition 
of lipids and polymer. This is supported by the surface activity of SMALPs, indicating that once in 
contact with the air-water interface, the nanodiscs will disassemble leading to a mixed 
polymer/phospholipid monolayer at the air-water interface. Structural information obtained by NR of 
monolayers after incubation with nanodiscs also supports this hypothesis. While we have observed 
evidence of polymer incorporation into the tail region of the phospholipid monolayer in all cases, we 
remain insensitive to the association of polymers with the headgroups due to the similarity in SLD. 
As described above, a bilayer at the Si-water interface presents a substantially different 
thermodynamic environment than monolayers at the air-water interface. The bilayers themselves are a 
very similar environment to the bilayer-containing phospholipid core of nanodiscs. Previous studies 
have shown that there is very little thermodynamic penalty from the perspective of the lipids in 
transitioning from a curved, vesicular bilayer to a planar nanodisc. 35,38,39,43 This penalty is likely to be 
decreased further as lipids move between planar bilayers. Therefore, the rapid equilibration of the 
polymers with the additional lipid present in the monolayer will likely lead to solubilization and removal 
of lipids from the interfacial bilayer without the thermodynamic barriers present at the air-water 
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interface. However, in all cases, polymer can be identified associated with the bilayer by both ATR-
FTIR and NR measurements. This suggests that lipids in the bilayer still experience a thermodynamic 
penalty in transitioning from the interfacial bilayer to the nanodisc phases, leading to polymer 
incorporation in the bilayers. 
In the case of SMALPs, two-phase kinetics are observed for both lipid deposition and removal from 
the membranes at each interface measured. If our hypothesis is correct of an initial rapid polymer re-
equilibration, then this suggests that during this phase, lipid is deposited at the interfaces from the 
nanodiscs and transferred from the interface to nanodiscs as the nanodiscs disassemble and reassemble. 
At the air-water interface, more polymer was observed in the monolayer when compared to SMILPs and 
RAFT-SMALPs. Due to the preferred interaction of SMA with phospholipids over self-interaction, an 
overloading of the monolayer with SMA will likely lead to the observed removal of lipid from the 
monolayer accompanying the deposition of lipids at the monolayer from nanodisc disassembly. SMALP 
nanodiscs experience the least perturbation to the thermodynamic environment of the phospholipids 
upon solubilization as well as the weakest thermodynamic driving force for polymer to interact with 
lipids. At the Si-water interface, this will lead to an increased propensity for lipids to move 
bidirectionally between the nanodiscs and the bilayer due to the thermodynamic similarity of the two 
environments. 
Exchange of polymers in addition to lipids is not unexpected. Recent studies have shown by 
fluorescently labelling SMA polymers, that in addition to the now-accepted lipid exchange between 
nanodiscs in solution,49,50 there is also exchange of polymers between nanodiscs.68 Furthermore, studies 
of nanodisc self-assembly have demonstrated that nanodiscs form via an initial adsorption of polymers 
to the bilayer surface, prior to embedding into the hydrophobic core and subsequent solubilization.36,69 
This is not dissimilar to what we observe here. Additionally, studies have also shown that polymers will 
partition between the available lipid in a system leading to changes in nanodisc structure which are 
dependent on the lipid:polymer ratio.35,38,39,43 This suggests that here, by introducing nanodiscs to an 
additional source of lipids at the interface, we change the lipid:polymer ratio which will result in the 
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repartitioning of polymers amongst the available lipid, leading to simultaneous lipid and polymer 
exchange.  
In stark contrast to the interactions of SMALPs and SMILPs with planar bilayers at the Si-water 
interface, RAFT-SMALPs adsorb to the membrane in addition to undergoing lipid and polymer 
exchange, as measured by NR. Kinetic data obtained by FTIR indicates that the majority of the lipid and 
polymer exchange occurs rapidly as a result of the aforementioned polymer equilibration. After this 
phase, we observe only a minor loss of lipid from the bilayer and a steady deposition of hydrogenated 
lipid as RAFT-SMALPs adsorb to the interfacial bilayer. If we assume a uniform discoidal structure of 
RAFT-SMALPs, then given triangular packing on the surface, the highest coverage achievable will be 
90.7%. Previous studies on the structure of SMALPs have found that approximately  42 mol% solvent 
is found in the polymer rim, which itself occupies 35% of the volume of the nanodisc core (lipid tails + 
polymer). If we assume a similar structure for RAFT-SMALPs, given hexagonal packing, the highest 
theoretical coverage achievable with hexagonal packing gives an apparent 24% hydration. Through 
fitting of the model SLD profile to the experimental data, we observe 46% hydration of the inner 
nanodisc layer. In reality, the formal negative charge present on the polymer will lead to electrostatic 
repulsion between nanodiscs, to decrease the maximum surface coverage further. While the thickness 
of each nanodisc layer within the model is thicker than would formed by a nanodisc-encapsulated lipid 
bilayer adsorbed parallel to the interface, the total thickness we obtained for both RAFT-SMALP layers 
is of the order of 10 nm, in good agreement with nanodisc diameters reported in previous studies on 
SMALP structure. We, therefore, are therefore confident in our model describing nanodisc adsorption 
in multiple orientations and expect that we observe close to the maximum achievable coverage of a 
RAFT-SMALP film.  
Previous studies investigating the interaction of RAFT-SMALPs with DOPC monolayers deposited 
on a hydrophobic surface at the Si-water interface saw little to no nanodisc adsorption 48. The reasons 
as to why, in this case, clear increases in thickness were observed is unclear. Previously, RAFT-
SMALPs were not purified prior to incubation with phospholipid monolayers. During SEC purification 
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of RAFT-SMALPs, we did observe a small peak with a higher retention volume which is likely to be 
non-associated polymer. If this small quantity of excess polymer was not removed, then the 
lipid:polymer ratio would have been altered which is likely to change the interaction with the surface. 
In addition, it is possible that DOPC monolayers are less amenable to adsorption than DMPC bilayers. 
Incomplete coverage of hydrophobic silicon could promote nanodisc disassembly at the Si-water 
interface, which would disrupt the adsorption of intact nanodiscs. Furthermore, the high gel to liquid 
transition temperature of DOPC relative to DMPC could affect the kinetics of the interaction such that 
adsorption is not favored. This clearly points to an area which would merit from further investigation if 
reliable and robust assembly of nanodisc films is to be achieved for functional and structural studies of 
nanodisc-solubilized MPs at interfaces. 
 CONCLUSIONS 
Here, we have demonstrated that both lipid and polymer exchange occurs between polymer-stabilized 
phospholipid nanodiscs stabilized by three structurally related polymers and model phospholipid 
membranes at the air-water and Si-water interfaces. While the most lipid and polymer exchange occurs 
with SMALP nanodiscs, each nanodisc tested experiences lipid and polymer exchange with planar 
model membranes. It has been previously demonstrated that both phospholipid composition of 
nanodiscs and ionic strength of the solution can change the kinetics of lipid exchange between nanodiscs 
in solution. It remains to be seen as to whether changing these properties could influence lipid exchange 
between nanodiscs and planar phospholipid membranes. Nonetheless, our results present some 
exploitable differences between the lipid exchange properties of different nanodiscs. For example, for 
probing the influence of the local lipid environment on MP activity, polymer choice may be dictated by 
that which leads to the highest amount and rate of lipid exchange. In addition, for the first time, we have 
demonstrated the creation of nanodisc films adsorbed to planar bilayers at the Si-water interface. This 
demonstrates the potential of SMALP nanodiscs to be used for structural and functional characterization 
of solubilized MPs within a phospholipid environment by techniques such as X-ray and neutron 
reflectometry, surface plasmon resonance and quartz-crystal microbalance.  
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 ABSTRACT 
Peripheral membrane proteins represent an important class of membrane proteins, responsible for a 
broad range of cellular functions, yet the specifics of protein-lipid interactions remain challenging to 
study. Here, we utilize SMALP nanodiscs as a soluble membrane surface to elucidate structural details 
of the interaction of YraP, a bacterial outer membrane lipoprotein of unknown function, with 
phospholipid bilayers. We show that YraP undergoes a large conformational change upon SMALP 
interaction, with a substantial increase in ß-sheet content. Furthermore, we show using small-angle 
neutron scattering that the YraP-SMALP complex self-assembles into long fibrillar structures which 
may be amyloid-like in nature. These data, for the first time, show the potential of SMALPs as a soluble 
membrane assembly platform for capturing peripheral membrane protein-lipid interactions for structural 
studies. Furthermore, the structural information obtained of the YraP-SMALP interaction provides clues 
as to its function. 
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 INTRODUCTION 
eripheral membrane proteins (PMPs) represent a large proportion of membrane-associated 
proteins in both prokaryotes and eukaryotes. In contrast to integral membrane proteins, PMPs 
do not contain transmembrane regions which span the lipid bilayer, rather interact with a single leaflet 
of the bilayer. Membrane binding is frequently achieved by the use of an amphipathic α-helix where one 
exposed side of the helix contains a high proportion of hydrophobic residues encouraging bilayer 
interactions, in addition to polar residues which can provide specificities to individual lipid headgroups. 
Alternatively, many proteins have sequences which get targeted for acylation during maturation to the 
mature protein, functioning as a membrane tether. These PMPs have a diverse range of cellular functions 
including initiating signalling cascades upon recognition of specific phospholipid headgroups, transfer 
of lipids between subcellular compartments,1 and providing membrane anchors for cytoskeletal 
scaffolds.2 
Significant progress has been made in functional characterization of PMPs, specifically in the study 
of protein-lipid interactions. The use of planar lipid bilayers as model membranes using techniques such 
as surface plasmon resonance and quartz-crystal microbalances can allow for investigation of membrane 
binding affinities and specificities.3,4 Recently, the use of fluorescently labelled phospholipid vesicles 
in a microarray format has been used for systems-level screening for the specificity of PMPs for 
individual lipids.5 However, structural characterization of PMP-lipid interactions has remained 
challenging. While neutron reflectometry allows investigation of the structure perpendicular to the 
bilayer, individual interactions cannot be observed.6 Typically, in order to observe individual protein 
lipid interactions, X-ray crystallography has been employed where proteins have been co-crystalized in 
complex with lipid molecules.7 However, obtaining diffraction quality protein crystals is often a 
substantial bottleneck.8,9 Recent advances in cryo-electron microscopy has allowed investigations of 
protein interactions with vesicular model membranes. However resolution is often limited by the 
inherent polydispersity in vesicular preparations.10 
P 
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One strategy which has been employed to investigate peripheral membrane protein interactions with 
phospholipid membranes has been the use of phospholipid nanodiscs. Nanodiscs are a discoidal, 
nanoscale section of phospholipid bilayer which is encapsulated by a membrane scaffold protein (MSP) 
belt. Here, this category of nanodiscs will be referred to as MSP-nanodiscs. The MSP is a modified form 
of Apolipoprotein A-I, and stabilizes the hydrophobic core of the lipid bilayer in aqueous solution.11 
Membrane proteins can be contained within the lipid bilayer-containing core of the MSP-nanodisc. This 
provides substantial stabilization when compared to classical surfactant alternatives, whilst maintaining 
the solubilized protein within a native-like phospholipid environment. This technology has been applied 
for extensive structural and functional characterization of a broad range of membrane proteins. 12–19  
When applied to PMPs, MSP-nanodiscs provide an ideal platform for investigating lipid-protein 
interactions by providing a soluble membrane surface.20 In contrast to the methods described above, 
purified, isolated PMPs interaction with MSP-nanodisc-encapsulated membranes can be probed in a 
system which is applicable to a range of techniques such as SPR,21 Förster resonance energy transfer 
(FRET)22 and nuclear magnetic resonance spectroscopy (NMR).23,24  
Recent studies have used MSP-nanodiscs for the reconstitution of cytochrome P450 3A4 
(CYP3A4).25 Structural studies of the cytochrome-MSP-nanodisc complex using small-angle scattering 
(SAS) have revealed the orientation of the cytochrome within the bilayer of the MSP-nanodisc. By using 
a hybrid modelling approach of model-dependent and ab initio modelling, a model of CYP3A4 was 
obtained in good agreement with models obtained through molecular dynamic simulations, where the 
membrane-anchor helix was found to sit close to the rim of the MSP-nanodisc, with the globular domain 
protruding into solution over the edge of the MSP belt. 
Despite the progress made in the study of PMPs using MSP-nanodiscs, due to the proteinaceous 
nature of the stabilizing belt, the MSP itself will contribute to data collected using spectroscopic 
techniques such as circular dichroism spectroscopy, infra-red spectroscopy and intrinsic fluorescence 
experiments. Furthermore, for insoluble PMPs, such as CYP3A4 discussed above, MSP-nanodiscs have 
not been shown as capable of extracting proteins direct from native membranes, but require initial 
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detergent-mediated solubilization prior to reconstitution into MSP-nanodiscs. To address these issues, 
amphipathic copolymers of styrene and maleic acid (SMA) have been utilized to solubilize 
phospholipids and membranes into SMA lipid particles (SMALPs).26 Similarly to MSP-nanodiscs, 
SMALPs contain a discoidal section of planar lipid bilayer but unlike MSP-nanodiscs, protein is 
replaced by a belt of SMA copolymer.27 While styrene moieties intercalate into the lipid tail regions, the 
hydrophilic acid groups allow hydrogen bonding with the surrounding solvent.27 When applied to 
membrane proteins, SMA is capable of extracting membrane proteins directly from native cell 
membranes whilst maintaining the local lipid environment. Proteins encapsulated within SMALPs, have 
been shown to have enhanced stability when compared to surfactant micelles and native membranes.28,29 
Furthermore, SMALPs are amenable to a range of structural techniques with demonstrated applications 
to cryo-EM, SAS, NMR and X-ray crystallography.27,30–33 
In this study, we have, for the first time, investigated the applicability of SMALPs to PMP-lipid 
interactions. To assess the suitability of SMALPs as a peptide-free soluble membrane assembly 
platform, we investigated the interactions between the bacterial lipoprotein, YraP, and SMALPs. YraP 
is a conserved, albeit nonessential protein found throughout proteobacteria. Previous studies have 
demonstrated that it is localized to the inner leaflet of the outer membrane by means of an N-terminal 
lipobox motif leading to N-terminal acylation and trafficking through the Lol (Location of lipoproteins) 
pathway.34 ΔyraP strains show only the mild phenotype of increased SDS sensitivity of the outer 
membrane.35 While the function of YraP remains unknown, it has been hypothesized to be involved in 
cell division from its localization to the septum during cell division, where YraP has been proposed to 
regulate AmiC mediated peptidoglycan cleavage along with NlpD.34 Furthermore, as SDS sensitivity is 
suggestive of outer membrane defects, YraP has also been suggested to be involved in outer membrane 
protein (OMP) insertion pathways mediated by the periplasmic chaperones DegP and Skp.35  
Despite the unknown function of YraP, it is now well structurally characterized. The solution 
structure of YraP has been solved by NMR spectroscopy (Figure 5.1).36 While YraP contains a globular 
core, NMR solutions suggest an intrinsically disordered, flexible N-terminus consisting of the first 25 
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residues of the mature protein as well as a short, flexible C-terminus (Figure 5.1a). The globular core of 
YraP is composed of two BON (Bacterial OsmY and Nodulation) domains connected by a short linker, 
each containing a 2-helix bundle and a short ß-sheet containing three ß-strands of mixed 
parallel/antiparallel orientation (Figure 5.1b, c). As BON domains have been implicated in mediating 
lipid binding,37 subsequent NMR measurements (unpublished data presented with permission from T.J. 
Knowles and I.R. Henderson, see Appendix D, Figure D.2) have indicated that residues in the first helix 
of the second BON domain are predominantly responsible for lipid binding. These residues include a 
hydrophobic tryptophan and several polar residues (Figure 5.1d). It is suspected that the hydrophobic 
tryptophan side chain will embed into the hydrophobic core of the membrane while the polar residues 
may provide headgroup specificity. Indeed, it appears from NMR chemical shift perturbations that YraP 
is only capable of binding phosphatidylglycerol (PG), phosphatidylcholine  (PC) and cardiolipin (CL) 
headgroups. Only minor chemical shift perturbations were observed upon incubation of YraP with 
phosphatidylethanolamine (PE), suggesting YraP does not interact with PE lipid species. However, 
headgroup specificity was measured using short chain, dihexanoyl micellar lipids, therefore it remains 
unknown what structural changes YraP undergoes upon binding to a bulk membrane. 
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Figure 5.1. a. The solution structure of YraP as determined by NMR spectroscopy displayed as ribbon 
diagrams. The top 20 solutions are shown aligned with the minimum Cα RMSD. The ribbon is colored 
from blue (N-terminus) to red (C-terminus). b. An individual conformer showing the two BON domain 
structure of YraP. N and C terminal disordered regions are not shown for clarity. α helices are colored 
orange and ß-sheets are colored blue. The location of residues shown to interact with phospholipids are 
shown as yellow segments. c. Schematic showing the topology of YraP. Orange rectangles represent α-
helices and blue arrows represent ß-sheets. Shaded regions depict the organization of secondary 
structural elements into individual BON domains. The yellow rectangle represents the amphipathic helix 
responsible for membrane binding. d. A close-up view of the BON2 domain containing the amphipathic 
helix responsible for membrane binding. The domain structure is shown as a green ribbon. Side-chains 
identified as important in phospholipid binding are shown as sticks. The semi-transparent surface is 
colored according to surface charge, where red regions represent areas of net positive charge, and blue 
regions represent areas of net negative charge.  
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Here, we seek to investigate what structural changes occur upon the interaction of YraP with a 
phospholipid bilayer in order to provide clues as to its function. By utilizing SMALPs as a soluble 
membrane surface, we capture the YraP-membrane interaction and show that YraP undergoes a large 
change in secondary structure composition upon SMALP interaction using synchrotron radiation 
circular dichroism (SRCD) spectroscopy. Following this, we investigate the large scale structural 
changes in YraP and SMALPs induced by their interaction using small-angle neutron scattering (SANS). 
We show that while both YraP and SMALPs have a structure as expected when in isolation, the 
interaction of YraP with SMALPs leads to the self-assembly of an elongated cylindrical structure. We 
hypothesize on the fibrillar, amyloid-like nature of this assembly and perform thioflavin T fluorescence 
experiments to support this hypothesis. These data not only demonstrate the potential of SMALPs for 
capturing PMP-membrane interaction, but also provide hints as to the function of YraP. 
 MATERIALS AND METHODS 
5.3.1 Materials 
Hydrogenated and tail-deuterated (2H54-)1,2-dimyristoyl-sn-glycero-3-phosphocholine (hDMPC and 
dDMPC, respectively) were purchased from Avanti Polar Lipids. Poly(styrene-co-maleic anhydride) 
was purchased from Cray Valley (UK) as SMA2000 resin. All other chemicals were purchased from 
Sigma-Aldrich at > 98% purity and used without further purification. 
5.3.2 Methods 
5.3.2.1 Expression and purification of YraP 
The signal-sequence-free DNA sequence of Escherichia coli (E. coli) K12 YraP corresponding to 
residues 19 – 191, with a C19A mutation introduced to remove a potential acylation site, and a C-
terminal 6×His tag attached via a GGLE linker was chemically synthesized (Genscript) and inserted into 
a pET-28b plasmid (Merck-Millipore) used to transform E. coli BL21(DE3) cells. Expression was 
performed by growing a 1% (v/v) inoculum of cells in 2x YT media (16 g/L peptone, 10 g/L yeast 
extract, 5 g/L NaCl, pH 7)  at 37℃ until an OD600 of 0.6 was reached. Expression was induced by the 
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addition of 1 mM isopropyl-β-D-1-thiogalactopyranoside (IPTG) and cultures grown for 16 hours at 
18℃. 
In order to produce deuterated YraP, cells were transformed and grown on lysogeny broth (LB)-agar. 
A single colony was selected and grown in LB for 6 hours at 37℃. In order to condition cells for growth 
in D2O, a 1% v/v inoculum was then transferred to M9 minimal media containing 70% w/w D2O and 
grown for 16 hours at 37℃. A 1% v/v inoculum of the D2O-conditioned culture was grown in M9 
minimal media containing 100% D2O and grown at 37℃ until an OD600 of 0.6 was reached. Expression 
was induced by the addition of 1 mM IPTG and cultures grown at 18℃ for 24 hours. 
Both hydrogenated and deuterated YraP were purified identically. Cells were pelleted by 
centrifugation at 6000 × g and resuspended in a minimal volume of 50 mM Tris, 500 mM NaCl, 20 mM 
imidazole, pH 8.0 supplemented with cOmplete EDTA-free protease inhibitor cocktail (Sigma). 
Resuspended cells were lysed by five passages through an Emulsiflex C3 cell disruptor (Avestin), then 
centrifuged at 75,000 × g, 4℃ for 30 minutes in order to remove cell debris and intact cells. The clarified 
lysate was then passed over a 5 mL Ni-NTA HisTrap column (GE Healthcare Life Sciences) at room 
temperature and washed with  ten column volumes of 50 mM Tris, 500 mM NaCl, 50 mM imidazole, 
pH 8.0 to remove non-specifically bound contaminants. YraP was eluted in the same buffer containing 
250 mM imidazole. Fractions containing YraP, as determined by SDS-PAGE, were further purified 
using size exclusion chromatography (SEC) to remove contaminant proteins and aggregates by injection  
onto a Superdex 75 26/600 column (GE Healthcare Life Sciences) at 4℃, equilibrated in 50 mM Tris, 
150 mM NaCl, pH 8.0. Fractions containing YraP, as determined by SDS-PAGE were pooled and 
concentrated to 10 mg/mL. The deuteration level of YraP was determined using MALDI-TOF mass 
spectrometry. The masses of hydrogenated and deuterated YraP were found as 19.251 kDa and 20.267 
kDa respectively (Appendix D, Figure D.1). By taking into account exchangeable protons of the peptide 
backbone and ionizable functional groups, we were able to calculate a deuteration level of approximately 
81%. 
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5.3.2.2 SMA copolymer hydrolysis 
SMA2000 was hydrolyzed from poly(styrene-co-maleic anhydride) to soluble poly(styrene-co-
maleic acid) as previously described.38 Briefly, a 10% w/v suspension of SMA2000 in 1 M NaOH and 
heated under reflux for 2 hours, whereby the solution clarified. After cooling, SMA was precipitated by 
the dropwise addition of concentrated HCl until the pH < 5. Precipitated SMA was centrifuged at 10,000 
× g and the pellet washed by resuspension in water. The washing procedure was repeated a further two 
times. After washing, the SMA pellet was dissolved in a minimal volume of 0.6 M NaOH and incubated 
at 37℃ for 16 hours prior to repeating the precipitation and washing procedure. Finally, SMA was again 
dissolved in a minimal volume of 0.6 M NaOH, adjusted to pH 8.0 by the dropwise addition of 
concentrated HCl, lyophilized and used without further purification. 
5.3.2.3 Self-assembly and purification of DMPC-SMALPs 
DMPC SMALPs were made and purified essentially as previously described.26,39 Briefly, 10 mg/mL 
DMPC in CHCl3 was transferred to a glass vial and dried under a stream of nitrogen to create a lipid 
film on the inside of the glass vial. Vials were desiccated for at least 2 hours to remove residual solvent. 
Lipids were rehydrated at 30℃ in 50 mM Tris, 500 mM NaCl, pH 8.0 to a concentration of 10 mg/mL. 
Small unilamellar vesicles (SUVs) were formed by sonication at 30℃ for 30 minutes. 3% w/v SMA 
copolymer was prepared in the same buffer and mixed at a 1:1 v/v ratio with the SUV suspension. 
SMALP self-assembly was allowed to equilibrate at room temperature for 2 hours. After equilibration, 
SMALPs were concentrated in a 10,000 MWCO centrifugal concentrator tubes and purified by SEC 
using a HiLoad Superdex 200 16/600 column (GE Healthcare Life Sciences) equilibrated in 50 mM 
Tris, 500 mM NaCl, pH 8.0 attached to an Äkta purification system (GE Healthcare Life Sciences) 
monitoring UV absorbance at 254 nm. Fractions corresponding to SMALPs were pooled, flash frozen 
in liquid nitrogen and stored at -80℃. 
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5.3.2.4 Self-assembly and purification of the YraP-SMALP complex 
In order to produce the YraP-SMALP complex, we employed the strategy of initially forming 
proteoliposomes prior to solubilization into SMALPs. 5 mg YraP was added to DMPC SUVs in 50 mM 
Tris, 500 mM NaCl, pH 8.0 at a YraP:DMPC molar ratio of 1:600 and incubated at 25℃ for 1 hour. 
Resultant proteoliposomes were solubilized by the addition of SMA at a polymer:lipid molar ratio of  
1.5. Self-assembly of SMALPs was allowed to equilibrate for 2 hours. In order to remove ‘empty’ 
SMALPs that are not interacting with YraP, the YraP SMALP mixture was passed over a 1 mL Ni-NTA 
HisTrap column (GE Healthcare). ‘Empty’ SMALPs were removed by washing the column with 10 
column volumes of 50 mM Tris, 500 mM NaCl, pH 8.0. YraP-SMALPs were eluted from the column 
with 50 mM Tris, 500 mM NaCl, 50 mM ethylenediaminetetraacetic acid (EDTA) pH 8.0. Elution 
fractions were pooled and further purified by SEC using a HiLoad Superdex 200 16/600 column 
equilibrated in 50 mM Tris, 500 mM NaCl, pH 8.0. The purification was monitored by UV absorbance 
at 280 nm and 254 nm so as to be sensitive to the presence of YraP and SMA. 
5.3.2.5 Far-UV synchrotron radiation circular dichroism (SRCD) 
Far-UV SRCD was performed using the SRCD end-station of the DISCO beamline at Synchrotron 
Soleil.40 Both YraP and YraP-SMALP were buffer exchanged into 50 mM Tris, 150 mM NaCl using 
PD-10 desalting columns (GE Healthcare) and concentrated to 10 and 4 mg/mL, respectively, using 
10,000 MWCO centrifugal concentrator tubes (Amicon). Samples were loaded into discoidal CaF2 cells 
with a 30 µm path length. Cells were mounted in a bespoke, temperature controlled stage within a 
nitrogen flushed chamber. SRCD spectra were collected using a monochromatic, 3 mm diameter beam. 
Spectra were measured from 261 to 170 nm with a resolution (Δλ/λ) of 1 nm, integration time of 1.2 s. 
Thermal denaturation experiments were performed between 25 and 95℃. Spectra were collected every 
5℃ after 120 s equilibration at the desired temperature. All spectra were recorded three times for each 
sample at each measured temperature and the spectra averaged. Spectra were calibrated to a 6.19 mg/mL 
solution of (1S)-(+)-10-camphorsulfonic acid (CSA) in water and the background spectra of buffer alone 
subtracted from the sample spectra.Thermal stability was monitored by plotting individual wavelengths 
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(222 nm and 193 nm) as a function of temperature. The temperature at the midpoint of the structural 
transition, Tm, was determined by fitting of these data to the Gibbs-Helmholtz equation.41 
5.3.2.6 Small-angle neutron scattering (SANS) 
Small-angle neutron scattering (SANS) was performed using the SANS2D instrument at the ISIS 
neutron and muon source. Detailed descriptions of the theoretical bases of SANS including instrumental 
details and applications to soft matter and biomolecules have been described in depth elsewhere.42,43 
Therefore, here we will only include a brief description of the technique. SANS measures the scattered 
neutron intensity, 𝐼(𝑄), by randomly oriented particles in solution at small angles as a function of the 
scattering vector, Q, where 
𝑄 =
4𝜋 sin 𝜃
𝜆
 
Where 2θ represents the scattering angle between the incident and scattered beam and λ represents 
the wavelength of scattered neutrons. The measured scattered intensity as a function of Q, 𝐼(𝑄), is 
dependent on scattering between particles in solution as described by the structure factor, 𝑆(𝑄), 
scattering occurring within isolated particles in solution described by the form factor, 𝑃(𝑄), the number 
of particles in solution, the volume of particles, 𝑉, and the difference in neutron scattering length density 
(SLD) contrast, Δρ: 
𝐼(𝑄) = 𝑆(𝑄) ∑ [(∆𝜌 ∙ 𝑉)2𝑃(𝑄)]
𝑛
𝑖=1
 
 As the structure of independent particles is described by 𝑃(𝑄), if we assume a non-interacting, 
randomly oriented distribution of homogenous particles in solution, the contribution of 𝑆(𝑄) will be 
negligible and we can approximate the Q-dependence of  SANS intensity to: 
𝐼(𝑄) = 𝑁(∆𝜌𝑉)2𝑃(𝑄) 
where 𝑁 is the number density of particles in solution. The scattering length density (SLD) of a 
particle or component thereof is defined as 
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𝜌 =
∑ 𝑏𝑐
𝑛
𝑖=1
𝑉𝑚
 
where SLD, ρ, is given by the sum of the coherent scattering lengths, 𝑏𝑐, for each atomic nuclei, n, 
within a given molecular volume, 𝑉𝑚. Due to the large difference in coherent scattering length between 
hydrogen and deuterium (-3.74 × 10-5 Å and 6.67 × 10-5 Å, respectively), by differentially isotopically 
labelling components of macromolecular complexes and that of the bulk solvent, the scattering length 
density of individual components can be matched to each other and/ or that of the solvent. This means 
that the measured SANS intensity will not distinguish between matched components and/ or solvent as 
Δρ = 0. This makes SANS a powerful tool for structural studies of complex particles by allowing 
localization of the different components within a complex through variation in isotopic contrast. 
In order to deconvolute structural details of both SMALPs and the YraP-SMALP complex, SMALPs 
were prepared with either hDMPC or dDMPC and YraP-SMALPs prepared with either hYraP or dYraP 
with either hDMPC SMALPs, or SMALPs with a mix of hDMPC and dDMPC such that the SLD of the 
lipids match that previously reported for the SMA polymer belt. As the polymer belt is hydrated in 
solution, the apparent SLD will increase as a function of % D2O (Figure 5.2). Therefore, to account for 
the change in SLD, YraP-SMALPs were prepared with lipids that match SMA in H2O and a separate 
sample prepared with lipids matching SMA in D2O (i.e. a 0.09 and 0.57 molar ratio of hDMPC;dDMPC 
to match the SLD of SMA in H2O and D2O, respectively). Throughout this sample preparation we have 
made the assumption that there is no preference to hDMPC or dDMPC incorporation within SMALPs 
with or without associated YraP, and that lipids will be homogenously mixed between all SMALPs 
present. 
All samples were extensively dialyzed against 50 mM Tris, 500 mM NaCl pH 8 in H2O or the same 
buffer at pH 8.0 in D2O. After sufficient dialysis, YraP was concentrated to 260 µM, DMPC SMALPs 
concentrated to 50 µM (polymer concentration) and the YraP-SMALP complex to 80 µM (protein 
concentration). In order to measure at intermediate solution contrasts, samples dialyzed into H2O and 
D2O were mixed in the correct volume fraction. 
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Samples were loaded into 12 mm diameter circular quartz cells with a 1 mm path length and mounted 
within the sample changer maintained at 25℃. SANS data were collected using TOF-SANS in event 
mode with source to sample distance of 4 m, an 8 mm beam aperture with a wavelength range covering 
2 – 14 Å at a pulse frequency of 10 Hz. Two 96.5 cm2 detectors positioned at 2.4 m and 4 m from the 
sample collected  high and low angle data respectively with the high angle detector bank offset from the 
beam path and rotated to face the sample, covering an effective Q range of 0.005 – 1.2 Å-1 where δQ/Q 
= 8%. Data were reduced using Mantid (v 3.10.1) 44 where data collected at each detector were 
normalized to the flux of the direct beam and transmissions collected from a monitor at the beam stop 
prior to radially averaging and stitching the scattering profile from the two detectors. Finally, subtraction 
of the background scattering profile collected of the final dialysis buffers was subtracted from the sample 
scattering profile to obtain the SANS profile of the particles in solution. 
5.3.2.7 SANS data analysis 
We have performed several analyses on our SANS data, each of which provides information on 
different structural properties of particles in solution. Initial transformations of the SANS data by means 
of the Guinier and Kratky plots provide information on the overall particle size and compactness. While 
this is useful for initial inspection of the data, and can be informative in downstream analysis, neither 
are informative on the precise structure of particles in solution. In order to gain finer structural insights, 
we took two approaches: indirect inverse Fourier transforms of data describing particles of homogenous 
SLD in real space, and model-dependent analysis where models describing homogeneous geometric 
slabs of different SLDs in real space are fit to the experimental data in reciprocal space. In the following 
section, we provide a description of these analyses and their application within this study. 
Potential aggregation and low-Q structure factor contributions to the scattering pattern were initially 
inspected by means of Guinier plots, where: 
ln(𝐼(𝑄)) = ln(𝐼(0)) −
𝑅𝑔
2
3
𝑄2 
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In order to gain information on the size of particles in solution, linear regression was performed to 
data plotted as ln(I(Q)) vs Q2 over the region where QRg < 1.3 in order to obtain the radii of gyration, 
Rg, and the extrapolated zero-angle intensity, I(0).45  
The compactness of particles in solution was gauged by means of dimensionless Kratky plots. Here, 
data is normalized to the expected decay in scattering intensity for a gaussian coil, and scaled with 
respect the Rg and I(0) for that sample by plotting as (QRg)2×I(Q)/I(0) vs QRg. A distinct peak within 
the Kratky plot indicates a globular, compact particle, whereas a non-zero plateau suggests a gaussian 
coil conformation.45,46 
The full SANS patterns collected for YraP were further analyzed using CRYSON.47 CRYSON 
calculates the theoretical scattering pattern for a spherically averaged macromolecule of known structure 
in solution and fits this to experimental data by iteratively modifying the hydration shell around the 
molecule, taking into account instrumental Q smearing, the scattering length densities of the particle and 
solvent and exchangeable protons/ deuterons between the scattering particles and the bulk solution. We 
used the ensemble structure of YraP derived from solution-NMR as the input to CRYSON.36 A fraction 
of non-exchanged NH in the peptide backbone of 0.l was used throughout and in the case of dYraP, the 
perdeuteration level of YraP was set to 0.81 based on the mass of dYraP determined from mass 
spectrometry. Data were fitted between Q values of 0.01 and 0.5 Å-1. All other input parameters were 
kept as default values. 
The pair-distance distribution function, P(r), of both hYraP and dYraP was fit to the experimental 
scattering pattern using GNOM.48 The P(r) describes the contrast-weighted, real space probable 
distance, r, distribution between scattering centers within a particle. An indirect Fourier transform of 
I(Q) over 0 < r < Dmax is performed, where Dmax is the maximum particle dimension. This distribution is 
then fit to the experimental scattering pattern in order to minimize χ2. 
Low resolution ab initio models were obtained using DAMMIF 49  to generate a spherical search 
volume of diameter Dmax obtained from the P(r) function which is filled with ‘dummy atoms’ 
representing a scattering object. A simulated annealing procedure is then used to vary positions of atoms 
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representing both the particle and solution (constrained to encourage interconnectivity) tending towards 
decreased energy until the distribution matches that expected in from the P(r) calculations. DAMMIF 
was run 10 times using default parameters with no assumptions applied on particle symmetry. All ten 
models were then aligned, averaged with outliers identified and filtered using DAMAVER.50 The final 
averaged, model was then used as an input to DAMMIN to refine the model using a slower, finer 
calculation.51 
SANS data collected for DMPC SMALPs were analyzed by means of model-dependent analysis 
using the models available in the National Institute of Standards and Technology Small-Angle Neutron 
Scattering (NIST-SANS) Analysis Package 52 implemented within IGOR Pro (Wavemetrics). This 
analysis method describes a theoretical model based on interconnected geometric shapes with distinct 
SLDs and back-calculates a theoretical scattering pattern. This model is simultaneously and iteratively 
fit to multiple experimental scattering patterns. In fitting SANS patterns collected from DMPC 
SMALPs, we used a polydisperse core-shell cylinder model which has previously been employed 
determine structural parameters of DMPC SMALPs in solution.27 This model is comprised of a core-
shell cylinder with additional cylinders at either face of the central core cylinder, representing 
phospholipid tails (core), phospholipid head groups (face) and the SMA copolymer belt (shell). 
Polydispersity in the radius was modelled as a Schultz distribution in the central phospholipid core of 
the particle.  The SLDs of the phospholipid tails and headgroups were held as constant based on literature 
values for DMPC molecular volumes (281.9 Å3 and 779.0 Å3 for DMPC headgroups and tails, 
respectively)53 and their isotopic composition. Similarly the SLD of the SMA polymer belt and solvent 
penetration into the DMPC headgroups was held constant based on literature values 27 and solvent SLDs 
calculated and held constant in an analysis strategy consistent with previous studies.27 Parameters 
describing the dimensions of the particle, radial polydispersity and solvent penetration into the polymer 
rim were linked across all data sets and fit to the experimental data. 
 A similar approach of model-dependent analysis was employed in order to decipher structural 
information on the YraP-SMALP complex using models available within SasView 
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(http://www.sasview.org/). Here, we used a model of a polydisperse core-shell elongated cylinder, with 
polydispersity of the cylinder radius modeled by a Schultz distribution. As with fitting DMPC SMALP 
data, SLDs of the solvent were calculated and held as constant during fitting. We made the assumption 
that the structure of SMALPs are essentially unchanged from that determined by the DMPC SMALP 
analysis. This assumption allows calculation of the SLDs of the entire SMALP in each contrast: 
𝜌𝑇 = ∑ 𝜒𝑉  𝜌𝑎𝑝𝑝 
where the total SLD of the SMALP, ρT is defined by the sum of the products of volume fractions, χV, 
and apparent SLDs taking into account solvent penetration, ρapp, for each component as determined for 
SMALPs in the absence of YraP (Figure 5.2). The SLDs of the SMALPs were calculated and held 
constant throughout fitting. The SLDs of YraP, were calculated using MULCh 54 and also held constant 
(Figure 5.2). The parameters describing the dimensions of the particle and polydispersity were linked 
between all data sets and fit to the experimental data.
Figure 5.2. Changes in SLD of each component of the YraP-SMALP complex as a function of the 
volume fraction of D2O. Match points measured are marked as dashed vertical lines.  
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5.3.2.8 Thioflavin T fluorescence 
Thioflavin T (ThT) fluorescence experiments were performed using a PerkinElmer luminescence 
spectrometer (LS 50B) with an excitation wavelength of 440 nm and an emission wavelength of 482 nm 
with both emission and excitation slits set to 2 mm. Initially a 20 µM solution of ThT in 50 mM Tris, 
150 mM NaCl in 10 mm path length glass cuvettes was measured for 1 minute with an integration time 
of 10 seconds to measure baseline fluorescence. Following this YraP, DMPC SMALPs or YraP-
SMALPs were added in the same buffer to a concentration of 1 µM (polymer concentration in the case 
of DMPC SMALPs and YraP-SMALPs) and incubated for 10 minutes at 25℃ in dark tubes to allow 
for equilibration of ThT partitioning. Following this, the fluorescent intensity was measured for 1 minute 
with an integration time of 10 seconds. All experiments were repeated three times on independently 
prepared samples. 
 RESULTS 
5.4.1 Purification of YraP and the YraP-SMALP complex 
In order to investigate the lipid-protein interactions between SMALPs and YraP, we first required 
isolation of YraP. While YraP has been identified as a putative lipid binding protein, there are only two 
regions of interaction with membranes by means of a cysteine linked acylation site and an amphipathic 
helix. As the membrane recognition is mediated by the selectivity inferred by the amphipathic helix, we 
removed the cysteine acylation site by means of an alanine mutation, rendering YraP soluble. 
Overexpression of YraP and purification by means of immobilized metal affinity purification (IMAC, 
Figure 5.3a) and size exclusion chromatography (SEC, Figure 5.3b, c) yielded a high level of expression 
and purity. The mass of purified YraP was measured by MALDI-TOF mass spectrometry, where two 
peaks were identified with a mass of 19.07 and 19.25 kDa were observed, in good agreement with the 
expected mass of 19.5 kDa based on the peptide sequence (Appendix D, Figure D.1). While this suggests 
minor degradation is occurring, we were still able to obtain pure, non-aggregated samples which are of 
sufficient quality for further characterization.  
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Figure 5.3. Purification of YraP and the YraP-SMALP complex. a. SDS-PAGE showing the Ni-NTA 
purification of YraP. b. Representative Superdex 75 SEC chromatogram of the post-IMAC purification 
of YraP. Trace represents the absorbance at 280 nm. Fractions collected are shown within the shaded 
region. c. SDS-PAGE of SEC elution fractions of YraP. d. Analytical Superdex 200 SEC 
chromatograms demonstrating the interaction of YraP with SMALPs. Traces represent the absorbance 
at 280 nm for YraP (red trace), DMPC SMALPs (blue trace) and YraP in the presence of DMPC 
SMALPs (green trace). e. SDS-PAGE showing the on-column self-assembly of YraP-SMALPs and 
subsequent purification from empty SMALPs. f. Representative Superdex 200 SEC- chromatogram of 
the purification of the YraP-SMALP post Ni-NTA purification. Traces represent the absorbance at 280 
nm (blue trace) and absorbance at 254 nm (red trace). Fractions collected for further analysis are shown 
within the shaded region.  
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We next investigated the interaction of YraP with SMALPs. Previous NMR studies have shown that 
YraP is able to bind PG, PC and CL lipid headgroups (Appendix D, Figure D.2). As SMALPs containing 
DMPC are now well characterized in terms of their structure 27 and self-assembly 38, we chose this 
system as a model to investigate the membrane-interaction of YraP. YraP was incubated with small 
unilamellar vesicles (SUVs) of DMPC in a lipid:protein molar ratio of 600, prior to solubilization by the 
addition of SMA to a polymer:lipid ratio of 1.5. This ratio has been previously shown to lead to complete 
solubilization of phospholipids, yielding SMALPs of a small diameter.38 This strategy should minimize 
the likelihood of more than one monomer of YraP interacting with the bilayer solubilized within an 
individual SMALP. The efficiency of this interaction was investigated by analytical SEC (Figure 5.3d). 
YraP alone shows a sharp peak eluting at volume of 17 mL, consistent with the sample being monomeric 
and non-aggregated. DMPC SMALPs show a trace similar to that previously reported,38 where the 
SMALPs elute from the column at approximately 13 mL. After incubation of YraP with DMPC SUVs 
and subsequent solubilization by SMA, we observe no peak corresponding to monomeric YraP. Two 
further peaks are resolved at elution volumes of 13 and 10 mL. We assign the 10 mL peak to YraP-
SMALPs, whereby the adsorption of YraP to the SMALPs leads to a larger size, and therefore a 
decreased retention volume. The peak at 13 mL overlaps with that observed for DMPC SMALPs in the 
absence of YraP, which we propose are ‘empty’ SMALPs present due to the excess of phospholipids 
added. 
While this observation confirms that no monomeric YraP remains in solution, it is not sufficient to 
distinguish between a YraP-SMALP interaction and a soluble aggregation of YraP where no SMALPs 
are present. In order to distinguish between these two possibilities, we performed the same interaction 
but where YraP is specifically bound to a Ni-NTA column, and elution fractions at various stages of the 
self-assembly process analyzed by SDS-PAGE (Figure 5.3e). After extensively washing the column to 
remove any excess, unbound YraP, DMPC SUVs were loaded onto the column. After sufficient 
incubation, SMA was loaded to solubilize any vesicles associated with the column matrix via YraP. 
While a minor elution of YraP is observed at this stage, we can identify an intense, low MW band which 
has been previously assigned to SMA.38,39 After washing the column again to remove any excess SMA 
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and DMPC SMALPs, YraP was eluted using 50 mM EDTA. SDS-PAGE analysis of these fractions 
identifies a band at the same apparent MW as YraP in addition to the broad, low MW band corresponding 
to SMA. This further supports out earlier assignment of the low-retention volume SEC peak to YraP-
SMALPs. While we still remain insensitive to the presence of phospholipids, the co-elution of YraP and 
SMA strongly suggests the assembly of a YraP-SMALP complex. 
While the on-column method is indicative of YraP-SMALP complex, in order to produce larger 
quantities, we reverted to the batch self-assembly procedure as described above, and subsequently 
purified this complex by IMAC and SEC to remove any ‘empty’ SMALPs and aggregates which may 
form as a result of the purification. The SEC trace of this purification (Figure 5.3f) shows a broad peak 
identified by UV absorbance at both 280 nm and 254 nm, suggesting the presence of both YraP and 
SMA. The center of this peak is consistent with that observed above during the analytical SEC 
experiments. As a broad peak is indicative of polydispersity, only the central fraction of this peak was 
taken for further analysis to minimize this effect. 
5.4.2 YraP undergoes secondary structural rearrangements upon SMALP 
interaction 
In order to investigate any structural changes occurring in  YraP as a result of SMALP interaction, 
we used far-UV circular dichroism spectroscopy. Due to the high UV absorbance of SMA, we used a 
synchrotron light as opposed to a standard UV lamp. This allows greater flux to illuminate the sample, 
with benefits of collimation and coherence which are unachievable using a home source, allowing high 
sample concentrations to be measured in small-pathlength cells. SRCD spectra obtained for YraP alone 
(Figure 5.4a) show a spectrum with characteristic minima at 222 and 208 nm indicating an α-helical 
component, a small minimum at 218 nm indicating a ß-sheet component, and a peak of lower than 
expected intensity at 192 nm for a folded mixed α/β structure suggests a significant disordered 
component. In contrast, different spectral trends were observed for YraP-SMALP (Figure 5.4b) where 
no characteristic minima (at 208 and 222 nm) were observed, in addition to a strong minimum at 219 
nm. This suggests a decreased α-helical content and increased β-sheet component of YraP when 
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interacting with SMALPs. Furthermore, the maximum at 192 nm is of greater intensity than observed 
for YraP alone, suggesting a decreased irregular composition. 
 
Figure 5.4. Synchrotron radiation far-UV circular dichroism (SRCD) spectra of a. YraP and b. YraP-
SMALP. Spectra were collected between 25℃ and 95℃ in steps of 5℃ displayed as a color gradient 
from blue to red. Spectra are shown in the top panels, and corresponding high tension voltages are shown 
beneath. c,d. SRCD thermal melts of YraP (Red) and YraP-SMALP (blue) tracked at 222 nm and 193 
nm, respectively. Data are shown as points and denaturation curves fit to the data are shown as solid 
lines  
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The stability of YraP and the YraP-SMALP complex was assessed by means of thermal denaturation 
measured by SRCD (Figure 5.4c, d). Plotting the circular dichroism ellipticity at an individual 
wavelength as a function of temperature and subsequent fitting of these data to the Gibbs-Helmholtz 
equation allows identification of the melting temperature, Tm, associated with structural components 
with characteristic dichroic absorptions. Due to the convolution of the β-sheet minimum at 218 nm with 
the much stronger α-helical minima at 222 and 208 nm, it is not possible to monitor changes to 
these structural components as a function of temperature independently. Nonetheless, by 
monitoring the changes in ellipticity at 222 nm (Figure 5.4c), which contains both  α-helical 
and β-sheet contributions, we were able to identify a large loss of α/β secondary structure in YraP with 
a Tm of 58.8 ± 0.9℃. In contrast, the YraP-SMALP complex shows a small increase in secondary 
structure. The temperature at which this broad transition occurs is similar to the Tm of YraP in the 
absence of SMALPs, with a transition temperature of  57.0 ± 7.0℃. When inspecting the full spectra 
(Figure 5.4b), no minima at 222 or 208 nm can be observed, suggesting that YraP experiences a small 
increase in β-sheet content at elevated temperature.  
Additionally, the spectral changes at 193 nm were inspected as a function of temperature (Figure 
5.4d). While both α-helices and β-sheets contribute to a positive signal at 193 nm, disordered regions 
will contribute a negative signal. YraP shows a decrease in CD. A similar trend is observed for YraP 
denaturation at 193 nm as for 222 nm, where a loss of secondary structure can be identified with a Tm 
of 58.1 ± 0.7℃. The YraP-SMALP complex, however, shows a markedly different behavior. Initially, 
an increase in secondary structure can be observed with a Tm of 55.6 ± 2.0℃, similarly to that observed 
at 222 nm. However, further increases in temperature show a loss of secondary structure and increase 
in loop content, leading to a decrease in signal with a Tm of 75.8 ± 0.9℃. This suggests a two-stage 
structural rearrangement which initially causes a small increase in β-sheet content before partial 
denaturation occurs at an elevated temperature compared to YraP in the absence of SMALPs. These 
data suggest that YraP undergoes a large-scale structural rearrangement upon interaction with SMALPs 
leading to increased thermostability.  
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5.4.3 The SANS solution model of YraP agrees with that obtained with solution 
NMR 
Before structural investigations of the YraP-SMALP complex, it is necessary to independently 
characterize the solution structures of YraP and DMPC SMALPs. Due to the complexity of chemical 
composition within both DMPC SMALPs and YraP-SMALPs, we performed small-angle neutron 
scattering (SANS) to utilize selective deuteration and isotopic contrast to distinguish relative positions 
of components within the particles. Due to the similar chemical nature of phospholipids, SMA and YraP, 
techniques such as small-angle X-ray scattering (SAXS) and cryo-transmission electron microscopy 
would provide insufficient contrast to be able to deconvolute structural details of each component of the 
complex.  
In order to investigate the effects of deuteration of YraP, which is widely acknowledged to result in 
aberrations to protein structure,55,56 we first measured SANS profiles of hydrogenated and deuterated 
YraP (hYraP and dYraP) in D2O and H2O respectively (Figure 5.5a). By fitting the theoretical scattering 
pattern produced by the NMR ensemble structure to the experimental data, taking into account 1H/2H 
exchange and the solvation shell surrounding the molecules using CRYSON,47 good agreement was 
seen to the experimental data in both cases (Figure 5.5a). This suggests that the structure of YraP is 
largely maintained, irrespective of isotopic effects. Guinier analysis of hYraP and dYraP allows 
determination of their respective radii of gyration, Rg (Figure 5.5b). In both cases, good fits can be 
obtained to the experimental data over which QRg < 1.3 and the data are linear until very low-Q which 
is likely due to large error in counting statistics due to low neutron flux at these Q-values. This allows 
us to be confident that YraP is monodisperse in solution in both cases and free from any contaminating 
species or larger particles leading to a low-Q structure factor. Slight differences observed in the Rg 
values are likely due to changes in hydration and solvent interaction in H2O and D2O.  
Rg and I(0) values obtained by Guinier analysis allows transformation of the data by means of the 
dimensionless Kratky plot (Figure 5.5c). These plots suggest that both hYraP and dYraP contain a folded 
domain, as indicated by the bell-shaped peak. However, as neither plot decays to zero, this also suggests 
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a disordered component. This is in good agreement with the solution NMR ensemble, whereby all 
models show an extended, disordered N-terminus. The peak in the Kratky plot is slightly shifted from 
that observed for dYraP, where QRg = 1.9 to QRg = 2.1 for hYraP. This suggests a somewhat more 
elongated structure for hYraP than dYraP. Furthermore, the greater subsequent rise in intensity for 
hYraP in D2O suggests there is a larger disordered region than for dYraP in H2O. 
 
Figure 5.5. a. 1-D small-angle neutron scattering (SANS) patterns of hydrogenated YraP in D2O (blue 
points) and deuterated YraP in H2O. CRYSON was used to calculate the expected scattering pattern 
based on the solution-NMR ensemble of YraP taking into account the scattering length density of the 
protein, solvent and H/D exchange and fit to the experimental data (sold lines). b. Guinier plots (top 
panel) for hYraP in D2O (blue points) and dYraP in H2O (red points). Linear regression was used to fit 
the data in order to obtain the radius of gyration (Rg) and the extrapolated 0-angle intensity (I(0)). Fits 
are shown as solid lines in the top panel, and residuals shown in the bottom panel. c. Normalized Kratky 
plots for hYraP in D2O (blue points) and dYraP in H2O (red points).  
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To gauge with a higher degree of precision, the structural effects of isotopic labelling on YraP 
structure, the I(Q) vs Q data were transformed by means of an indirect Fourier transform to yield the 
pair-distance distribution function, P(r), using GNOM (Figure 5.6a, b). The peak in the P(r) function 
appears at 20 Å in both cases, in good agreement with the Rg values obtained by Guinier analysis. In 
both cases, the shape of the P(r) curves are indicative of a predominantly globular monomeric particle, 
although extensions towards Dmax suggest a degree of anisotropy. Interestingly, a larger Dmax is observed 
for dYraP in H2O compared to hYraP in D2O. This is in agreement with the Rg values determined by 
Guinier analysis which suggests a slightly larger radius of gyration for dYraP in H2O. Ab initio dummy 
atom models calculated for hYraP in D2O (Figure 5.6c) and dYraP in H2O (Figure 5.6d) show that both 
forms of the protein maintain a similar overall structure, where the models obtained by solution NMR 
fit well within the envelopes modeled from SANS data. Interestingly, the disordered N-terminus is not 
resolved in either case, suggesting that a high degree of flexibility in solution leads to loss of 
orientational information upon radial averaging. However, ab initio model of dYraP in H2O shows extra 
resolved density corresponding to the smaller flexible C-terminus. This suggests that the conformation 
of this region is stabilized in H2O compared to D2O, adopting a more rigid, less flexible conformation. 
These models support the observations from the Kratky plots, that hYraP in D2O has a higher degree of 
flexibility than dYraP in H2O. Aside from subtle structural changes in natively flexible regions, the core 
of YraP, including both BON domains, proposed to contain residues important for phospholipid 
interaction, is retained irrespective of isotopic effects. 
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Figure 5.6. a. SANS data (points) with overlaid GNOM fits (solid lines) for dYraP in H2O (red) and 
hYraP in D2O (blue). b. Corresponding normalized pair distance distribution P(r) functions of data and 
fits shown in panel ‘a’ for dYraP in H2O (red) and hYraP in D2O (blue). The maximum dimension of 
the particle, Dmax, is shown in each case as a dashed vertical line. c. Ab initio dummy atom model of 
hYraP in D2O (blue spheres) with the solution-NMR ensemble model (ribbon diagram) aligned within 
the volume of the model. d. Ab initio dummy atom model of dYraP in H2O (red spheres) with the 
solution-NMR ensemble model (ribbon diagram) aligned within the volume of the model.  
CHAPTER 5 
 
 215 
5.4.4 SMALPs appear at a smaller diameter than previously determined 
Following confirmation of YraP structural integrity in the absence of SMALPs, we next sought to 
determine structural parameters associated with DMPC SMALPs under the solution conditions for 
which the YraP-SMALP complex was assembled. Here, we measured SANS profiles of 4 separate 
contrasts: hDMPC SMALPs in D2O and dDMPC SMALPs in D2O, H2O and 34% D2O. Fits to Guinier 
plots for each contrast (Figure 5.7a) show good fits to the data where QRg < 1.3, although a significant 
up-turn is observed for hDMPC SMALP and dDMPC SMALP in D2O, suggesting degree of aggregation 
or larger particles contributing to a structure factor. Inspection of the Rg values obtained from these fits 
(Table 5.1) show that those hDMPC SMALPs and dDMPC SMALPs in D2O appear larger, further 
indicating the presence of larger particles. However, the observed structure factor is not severe, allowing 
further analysis of the data, although we should make the reader aware that while the most pronounced 
effects of aggregation are at the low-Q structure factor, it can lead to more subtle changes throughout 
the entire Q-range. Dimensionless Kratky plots (Figure 5.7b) suggest that all samples are globular as 
expected with no substantial shifts in the peak maxima between samples, suggesting that the structure 
is consistent between isotopic solution contrasts. The exception is dDMPC SMALPs in 34% D2O, where 
due to a poor signal:noise ratio, reliable conclusions cannot be drawn. 
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Figure 5.7. a. Guinier plots (top panel) for hDMPC SMALPs in D2O (blue points), dDMPC SMALPs 
in H2O (green points), dDMPC SMALPs in D2O (red points) and dDMPC SMALPs in 34% D2O (orange 
points). Linear regression was used to fit the data in order to obtain Rg and I(0). Fits are shown as solid 
lines in the top panel, and residuals shown in the bottom panel. b. Normalized Kratky plots of DMPC 
SMALPs. Points are colored as described in panel a. c. 1-D SANS patterns (points) with corresponding 
co-refined fits (solid lines) to a polydisperse core-shell cylinder model with a face layers on top and 
bottom. d. Schematic of a cutaway of the core-shell cylinder model used to fit SANS data with labelled 
dimensions obtained through the fitting procedure. 
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Table 5.1. Structural parameters describing the polydisperse core-shell cylinder model obtained though 
simultaneous fitting of SANS data of DMPC SMALPs across multiple contrasts. Parameters held as 
constant throughout the fitting procedure are marked with *.  
 
 
 
More precise information on the structure of DMPC SMALPs in solution can be obtained by model 
dependent analysis. Here, we fit the parameters of a model previously used to ascertain structural 
parameters of DMPC SMALPs,27 describing a cylindrical core of phospholipids, split into slabs 
representing phospholipid head and tail regions with a shell surrounding the phospholipid tails 
representing the SMA belt. Polydispersity was modelled by a Schultz distribution of the radius of the 
central phospholipid core. Simultaneously fitting the parameters of this model to the SANS profiles 
measured for each solution contrast provided good fits to the experimental data (Figure 5.7c) allowing 
determination of parameters describing the structure of DMPC SMALPs (Figure 5.7d, Table 5.1). The 
parameters describing the thickness of the bilayer solubilized within the core of the SMALP show a 
thickness of the tail region of 26.00 ± 1.42 Å and a headgroup thickness of 10.11 ± 1.67 Å. This is 
consistent with previous structural studies of DMPC SMALPs by SANS 27 and with previous studies of 
Parameter hDMPC 
SMALP 
(D2O) 
dDMPC 
SMALP 
(D2O) 
dDMPC 
SMALP 
(34% D2O) 
dDMPC 
SMALP 
(H2O) 
Guinier Rg / Å 28.07 ± 0.20 33.26 ± 0.77 24.46 ± 1.39 23.73 ± 0.90 
Guinier I(0) / cm-1 0.35  ± 0.0023 0.068 ± 0.0019 0.08 ± 0.0034 0.21 ± 0.0052 
Volume fraction 0.0021 ± 
0.0004 
0.0031 ± 
0.0003 
0.0021 ± 
0.0004 
0.0016 ± 
0.0003 
Mean core radius / Å 16.14 ± 1.43 
Radial polydispersity  0.42 ± 0.03 
Core length / Å 26.00 ± 1.42 
Radial shell thickness / Å 10.03 ± 2.39 
Face shell thickness / Å 10.11 ± 1.67 
Core SLD / ×10-6 Å-2 -0.37 * 6.84 
Radial shell SLD / ×10-6 Å-
2 
1.89 * 
Face shell SLD / ×10-6 Å-2 2.13 * 
Solvent SLD / ×10-6 Å-2 6.34 * 1.79 * -0.56 * 
Mol% solvent in rim 0.60 ± 0.11 
Mol% solvent in face 0.57 * 
Incoherent background / 
cm-1 
0.00016 ± 
0.00008 
0.0011 ± 
0.00009 
0.0038 ± 
0.0002 
0.0021 ± 
0.0003 
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PC bilayer structure.57 However, we observed a smaller radius of the phospholipid core than previously 
reported: 16.14 ± 1.43 Å compared to 38 ± 2 Å. In addition, we were only able to fit the experimental 
data when taking into account a large radial polydispersity of 0.42 ± 0.03. This shows that DMPC 
SMALPs formed under conditions of high ionic strength and with a high polymer:lipid ratio have a 
smaller diameter and increased polydispersity. 
5.4.5 YraP-SMALP complex forms elongated fibrillar-like structures 
With a characterization and understanding of the solution structure of YraP and DMPC SMALPs 
individually, we next sought to investigate the structure of the YraP-SMALP complex by isotopic 
contrast SANS. As mentioned above, by utilizing selective isotopic labelling, SANS allows 
identification of the contributions to the scattering pattern by individual components of the structure. 
Figure 5.2 shows how the scattering length density of the individual components of the YraP-SMALP 
complex varies as a function of D2O volume fraction of the solvent. In order to simplify analysis of 
SANS profiles, we initially took the strategy of attempting to use SMALPs with a homogenous SLD 
across the nanodisc. By incubating either hYraP or dYraP with a mixture of hDMPC and dDMPC lipids 
to match the SLD of SMA (see materials and methods for a description) we could create a complex 
reduced to two effective SLDs across the particle. By measuring dYraP SMALPs with SMA-matched 
lipids in D2O, the majority of the scattering contribution will be from the SMALPs allowing 
identification of the SMALP structure. Furthermore, measurement of hYraP SMALPs containing SMA-
matched lipids in D2O, should then allow us to determine the relative positions of SMALP and YraP in 
the complex. 
SANS profiles from these simplified contrast models are shown in Figure 5.8. We were surprised to 
find that the Guinier region for this data (where QRg < 1.3) occurs at an inaccessibly low Q for the 
instrument (given the detector position chosen for this experiment). This suggests that a substantially 
larger structure has formed than was observed for YraP or DMPC SMALPs in isolation. Similarly, due 
to the restricted Q-range, attempted P(r) inversions were deemed unreliable due to the absence of low-
Q data describing the large real space distributions. Despite the absence of a low-Q Guinier region, 
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model-dependent analysis is still a viable analysis strategy. In order to determine the shape of the YraP-
SMALP complex, a range of models were simultaneously fit to both experimental data sets (Figure 5.8). 
We have therefore considered a number of possible structural models to explain the measured data. 
Initially we attempted fitting the form factor of a core-shell sphere, modelling a globular aggregation of 
YraP-SMALPs, where the core is composed of YraP and the shell of DMPC-SMALPs, or vice versa 
(Model 1 and 2, respectively). These models did not provide a good fit to the experimental data. We 
also considered whether an YraP may be able to bind two SMALPs via each BON domain, or whether 
an individual SMALP may be able to bind two YraP molecules on either bilayer face.  These scenarios 
were modelled using a stacked disc model with a central cylindrical SLD slab representing YraP is 
flanked on either face by cylindrical SLD slab representing SMALPs, or vice versa (Model 3 and 4, 
respectively). Again, neither of these models provided a good fit to the experimental data. The absence 
of a low-Q Guinier region suggests that at least one dimension of the complex is larger than the minimum 
Q value measurable with the instrumental setup. We therefore considered the possibility of the complex 
forming an alternating stack of YraP and SMALPs. This was also modelled by a stacked cylinder model 
with alternating SLD slabs corresponding to YraP and SMALPs (Model 5). While this model provided 
a better fit to the experimental data at low Q, strong interference fringes appear in the data for both 
contrasts due to the periodic structure of this model. By removing the periodicity and modelling an 
extended core-shell cylinder with a SMALP core and a YraP shell (Model 6), we were able to obtain 
good fits to both experimental contrasts.  
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Figure 5.8. Model-dependent analysis of SANS data for hYraP SMALP (blue points) and dYraP 
SMALP (red points) where lipids have been contrast-matched to SMA in both cases. Error bars have 
been omitted  and SANS data offset for clarity. Solid lines show the simultaneous best fit to the data for 
each model tested, where schematics below show a representation of the model used in each case, where 
grey shaded regions represent regions of SLD assigned to DMPC SMALPs and blue colored areas 
represent regions of SLD assigned to YraP. Model 1 (black fit lines) is a core-shell sphere with a core 
of YraP and a shell of SMALPs. Model 2 (purple fit lines) is a core-shell sphere with a core composed 
of SMALPs with YraP shell. Model 3 (blue fit lines) is a stacked cylinder where YraP is the central 
region, bound by two SMALPs either side. Model 4 (orange fit lines)is a stacked cylinder where one 
SMALP has bound YraP on each face of the cylinder. Model 5 (green fit lines) is a repeated stacked 
cylinder model with alternating layers of YraP and SMALPs. Model 6 (red fit lines) is an elongated 
core-shell cylinder model where the core is composed of SMALPs, and the shell of YraP. 
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We also measured dYraP SMALPs containing hDMPC, in D2O, 34% D2O and H2O in order to 
maximize the contrast between individual components and provide finer structural information on the 
relative positions of YraP and SMALPs. Furthermore, YraP-SMALPs containing SMA-matched lipids 
measured in 65% D2O, should in theory provide a homogenous SLD across the whole particle, allowing 
constraints describing the absolute dimensions to be defined. SANS profiles from these contrasts are 
shown in Figure 5.9. Based on the simplified model-dependent analysis, an elongated cylinder model 
provides the best fit to the experimental data. Simultaneous fitting of all contrasts was performed to 
define the model parameters. All contrasts could only be fit when assuming a core-shell structure of the 
cylinder, where the core is composed of SMALPs, and the shell composed of either hydrogenated or 
deuterated YraP. Since the low-Q region that defines the length of the cylinder was outside the 
measurable Q-range we have fixed this parameter at 10,000 Å, a value that corresponds to a Q well 
below the minimum measurable value. The parameters obtained through fitting this model are listed in 
Table 5.2; we are able to define a radius of the SMALP core of 19.35 ± 0.47 Å, where the YraP shell 
has a thickness of 10.01 ± 0.34 Å (Figure 5.9c). A radial polydispersity within the SMALP core region 
of 0.5 ± 0.03 was also observed. Alternative orientations of SMALPs and YraP, either as alternating 
protein-SMALP stacks, or as a core-shell cylinder with a protein core and a SMALP shell were unable 
to provide satisfactory fits to all contrasts measured.  
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Figure 5.9. a. 1-D SANS patterns (points) of hYraP-SMALPs in D2O (red) and 65% D2O (green) and 
dYraP-SMALPs in D2O (blue) each assembled with a mixture of hydrogenated and deuterated lipids 
such that the scattering length density of the lipid core of the SMALP matches that of the SMA polymer 
belt. b. 1-D SANS patterns (points) of dYraP-SMALPs in D2O (red) 34% D2O  (green) H2O (blue), 
assembled with fully hydrogenated DMPC.  Solid lines in both a and b represent the co-refined fits of 
an elongated, polydisperse core-shell cylinder model to the experimental data. All scattering curves 
shown were simultaneously fit to this model. c. Schematic representation of the elongated core-shell 
cylinder model used to fit SANS data, where the central core has an SLD corresponding to that of 
SMALPs, and the outer shell has an SLD corresponding to that of YraP. The dimensions of the core and 
shell of the model obtained through the fitting procedure are labelled  
CHAPTER 5 
 
 223 
Table 5.2. Structural parameters describing the elongated core-shell cylinder model obtained though 
simultaneous fitting of SANS data of YraP-SMALPs across multiple contrasts. Parameters held as 
constant throughout the fitting procedure are marked with *. 
 
 
 
In order to provide further information regarding the likely structural properties of YraP when 
interacting with SMALPs, Thioflavin T (ThT) fluorescence experiments were performed. ThT is 
commonly used to detect the presence of amyloid or amyloid-like fibrils. In the absence of protein in 
solution, ThT self-quenches such that no fluorescent intensity can be measured. However, ThT is able 
to bind to fibrillar proteins via channels formed by the protein backbone parallel to the long axis of ß-
sheet structures found within many forms of ß-sheet based protein fibers, whereby self-quenching is 
inhibited and ThT fluorescence can be measured. As we have shown an increase in ß-sheet content of 
YraP within the YraP-SMALP complex by CD, and SANS experiments show formation of a long 
cylindrical object, the YraP shell may be fibrillar in nature and lead to an increase in ThT fluorescence. 
As ThT has been shown to interact with hydrophobic pockets non-fibrillar proteins, we initially 
measured the change in ThT fluorescence upon incubation with either YraP or DMPC SMALPs (Figure 
Protein contrast hYraP hYraP dYraP dYraP dYraP dYraP 
DMPC contrast SMA-
matched 
SMA-
matched 
SMA-
matched 
hDMPC hDMPC hDMPC 
Solution contrast D2O 65% D2O D2O D2O 34% D2O H2O 
Parameter       
Volume fraction / 
×10-4 
5.48 ± 
0.13 
5.80 ± 
0.29 
1.29 ± 
0.10 
2.29 ± 
0.04 
4.32 ± 
0.19 
8.04 ± 
0.73 
Mean core radius / 
Å 
19.35 ± 0.47 
Radial 
Polydispersity 
0.50 ± 0.03 
Shell thickness / Å 10.01 ± 0.34 
Length / Å 10000 * 
SLD core / ×10-6 
Å-2 
3.73 * 2.71 * 3.73 * 2.18 * 0.91 * 0.26 * 
SLD shell / ×10-6 
Å-2 
3.18 * 2.71 * 6.58 * 6.58 * 5.71 * 5.69 * 
SLD solvent / ×10-
6 Å-2 
6.36* 3.94 * 6.36 * 6.36 * 1.79 * -0.56 * 
Incoherent 
background / cm-1 
0.0078 ± 
0.0003 
0.010 ± 
0.0002 
0.0023 ± 
0.0001 
0.0027 ± 
0.0001 
0.0055 ± 
0.0004 
0.0019 ± 
0.0003 
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5.10). ThT in the presence of YraP alone lead to no significant increase in fluorescence, while ThT in 
the presence of DMPC SMALPs lead to a 2.37 ± 0.08 fold increase in fluorescent intensity. However, 
upon incubation with YraP-SMALPs, a 5.67 ± 0.26 fold increase in intensity was observed, suggesting 
that YraP undergoes a structural rearrangement upon SMALP interaction which is sufficient for ThT 
binding such that self-quenching is inhibited.
 
Figure 5.10. Increase in thioflavin T fluorescence in response to 5 µM YraP (blue), DMPC SMALPs 
(red) or YraP-SMALPs (purple). All data are n=3 with error bars representing ± standard error. 
Significance was assessed by means of a one-way ANOVA where *** represents p < 0.0001 indicating 
a statistically significant difference between means of each sample 
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 DISCUSSION 
We have shown that a clear structural rearrangement of YraP occurs upon interaction with DMPC 
SMALPs. SRCD experiments showed distinct spectral changes, suggesting decreased α-helical, and 
increased β-sheet content upon interaction of YraP with SMALPs. Through secondary structure 
deconvolution, we are able to estimate the extent of secondary structural changes. While an increase in 
ß-sheet structure is indeed predicted, along with a decrease in irregular loops, the α-helical content of 
YraP remains essentially unchanged. Previous studies have identified residues hypothesized for 
membrane interaction being located on one face of helix α3 within BON domain 2. If this mode of 
membrane binding is retained upon solubilization into SMALPs, it is likely that the amphipathic helix 
responsible for membrane binding remains present, maintaining YraP anchored to the bilayer face.  
While a substantial increase of ß-sheet content is observed in YraP upon interaction with SMALPs, 
the ß-fold is also predicted to change from predominantly anti-parallel to incorporate parallel ß-sheets. 
Analysis of SANS data collected from the YraP-SMALP complex suggests an extended cylindrical 
structure, where a core of SMALPs is wrapped by a layer of protein. The thickness of the protein layer 
was found to be ~ 10 Å. When compared to the structure of YraP, both the NMR ensemble structure 
and the SANS solution structure for both isotopic labeling indicate the two BON domains in the core of 
the protein form an oblate spheroid structure with a polar diameter of ~ 20 Å and an equatorial diameter 
of ~ 50 Å. Furthermore, the experimentally determined Rg of YraP in the absence of SMALPs is 19.1 Å 
and 17.6 Å for dYraP and hYraP, respectively. This suggests that YraP does not maintain its solution 
structure upon interaction with SMALPs, as suggested by SRCD. The increased ß-sheet content, 
elongated nature of the particles in addition to the increased fluorescence of ThT in the presence of YraP 
SMALPs suggest that SMALPs may induce a fibrillar conformation of YraP. 
Structural studies of other ß-sheet rich protein fibrils, such as the prototypical Amyloid ß proteins, 
Aß(1-40)58 and Aß(1-42),59,60 implicated in plaque formation in Alzheimer’s disease, and α-synuclein,61 
responsible for Lewy body formation in Parkinson’s disease have revealed common structural 
elements.62 Notably, a so-called ‘cross-beta’ structure is overarchingly conserved. Here, stacks of 
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antiparallel ß-loop-ß motifs (ß-arch), are hydrogen bonded together forming two extended, twisted 
parallel ß-sheets (ß-arcade) which interact via hydrogen bonds of the side chains rather than the peptide 
backbone, as expected for standard ß-hairpin motifs. This is in good agreement with the proposed 
fibrilization of YraP, where a large parallel ß-sheet content is only predicted when in complex with 
SMALPs. Furthermore, the maximum distance between the two ß-strands within an individual ß-arch 
motif are 10 – 11 Å. As the thickness of the YraP shell in the elongated cylinder model which was fit to 
SANS data is ~ 10 Å, a ß-arch motif would be accommodated by the real space constraints of the model. 
In addition, the broadness of the SEC elution profile for the YraP-SMALP complex could be explained 
by the polydispersity of the self-assembled fibrillar structures which was also observed by SANS. 
While the data presented here is suggestive of fibril formation by YraP when interacting with DMPC 
SMALPs, it is not indicative. Compared to the secondary structure of known amyloid fibrils, YraP is 
predicted to contain a large proportion of α-helices, more than would be expected if only the membrane 
binding helix is maintained. Similarly, while YraP-SMALPs lead to a larger increase in ThT 
fluorescence than either YraP or SMALPs alone, ThT is known to bind to non-fibrillar structures. It is 
clear from SRCD and SANS data that YraP undergoes a large conformational change upon interaction 
with SMALPs. Therefore, it is equally likely that the protein is not in an amyloid-like conformation 
within the core shell cylinder model. While SANS suggests an elongated structure is formed, the 
orientational averaging of particles in solution and the inherently high polydispersity of those particles 
means we are insensitive to the presence, or absence of specific folds or structural motifs. Notably, the 
extended N-terminus of YraP was not accounted for in the ab initio models presented above. This is due 
to the high level of flexibility and mobility, meaning a specific region of neutron scattering length 
density cannot be defined. SRCD predicts that much of the irregular loop content of YraP is still present 
when interacting with SMALPs. While we cannot comment on the residues involved in irregular 
structural elements with any certainty, it may be that the N-terminus remains essentially unchanged, and 
acts as a bridge between SMALP-bound YraP monomers leading to the observed elongated structures. 
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The assumption we have made up until this point is that the SMALP structure remains unperturbed 
by the inclusion of YraP. The core of the YraP-SMALP structure, assigned to SMALPs, has a diameter 
of ~ 39 Å. This is thinner than both the total diameter of the SMALP and the total bilayer thickness in 
the absence of YraP as determined by SANS. Due to the simplification of the model used to fit SANS 
data of the YraP-SMALP complex, we are unable to define an orientation of the SMALP within the 
cylinder core. Recent studies of amyloid formation in the presence of MSP-nanodiscs have shown that 
a monomeric helical conformation of α-synuclein binds to the membrane surface prior to fibril 
formation.24 If the same mechanism is occurring here, then the observed thinning of the cylinder core 
compared to that expected for a SMALP could be a result of protein embedding into the phospholipid 
headgroups. However, the same could be said for an interaction of YraP with the SMA polymer belt. 
Due to the lack of orientational information on the particle core we were able to obtain by SANS, we 
cannot distinguish between a protein-polymer or a protein-lipid interaction. Recent studies have shown 
that amyloidosis can lead to widespread membrane defects including pore formation,63 removal of 
phospholipids in a surfactant-like manner,64 and polymerization on the membrane surface leading to 
lipid reorganization 65 where the composition, curvature and phase of the bilayer can modify amyloid 
binding and fibrilization kinetics.66,67 If YraP does form amyloid-like fibers upon interaction with 
phospholipid membranes, the vesicular structure could be perturbed prior to solubilization by SMA, 
where the resultant core does not contain SMALPs with the structure as expected in the absence of YraP.  
Despite the hypotheses presented here, we cannot comment on the propensity of YraP to form 
elongated, fibrous structures in vivo. Despite SMALPs providing a native-like membrane environment, 
it is not a realistic mimic of the gram negative outer membrane. While NMR data suggest that YraP can 
bind PG, PC and CL, PC is not found in bacterial membranes. Furthermore, coulombic effects from the 
highly negatively charged polymer belt may further lead to structural aberrations of YraP upon SMALP 
interaction which may not occur in the cell. Nonetheless, the ability of YraP to form elongated fibrillar 
structures when interacting with a SMALP may provide clues as to its function, which is currently 
unknown. YraP has been shown to localize to the inner leaflet of the outer membrane and after the 
initiation of cell division localizes to the division site at the septum. Further genetic evidence suggests 
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a role for YraP as an outer membrane regulator of cell division.34 While YraP is conserved across 
proteobacteria, yraP deletion mutants are viable (indicating non-essentiality) but exhibit a phenotype of 
SDS sensitivity, which is indicative of outer membrane defects.35 This suggests that YraP may be 
involved in stabilizing the outer membrane during cell division. While speculative at this stage, as YraP 
becomes localized to the site of cell division, it may be involved in sensing positive membrane curvature, 
where fibrilization could provide a mechanism by which extreme positive membrane curvatures (from 
the perspective of YraP at the periplasmic face of the dividing outer membrane, or the exterior of SUVs) 
experienced by dividing cells are stabilized. While gram-negative bacteria are known to secrete 
functional amyloid fibers to facilitate in biofilm formation,68 and other inner membrane localized 
components of the divisome, FtsZ and FtsA, are well characterized in forming fibrous assemblies,2 in 
vivo observation of YraP fibrilization at the cell division site would be required to confirm this 
hypothesis. 
 CONCLUSIONS 
Here, we have demonstrated that SMALPs can be used to capture the lipid binding protein YraP 
interaction with membranes for structural studies. Whilst both YraP and SMALPs had an expected 
structure in isolation, we have shown that YraP undergoes a large scale conformational change when 
interacting with DMPC SMALPs. The secondary structural composition of YraP shows a marked 
increase in ß-content with a large proportion of ß-sheets being in a parallel arrangement. SANS has 
revealed that the YraP-SMALP complex forms an elongated core-shell cylinder structure, which we 
hypothesize is likely driven by YraP fibrilization into an amyloid-like structure. While in vivo 
confirmation of YraP fibrilization is required, these data provide important clues as to the potential 
function of YraP. Despite uncertainties in the precise nature of the structural reorganization of YraP 
upon membrane interaction, these results demonstrate the potential of SMALPs to provide a soluble 
membrane surface for structural investigations of peripheral membrane proteins and complexes through 
high-resolution techniques such as cryo-transmission electron microscopy, solid-state NMR 
spectroscopy as well as SAS techniques to provide information on large-scale lipid-protein organization. 
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6 CHAPTER 
 
SUMMARY AND FUTURE WORK 
 
he requirement to solubilize and stabilize membrane proteins in aqueous solution is of great 
interest to both fundamental science and the pharmaceutical industry. Polymer-stabilized 
nanodiscs present a promising strategy, allowing the solubilization of membrane proteins directly from 
the cell membrane, whilst maintaining the presence of annular lipids and imparting a high level of 
stability.1–3 Despite the increasing adoption of polymer-stabilized phospholipid nanodiscs for the study 
of membranes and membrane proteins, their application has outpaced our understanding of the 
fundamental physicochemical properties which influence nanodisc properties and self-assembly. Only 
by investigating the fundamental properties of nanodiscs, and nanodisc forming polymers can their 
application be fully utilized, whilst providing an understanding of limiting factors which could have 
substantial impact on results obtained using these systems. The data presented throughout this thesis has 
aimed to address this imbalance, whilst highlighting potential novel applications for polymer-stabilized 
phospholipid nanodiscs. 
The most commonly utilized nanodisc-forming polymer to date has been poly(styrene-co-maleic 
acid) (SMA) containing a 2:1 ratio of styrene to maleic acid. The two commercially available varieties 
of SMA(2:1) are SMA2000 (Cray Valley) and Xiran SZ30010 (Polyscope), which differ in their chain 
length and molecular weight distribution. A thermodynamic model describing nanodisc self-assembly, 
first proposed by Vargas et al., has been successfully applied to SMA(3:1)4 and the Xiran SZ30010 
SMA(2:1).5 Chapter 2 provides the first thermodynamic description of nanodisc self-assembly by 
SMA2000. In an attempt to deconvolute the structural properties of polymers which influence nanodisc 
self-assembly, an SMA(2:1) polymer with a defined monomer sequence and controlled size distribution 
T 
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was produced by reversible addition-fragmentation chain transfer (RAFT) polymerization. Comparison 
of the thermodynamics of nanodisc self-assembly mediated by SMA2000 and RAFT-SMA showed that 
in both cases nanodisc self-assembly is driven by the large negative Gibbs energy change associated 
with polymers during nanodisc formation. In comparison to previous studies, SMA2000 is the most 
thermodynamically efficient commercially available copolymer amongst those investigated to date. 
RAFT-SMA, however, displayed a substantially larger negative Gibbs free energy change indicating a 
more thermodynamically favourable process. However, this increased thermodynamic efficiency does 
not correlate with the efficiency of membrane protein extraction from biological membranes, where 
RAFT-SMA is less effective than SMA2000. This is potentially due to the presence of a poly(styrene) 
tail in RAFT-SMA. This is likely to protrude into the acyl chain core of the polymer-encapsulated 
bilayer, leading to interactions with hydrophobic, membrane-spanning regions of membrane proteins 
which could disrupt membrane protein solubilization. Combined with previous work,6,2,7,8 these results 
suggest an interplay between various polymer structural properties which can influence nanodisc self-
assembly. In order to fully understand the influence of polymer structure on nanodisc self-assembly, and 
the apparent disparity between thermodynamic efficiency and efficacy in the solubilization of biological 
membranes, further studies are required to systematically deconvolute the relative effects of polymer 
properties. 
Furthermore, RAFT-SMA forms nanodiscs with an increased diameter compared to SMA2000. 
While speculative at this stage, this could be an exploitable property, enabling solubilization of large 
complexes which would not be accommodated within the bilayer encapsulated by SMA2000. However, 
in order to confirm the relevance of the apparent increase in diameter of RAFT-SMALPs, determination 
of the nanodisc structure formed by RAFT-SMA is required in order to determine whether the increased 
diameter is due to a larger lipid area within the disc or an increased thickness of the polymer belt.  
Despite its numerous benefits, SMA is not without limitations. Most notably, SMA is incompatible 
with low pH or divalent cations, both of which render the polymer insoluble. While chemical 
modifications to the SMA polymer have been shown to alleviate this issue,9–14 none are commercially 
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available and have not been shown to extract membrane proteins from native cell membranes. Chapter 
3 investigates the use of a commercially available poly(styrene-co-maleimide) (SMI) copolymer in 
nanodisc self-assembly under acidic conditions. SMI is capable of solubilizing phospholipids into 
nanodiscs with increased thermodynamic efficiency compared to SMA whilst remaining soluble in the 
presence of low pH or divalent cations. Furthermore, SMI is functional in extraction of membrane 
proteins from E. coli membranes at low pH. However, SMI is less efficient than SMA2000 when 
solubilizations are performed at neutral pH. This identifies a similar trend to that observed in Chapter 2, 
whereby an improved thermodynamic efficiency does not necessarily correlate with improved efficiency 
in the solubilization of biological membranes. 
Interestingly, nanodiscs formed by SMI (SMILPs) show a decreased diameter compared to SMALPs, 
where SMILP diameter can be controlled, to an extent, by variation of the polymer:lipid ratio during 
solubilization. From the data presented in Chapter 3, it is unclear in what manner SMI is stabilizing 
membrane proteins in solution. If the diameter of SMILPs remains constant upon the incorporation of 
membrane proteins, then only proteins with small transmembrane regions would be accommodated. As 
SDS-PAGE showed no selectivity towards molecular weight, it may be the case that SMI is functioning 
more as an amphipol when in the presence of protein. To determine between a nanodisc vs amphipol 
mode of action, various strategies could be applied. For example, lipid profiling of purified SMILP-
solubilized proteins using mass spectrometry or thin layer chromatography would allow detection of 
lipid species which have been co-extracted with the membrane protein of interest, suggesting a nanodisc 
model. Furthermore, structural studies using small-angle neutron scattering (SANS) or cryo-electron 
microscopy would allow for identification of density corresponding to lipid and/or polymer in addition 
to encapsulated protein, which would definitively confirm the mode of action of SMI. 
To date, polymer-stabilized nanodiscs have been considered to represent a static snapshot of the cell 
membrane environment. However, in attempting to align SMALP nanodiscs at lipid interfaces, lipids 
were observed to rapidly exchange between nanodiscs in solution and interfacial lipids without 
adsorption.15 While lipid exchange between SMALPs in solution has been investigated in more 
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detail,16,17 the initial observation raises important questions. Notably, what physicochemical properties 
of SMALPs lead to lipid exchange instead of adsorption and do nanodiscs formed using different 
polymers interact differently with interfacial membranes? 
Chapter 4 addresses these questions by investigating the interactions between nanodiscs formed of 
the polymers characterized in Chapters 2 and 3 and interfacial phospholipid membranes. We were able 
to determine that all nanodiscs investigated exchange phospholipids with the interfacial lipids. However, 
we also obtained evidence of polymers embedding into the interfaces in addition lipid exchange. These 
data challenge the viewpoint of SMALP nanodiscs representing a kinetically trapped snapshot of the 
cell membrane environment. Polymer presence within interfacial membranes suggests that the nanodiscs 
disassemble and re-assemble in a dynamic equilibrium, partitioning amongst the available lipid within 
a system. Therefore, it remains to be seen as to what extent SMALP-solubilized proteins retain their 
native lipid environment. While it is possible that specifically bound lipids will not exchange between 
nanodiscs, this is purely speculative at this stage. In this regard, the slower exchange kinetics observed 
with RAFT-SMA could be utilized to minimize the lipid exchange and allowing analysis of the native-
like lipid environment. Conversely, polymers which exhibit increased lipid exchange, such as 
SMA2000, could be utilized to change the lipid environment of SMALP-solubilized protein in order to 
investigate the influence of lipid composition of protein structure and function. 
The most surprising observation was that of RAFT-SMALPs, which adsorb to supported 
phospholipid bilayers at the Si-water interface. While lipid exchange between the adsorbed nanodiscs 
and the supported bilayer was also observed, these data present the possibility of utilizing RAFT-
SMALPs for structural studies of nanodisc-encapsulated membrane proteins at interfaces. While this 
has been achieved using MSP-nanodiscs, it remains to be seen whether protein incorporation within 
RAFT-SMALPs will interfere with their interfacial adsorption. Furthermore, these results have potential 
pharmaceutical relevance. As RAFT-SMALPs adsorb to supported phospholipid bilayers, this could be 
utilized for interaction studies in drug screening measurements, using surface-sensitive techniques. 
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As a final aspect, Chapter 5 demonstrates the first application of SMALP nanodiscs used as a soluble 
membrane surface, allowing investigation of protein-lipid interactions. The bacterial lipoprotein YraP 
was used as a test case. While YraP is well structurally characterized in the absence of membranes, and 
preliminary evidence supports the capability of YraP to bind specific phospholipid headgroups, its 
function remains unknown. Unexpectedly, a combination of synchrotron radiation circular dichroism 
spectroscopy (SRCD) and SANS revealed that YraP undergoes large-scale structural rearrangements 
upon membrane interaction. Best fits to SANS data were obtained using a an elongated cylinder model. 
Changes to the secondary structure of YraP from SRCD indicated a gain in ß-sheet content. This led to 
the hypothesis that YraP forms amyloid-like fibrils upon interaction with a membrane, which may play 
roles in bacterial cell division. While our in vitro data supports this hypothesis, the precise mode of 
interaction of YraP with membranes could not be determined. In order to provide a more detailed 
structural model, ultra-small-angle neutron scattering (USANS) would be required in order to measure 
at small enough Q values to observe the largest dimension of the particles. However, obtaining precise 
structural models could still be hampered by the difficulty in obtaining an accurate form factor 
describing the YraP-SMALP complex and components thereof. Therefore, direct imaging methods such 
as cryo-electron microscopy would be required to determine the precise interaction between YraP and 
SMALP nanodiscs whilst also providing more detail on the tertiary and quaternary structural changes 
occurring. 
Regardless of the precision of any structural models obtained in vitro, the relevance of YraP 
fibrilization to its in vivo function remains unknown. The observation, or lack thereof, of YraP fibers in 
living cells will provide important evidence as to the biological relevance of the in vitro models obtained 
in this study. Furthermore, it remains unknown what membrane properties, aside from phospholipid 
composition, can modulate the YraP-membrane interaction. X-ray and neutron scattering, combined 
with calorimetric measurements would be able to identify binding affinities of YraP for various model 
membranes whilst being able to observe any YraP-induced perturbations to the membrane structure or 
bilayer integrity.  
CHAPTER 6  
239 
 
In summary, results presented in this study provide answers to some important questions regarding 
the application of polymer stabilized nanodiscs for membrane and membrane protein research, whilst 
opening up further avenues of research which could benefit from polymer-stabilized phospholipid 
nanodiscs. 
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A APPENDIX 
 
SUPPLEMENTARY INFORMATION FOR CHAPTER 2: INFLUENCE OF 
POLY(STYRENE-CO-MALEIC ACID) COPOLYMER STRUCTURE ON THE PROPERTIES 
AND SELF-ASSEMBLY OF SMALP NANODISCS 
 
A.1 SUPPLEMENTARY METHODS 
A.1.1 Polymer Hydrolysis 
Both coSMAnh and altSMAnh were hydrolyzed from the anhydride forms to the acid forms using a 
previously published procedure 1. In brief, a 10 % (w/v) solution of SMAnh in 1 M sodium hydroxide 
was prepared by stirring overnight and then heating under reflux for 2 h. After cooling, the copolymer 
was precipitated with conc. HCl and washed three times with water. The product was re-dissolved in 
0.6 M NaOH and the precipitation and washing procedure repeated before dissolving in a minimal 
volume of 0.6 M NaOH and adjusting to pH 8.0. The final product was freeze dried. Stock solutions 
were prepared from the dry powder and the concentrations determined by constructing a calibration 
curve of UV-absorbance at 254 nm for polymer solutions of known concentration (Figure S3). 
A.1.2 Dynamic light scattering data analysis 
DLS data were analyzed after taking into account the viscosity and refractive index of all buffer 
constituents. A non-negatively constrained least squared function was fit to the measured autocorrelation 
function. This gives an intensity weighted particle size distribution (PSD), assuming spherical particles, 
which is converted to a volume weighted PSD using Mie scattering theory 2,3. A volume weighted PSD 
takes into account the increased scattering of light by larger particles to give a more realistic 
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representation of the particles present. Cumulant analysis was also performed to obtain the Z-average 
diameter and polydispersity index (PDI) 4. It is worth noting that in DLS, the PDI is defined as the square 
of the ratio of the peak value to the width of the Gaussian distribution obtained from cumulant analysis. 
A.1.3 SEC-MALS data analysis 
To analyze the MALS data, we have assumed that the majority of the scattering volume in SMALPs 
is occupied by DMPC. This assumption allows us to use the literature value of the refractive index 
increment, dn/dc, of 0.16 5 and thereby calculate the mass of the particles. This is the only way that the 
mass can be extracted from this data since the refractive index increment of SMA is unknown. We do, 
however, have a good estimate for the number of lipids per nanodisc (from SANS data 6) and can 
compare this to the total volume of a nanodisc (also from SANS). This estimation suggests that lipids 
do indeed occupy 77 % of the total volume of the nanodiscs and so the basis of our assumption is valid. 
As a result, the masses quoted are an estimation and equivalent to particles comprised purely of DMPC. 
Hydrodynamic radius was also calculated by analyzing the experimentally measured autocorrelation 
function by cumulant analysis to give a Z-average Rh. Molar Mass was calculated using ASTRA 
software (Wyatt Technologies, Suffolk, UK) by combining Rayleigh-Gans-Debye scattering theory into 
the Zimm equation 7,8: 
𝐾∗𝑐
𝑅(𝜃, 𝑐)
=
1
𝑀𝑤𝑃(𝜃)
+ 2𝐴2𝑐 
The Zimm equation describes the relationship between the concentration of solute, c, the second 
virial coefficient in the virial expansion for osmotic pressure, 𝐴2 (describing the Brownian motion of 
solute particles), the excess Rayleigh ratio of the solution, R(θ,c), the molar mass of the solute, Mw, the 
angular dependence of scattered light, P(θ) and the constant  𝐾∗. 𝐾∗ describes the refractive index 
increment, 𝑑𝑛/𝑑𝑐, for a given wavelength of incident light, 𝜆0, where: 
𝐾∗ =
4𝜋2(
𝑑𝑛
𝑑𝑐)
2𝑛0
2
𝑁𝑎𝜆0
4  
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A global fit to the Zimm equation is applied across all measured angles to yield the molar mass of 
the solute. In contrast to DLS measurements, in static light scattering experiments, PDI is defined as the 
ratio of Mw/Mn determined using the MALS measurement. 
A.1.4 Isolation of E. coli BL21 (DE3) membranes 
E.coli BL21 (DE3) cultures were inoculated from a single colony on an LB-agar plate and grown in 
15 mL LB at 37 °C for 16 hours. A 1 % (v/v) inoculum was used to inoculate 1 L LB. This culture was 
grown at 37 °C until stationary phase was reached, monitored by measuring absorbance at 600 nm. Cells 
were isolated by centrifugation at 7000  g for 10 minutes at 4 °C. Pelleted cells were washed in PBS 
and resuspended in 3.5 mL lysis buffer (50 mM Tris, 5 % (w/v) glycerol, 2 mM EDTA pH 7.5 containing 
1 Pearce EDTA-free protease inhibitor tablet per 50 mL) per gram of cells at 4 °C. Cells were lysed by 
5 passes through an Emmulsiflex C3 cell disruptor at 4 °C. Cell debris was removed by centrifugation 
at 11000  g for 30 minutes at 4 °C. Supernatant was removed and membranes isolated by 
centrifugation at 100000  g for 60 minutes at 4 °C. Supernatant was removed and membranes weighed. 
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A.2 SUPPLEMENTARY DATA 
 
Figure A.1 A SEC chromatogram showing the retention time of RAFT-synthesized altSMAnh 
compared to polystyrene standards (red line, blue points). The altSMAnh has a number average 
molecular weight, Mn, of 6.0 kDa, a mass averaged molecular weight, Mw, of 6.8 kDa and a 
polydispersity index, PDI, of 1.13. SEC was carried out on an Agilent Technologies 1260 Infinity using 
THF at a flow rate of 1 cm3 min-1 at 35 C with refractive index detection and calibration with 
polystyrene standards.  
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Figure A.2. The 1H-NMR spectrum displays three prominent peaks associated with the polymer. The 
peak at 2.05 ppm is due to acetone. Peaks appearing downfield of 5.5 ppm have been assigned to protons 
bound to aromatic carbons, designated region 1. Peaks appearing between 0 – 4 ppm appear due to 
protons present in aliphatic regions. Protons present on the maleic anhydride moiety have been assigned 
to region 2, while the aliphatic protons of styrene have been assigned to region 3. Sharp peaks upfield 
of the d-acetone solvent peak are due to a combination of unreacted monomeric styrene and maleic 
anhydride and the DDMAT RAFT termination. The ratio of styrene:maleic anhydride can be estimated 
by taking the ratio of integrals for one aromatic proton on styrene to one aliphatic proton on maleic 
anhydride. This yields a ratio of 1.7:1, which is close to the predicted 2:1 ratio given that the spectrum 
will underestimate the amount of maleic anhydride.  
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Figure A.3. UV-Vis spectra of 2 % (w/v) coSMA and altSMA recorded against a background collected 
on 50 mM NaH2PO4 pH 8, 0.2 M NaCl. The spectra of both polymers show a peak at 254 nm, due to 
the presence of styrene 9 which was used to determine the concentration of polymer and nanodiscs 
present compared to the A254 value of polymer solutions of known concentrations. The additional peak 
at 312 nm for altSMA is due to the π→π* electronic transition of the C═S double bond present in the 
trithiocarbonate RAFT end group 10 
 
 
Figure A.4. Representative 31P NMR spectra showing the increase in peak area and slight chemical shift 
induced in response to increasing coSMA (a) and altSMA (b) concentrations added to 7.5 mM DMPC 
small unilamellar vesicle (SUV) suspensions.  
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Figure A.5. Volume weighted PSD data for coSMA (a) and altSMA (b) concentrations below csSOL. 
Lines represent the mean PSD of three separate experiments, each measured in triplicate. Error bars are 
not shown for clarity. In both cases, addition of 0.1 mM coSMA (a) or altSMA (b) induces aggregation 
of the lipids to larger particles. This effect is most noticeable for coSMA, where a highly polydisperse 
distribution of particles is observed. In both cases, as csSOL is approached, lipid aggregates become 
solubilized as the PSD starts to shift towards smaller diameters. At csSOL, a sharp peak is observed for 
both polymers (black line), representing the completion of solubilization 
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Figure A.6. Normalized Rayleigh ratio (R(θ), red trance), normalized UV absorbance at 254 nm (A254 
nm, blue dashed trace) with overlaid molar mass calculations (black trace) for 1.5 % (w/v) coSMA (a), 
and 1.5 % (w/v) altSMA (b) in the absence of lipid. coSMA forms a large aggregate in the absence of 
lipid. This peak is detected by light scattering but also contains substantial UV absorbance, unlike the 
aggregate peak seen with coSMALPs. This suggests coSMA forms larger structures in solution which 
are re-structured into nanodiscs upon interaction with phospholipids. In addition, a peak eluting at a 
larger volume is also observed which also persists after SMALP self-assembly. This supports our peak 
assignments in Figure 4. The peak which we have assigned to coSMALPs is not present (at ~ 12 mL 
elution volume) and the peak eluting at 17 mL is still present, in agreement that this peak is due to 
bundled, extended polymer chains. Interestingly, in the absence of lipids, altSMA also forms a large 
polymer aggregate which elutes at the same volume as the self-assembled altSMALPs. We suggest this 
is a spherical, micellar-like particle, based on the Rg/Rh ratio, which re-structures to form a nanodisc 
upon interaction with phospholipids.  
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Table A.1. Parameters determined from analysis of SEC-MALS data of coSMA and altSMA in the 
absence of phospholipids shown in Figure 2.6 
 
` coSMA altSMA 
Peak elution volume (mL) 8.5 mL 16.5 mL 8.5 mL 
Hydrodynamic diameter (nm) 18.64 ±  0.49 3.68 ± 0.44 17.72 ± 0.10 
Rg (nm) 14.00 ± 0.90 
Insufficient 
scattering intensity 
5.60  ± 0.41 
Rg/Rh 1.50 ± 0.07 
Insufficient 
scattering intensity 
0.63 ± 0.07 
Mw (kDa) 460.70 ± 1.35 20.52 ± 2.51 409.40 ± 0.21 
Mn (kDa) 441.30 ± 1.40 20.07 ± 2.52 393.40 ± 0.20 
Ɖ 1.04 ± 0.01 1.02 ± 0.01 1.04 ± 0.01 
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Figure A.7. DLS data showing the effect of exposing DMPC SMALPs to elevated temperature (a) and 
multiple freeze-thaw cycles (b) on the Z-average diameter. These data are shown in Figure 2.5 and 
plotted here as absolute Z-average diameters, with each point representing the mean of three separate 
experiments with error bars representing ± 1 standard error.  
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Figure A.8. Volume weighted PSD data for coSMALP (a) and altSMALP (b) DMPC nanodiscs 
subjected to repeated freeze-thaw cycles. Lines represent the mean PSD of three separate experiments, 
each measured in triplicate. Error bars are not shown for clarity. These data demonstrate that neither 
DMPC coSMALPs or altSMALPs aggregate or precipitate upon repeated freeze-thaw cycles. 
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B APPENDIX 
 
SUPPLEMENTARY INFORMATION FOR CHAPTER 3: AN ACID COMPATIBLE 
COPOLYMER FOR THE SOLUBILIZATION OF MEMBRANES AND PROTEIN INTO LIPID 
BILAYER-CONTAINING NANOPARTICLES 
 
B.1  SUPPLEMENTARY METHODS 
B.1.1 Negative stain transmission electron microscopy (TEM) 
400 mesh carbon coated Cu grids were glow discharged twice for 15 seconds with a 15 second pause 
between charges. SMILP solutions were diluted to 0.1 mg/mL DMPC, 0.03 % w/v SMI in 50 mM 
NaOAc, 200 mM NaCl, pH 5 and centrifuged at 16,000 × g for 10 minutes to remove particulate 
contaminants. 5 µL of diluted SMILP solutions were added to the glow discharged grids and allowed to 
adsorb for 1 minute. The grids were washed three timed with ultra-pure water and stained twice 
successively for 1 minute with 1 % w/v phosphotungstic acid. Excess liquid was removed from the grids 
at each stage by blotting with filter paper. 
Samples were imaged on a Tecnai T20 twin-lens transmission electron microscope (FEI, 
Cambridgeshire, UK) operating at an accelerating voltage of 200 kV. Images were recorded at a 
magnification of × 62,000 at -1.5 µm under focus. Images were recorded on an Eagle 4k × 4k CCD 
camera (FEI, Cambridgeshire, UK).  
Subsequent image analyses were carried out in ImageJ (FIJI). A total of 1038 particles were analyzed 
from micrographs where staining was of high quality to allow for reliable particle picking. 
B.1.2 Small angle X-ray scattering (SAXS) 
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SMILP samples were prepared as described above, at a final solution concentration of 1.5 wt% SMI, 
with 3, 5 or 7 mg/ml DMPC in a pH 5 acetate buffer containing 0.2 M NaCl. Samples were not gel 
filtered prior to measurement. SMILP solutions, a solution of the SMI polymer alone at 1.5 % (w/v) in 
the same buffer and the buffer were placed in a 96-well plate at 25 C, and loaded into the Arinax 
BioSAXS robot sample changer on the SAXS beamline B21 at Diamond Light Source. Solutions were 
measured using the standard beamline configuration, at 12.4 keV, in a 1mm diameter quartz capillary, 
that was automatically washed, dried, and flushed with buffer before each measurement. Measurements 
were taken as 60 frames of 1 second using a Pilatus 2K detector. The buffer solution was measured 
before and after each sample solution in the same capillary, and background scattering was subtracted 
from the data. Data was measured over a Q range of 0.008 to 0.4 Å-1, calibrated using silver behenate 
and reduced using the data reduction pipeline in DAWN1. 
B.1.3 Fitting of SAXS data 
The data were fitted in the NIST SANS Analysis package (reference: Kline, S. R., Reduction and 
Analysis of SANS and USANS Data using Igor Pro. J Appl. Cryst. 2006, 39 (6), 895.) within Igor Pro 
(Wavemetrics) to a summed model consisting of one component to account for scattering from the 
SMILPs, and one from free polymer in solution. The solutions were not gel filtered prior to measurement 
but subsequent gel filtration measurements indicated the presence of free polymer. Therefore, scattering 
from the polymer in solution, which had been measured separately under the same buffer, salt and 
polymer concentrations (0.2 M NaCl, 50 mM acetate buffer, 1.5 % (w/v)  polymer) was added to the 
scattering from the SMILPs. The dimensions of the polymer aggregates in polymer-only solutions in the 
same buffer were initially fitted to an ellipse model2. The values obtained for the radii of the polymer-
only aggregates were then initially held during fitting of the scattering from the SMILP solutions. The 
scale factor (proportional to the relative concentration of these polymer-only objects) was allowed to 
vary. The SMILP component of the scattering was fitted to the polydisperse core-shell bicelle model3 
previously used for fitting scattering data from SMALPs4. This model, shown in Figure B.3, contains a 
central cylindrical lipid bilayer region (core) modeled as an inner cylinder region composed of the lipid 
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tails, with a layer at each end corresponding to the hydrated lipid headgroups. The hydrated polymer 
encircling the lipid bilayer is modelled as a concentric cylindrical layer (belt), extending the full height 
of the tail region of the bilayer but not covering the headgroup layers. As final refinement of the fitting, 
parameters for scale and bicelle model were held and parameters of the ellipsoid allowed to vary. The 
size of the polymer aggregates decreased compared to those of the free polymer alone in solution, which 
is expected: due to the loss of some  of the polymer into the nanodiscs. The amount of free polymer in 
solution therefore decreased, decreasing the size of the structures.  
During fitting as many parameters as possible were pre-calculated and held, to reduce the number of 
free parameters in the model. The scattering length density of the SMI polymer, the lipid tails, lipid 
headgroups and the solvent were all calculated and held during fitting (see Table B.1) while the lipid 
tail thickness and headgroup thickness were set to values previously determined for DMPC bilayers5. 
The background was set using the observed experimental background at high Q. The fitted parameters 
were therefore the scale factor for the ellipsoid model corresponding to the free polymer, and for the 
bicelle model, the scale factor, the core radius, the polydispersity in the core radius, the belt thickness 
and belt region scattering length density were fitted. Errors in fitted quantities were determined by 
observing the effect of variation of the fitted parameters and correspond to the amount of variation 
possible before the quality of the fit became worse, determined by an increase in the minimized chi-
squared parameter. From the fitting of the belt region scattering length density it is possible to calculate 
the hydration of the belt as a linear combination of the scattering length density of both polymer and 
solvent. The hydration of the polymer belt is found to be ~56%. 
B.1.4 Purification of SMALP-solubilized and SMILP-solubilized E. coli ZipA 
Expression and purification of ZipA protein using SMA 2000 polymer was carried out as described 
previously6. Briefly, ZipA was overexpressed in BL21 E.coli, membranes harvested and solubilized at 
30 mg/ml wet weight with 2.5% (w/v) SMA 2000 in buffer A (20mM Tris, 150mM NaCl, pH 8.0). 
Solubilized protein was harvested by ultracentrifugation (100,000g, 20 min, 4°C), and mixed with Ni-
NTA resin (100 μl bed volume per ml solubilized protein) overnight at 4°C. Resin was washed 5 times 
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with 10 bed volumes of buffer A supplemented with 20mM imidazole, then twice with 10 bed volumes 
of buffer A supplemented with 40mM imidazole. ZipA was eluted in 6 fractions of 0.5 bed volume using 
buffer A supplemented with 200mM imidazole. Solubilization and purification using SMI 2000 was the 
same except that all buffers were at pH 6.5 and the concentration of NaCl was increased to 300mM. 
Elution fractions were analyzed by SDS-PAGE as described above. 
B.1.5 HEK 293T cell culture and transfection 
HEK 293T cells were routinely cultured in Dulbecco’s modified Eagles medium (DMEM) 
containing L-glutamine (2 mM), D-glucose (4500 mg/l) and sodium pyruvate (1 mM) supplemented 
with 10 % (v/v) fetal calf serum (FCS) in humidified 5 % (v/v) CO2 in air at 37 C. For radioligand 
binding assays, cells were seeded at a density of 5 x 105 cells/100 mm dish and transfected after 48 h. 
Transfection was essentially as described previously7. Briefly, cells were transfected with either human 
A2AR or human V1aR cDNA in pcDNA3.1(+) using a mixture of 5 µg DNA, 60 µl polyethyleneimine 
(10 mM) and 1 ml 5 % glucose solution, which was incubated for 30 min at room temperature before 
addition to an appropriate final volume of full media. GPCR-expressing HEK 293T cells were used 48 
h post-transfection. 
B.1.6 Radioligand binding assays 
Binding assays with A2AR used [3H]ZM241385 (1 nM) as tracer and for the V1aR [3H]AVP (1 nM) 
was used as tracer. Non-specific binding was defined in a parallel incubation containing a saturating 
concentration (1 µM) of unlabeled ZM241385 or AVP, respectively. Radioligand alone (for determining 
total binding), or radioligand plus unlabeled competing ligand (for determining non-specific binding), 
was added to the culture medium of HEK 293T cells transiently expressing either A2AR or V1aR 48 h 
post-transfection and incubated at 37 °C . After incubation for 30 min for A2AR-expressing membranes 
or 90 min for V1aR-expressing membranes to establish equilibrium, the medium was removed and cells 
washed three times with ice-cold PBS. Receptors were SMI-solubilized by addition of 1 ml of 20 mM 
HEPES, 1 mM EGTA, 1 mM magnesium acetate pH 7.4 with 5 % (w/v) SMI, 5 units/ml of benzonase 
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supplemented by the Roche cOmplete (EDTA-free) protease inhibitor cocktail and incubated for 1 h at 
37 °C before centrifugation at 100,000 x g for 1 h. The extracted A2AR-SMILP and V1aR-SMILP were 
present in the supernatant. Bound ligand in samples of supernatant was quantified by liquid scintillation 
counting using a PerkinElmer Tri-Carb 2810 TR liquid scintillation analyzer with HiSafe3 (Perkin 
Elmer, Wokingham) as cocktail. Specific binding to the SMI-solubilized receptors was calculated by 
subtracting non-specific binding from total binding. 
B.2  SUPPLEMENTARY DATA 
 
Figure B.1. Volume weighted particle size distribution data measured using DLS at SMI concentrations 
below the polymer concentration required to initiate solubilization of 7.5 mM DMPC, cSSAT, the 
saturation boundary. Before the addition of SMI, DMPC is present as small unilamellar vesicles. Upon 
addition of low concentrations of SMI below cSSAT (0.1 mM SMI), SMI induces aggregation of DMPC. 
As cSSAT is surpassed, the distribution shifts towards smaller diameters. As cSSOL is approached, a sharp 
peak of a smaller hydrodynamic diameter (Dh) appears as the proportion of DMPC present as SMILPs 
increases.  
APPENDIX B  
257 
 
Table B.1. Fitting parameters used to fit SAXS data of SMILPs to a model of a poly-core bicelle. To 
account for free polymer in solution, this model was merged with that for an ellipsoid. Parameters 
marked with * were fixed throughout the fitting procedure. 
 
Model [DMPC] / mg/mL 7 5 3 
Molar Ratio 
SMI:DMPC 
0.54 0.75 1.26 
P
o
ly
-c
o
re
 b
ic
el
le
 
Scale (2.9 ± 0.5) ×10-12 (2.5 ± 0.5) ×10-12 (5.0 ± 0.5) ×10-12 
Core Radius/ Å 12 ± 2 10 ± 2 7 ± 2 
Polydispersity Index 0.18 ± 0.02 0.18 ± 0.02 0.18 ± 0.02 
Core Length/ Å 27.56 * 
SMI belt Thickness/ Å 16 ± 2 18 ± 2 17 ± 2 
Headgroup Thickness/ 
Å 
8.00 * 
Scattering Length 
Density (SLD) Core/ 
×10-6 Å-2 
8.00 * 
SLD Headgroup/  
×10-6 Å-2 
12.70 * 
SLD SMI Belt/ 
×10-6 Å-2 
10 ± 1 
SLD Solvent/  
×10-6 Å-2 
9.46 * 
Incoherent 
Background/ cm-1 7.00 ×10-13 * 2.00 ×10-13 * 4.00 ×10-13 * 
E
ll
ip
so
id
 
Scale (7.2 ± 0.5) ×10-13 (6.0 ± 0.5) ×10-13 (2.1 ± 0.5) ×10-12 
Radius (a) rotation  
axis/ Å 10 ± 2 10 ± 2 5 ± 2 
Radius (b) axis/ Å 11 ± 2 11 ± 2 13 ± 2 
SLD Free SMI/ ×10-6 Å-2 10.90 * 
SLD Solvent/ ×10-6 Å-2 9.46 * 
Incoherent  
Background/ cm-1 0.00 * 
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Figure B.2. A rendered representation of the poly-core bicelle model used to fit SAXS data with the 
labelled dimensions corresponding to parameters in Table B.1. 
 
Table B.2. Parameters obtained through analysis of SEC-MALS chromatograms of SMI and SMILPs 
formed at three different SMI:DMPC ratios shown in Figure 3.3e. 
 
DMPC concentration /mg ml-1 0 3 5 7 
Molar ratio 
[SMI]:[DMPC] N/A 1.26 0.75 0.54 
MW / kDa 34.2 ± 0.8 91.4 ± 0.7 
117.6 ± 
0.3 
139.8 ± 
0.3 
Mn / kDa 33.5 ± 0.8 90.0 ± 0.7 
115.9 ± 
0.3 
138.2 ± 
0.3 
PDI 
1.02 ± 
0.03 
1.02 ± 
0.01 
1.02 ± 
0.01 
1.01 ± 
0.01 
Hydrodynamic Diameter / nm 
5.10 ± 
0.31 
7.24 ± 
0.25 
8.04 ± 
0.23 
8.64 ± 
0.21 
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Figure B.3. DLS particle size distribution data for SMILP nanodiscs subjected to successive freeze-
thaw cycles. After 10 freeze-thaw cycles, only a small shift of the distribution was observed. No large 
aggregates were observed, suggesting that SMILPs remain intact through multiple freeze-thaw cycles. 
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C APPENDIX 
 
SUPPLEMENTARY INFORMATION FOR CHAPTER 4: A STRUCTURAL AND 
KINETIC INVESTIGATION OF THE INTERACTIONS OF POLYMER-STABILIZED 
PHOSPHOLIPID NANODISCS WITH INTERFACIAL PHOSPHOLIPID MEMBRANES 
 
C.1 SUPPLEMENTARY DATA 
 
 
Figure C.1. Representative SEC chromatograms of (a) DMPC SMALP, (b) DMPC SMILP and (c) 
DMPC RAFT-SMALP purifications. Fractions taken are shown as shaded regions bound by dashed 
vertical lines. 
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Figure C.2. DLS particle size distributions by scattering intensity percentage for (a) SMALPs, (b) 
SMILPs and (c) RAFT SMALPs containing either fully hydrogenated DMPC (hDMPC - blue lines) or 
tail-deuterated DMPC (dDMPC - red lines). In each case, incorporation of tail deuterated DMPC into to 
the nanodisc structure does not cause any observed change in hydrodynamic diameter. This suggests 
that our assumption throughout this study of the structural equivalence of hDMPC and dDMPC-
containing nanodiscs is valid.  
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D APPENDIX 
 
SUPPLEMENTARY INFORMATION FOR CHAPTER 5: SMALP NANODISCS PROVIDE 
A SOLUBLE MEMBRANE SURFACE FOR STRUCTURAL CHARACTERIZATION OF 
LIPID-BINDING PROTEIN YRAP UNDERGOING NANODISC-INDUCED 
FIBRILIZATION 
 
D.1 SUPPLEMENTARY DATA 
Figure D.1. MALDI-TOF mass spectrometry results displaying the mass of hydrogenated YraP (hYraP, 
red, bottom) and deuterated YraP (dYraP, blue, top) 
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Figure D.2. Heteronuclear single quantum coherence (HSQC) spectroscopy-derived chemical shift 
perturbations experienced by backbone 15N nuclei in YraP upon incubation with 20 mM 
phosphatidylglycerol (PG, grey bars), phosphatidylcholine (PC, blue bars), cardiolipin (CL, red bars) 
and phosphatidylethanolamine (PE, green bars). Residues which are involved in binding lipid 
headgroups experience a modification to their local chemical environment, leading to an observed 
perturbation to the chemical shift of the backbone 15N nucleus in each residue. 
 
